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Microalgae are versatile photosynthetic production platforms for recombinant 
proteins, nutritional commodities, and biofuels. The demand for liquid transportation 
fuels has recently propelled these organisms to the forefront of the bioenergy stage. 
While algal biomass is poised to become a widely recognized feedstock, existing 
bioprocessing challenges continue to limit its full production potential at large scales. 
This dissertation offers an analysis of the engineering approaches that have 
previously guided algae farm development in order to inform future process design at 
the scales necessary for biofuel applications. Ultimately, the findings confront 
conventional microalgal cultivation by exploring novel methodologies to increase oil 
yield, integrate alternative sources of nutrients, and minimize water usage. 
In order to quantify resource demands for algal biofuels using conventional raceway 
ponds, technoeconomic modeling identified carbon dioxide (CO2) sourcing logistics, 
lipid content, and water handling as the major factors affecting cost of production. 
To address CO2 feedstock availability, integrated algae production using biogenic 
CO2 from an ethanol biorefinery was assessed. Together, these models predicted the 
cost of unrefined algal oil to be $10–40 gal-1 at baseline biomass productivities of 15–
20 g m-2 d-1 and 25% total extractable lipids. The technical and economic obstacles 
associated with both production scenarios motivated experimental work to increase 
cellular lipid content with strategic nutrient supplementation and explore the 





By investigating the differential impact of light and organic carbon on microalgal 
lipid composition, a species selection pipeline focused on strains with the potential to 
accumulate triacylglycerol (TAG) as a biofuel precursor. From a collection of over 
thirty phylogenetically distinct Chlorella strains, C. sorokiniana UTEX 1230 was 
chosen based on its robust autotrophic growth and enrichment with TAG during 
heterotrophy— as much as 90% of the total lipid fraction. However, its lipid 
productivity was suppressed under mixotrophic conditions with light and glucose. 
This constraint on carbon flux offered insights into the metabolic regulation of lipid 
biosynthesis in this organism and prompted further analysis of two-stage 
bioprocessing to maximize TAG yield. 
Finally, to improve the volumetric efficiency of algal cultivation, photosynthetic 
biofilms were examined as an alternative to suspension culture. The formation of 
algal monolayers on membranes was improved 8-fold by employing protein-mediated 
cellular attachments. To encourage multi-layer outgrowth, natural microbial 
communities containing filamentous cyanobacteria were studied as potential scaffolds 
for biofilm architectures. The spatial and temporal dynamics of unicellular algal 
growth and migration within these biofilm microenvironments were characterized 
using molecular genetic tools and fluorescent microscopy to resolve cellular-level 
detail. Ultimately, immobilized biofilms inhabited by C. sorokiniana UTEX 1230 
reached a maximal thickness of 150 !m and achieved areal productivities comparable 





Collectively, the results in this thesis address bioprocessing bottlenecks associated 
with algal cultivation by increasing oil content and reducing water requirements. By 
investigating the influence of nutrient regimes on algal lipid composition and 
interrogating the fate of single algal cells within biofilms, this dissertation connects 
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Everything that lives, lives not alone, nor for itself. 







1           
AN INTRODUCTION TO THE 
CHALLENGES FACING ALGAL 
BIOFUEL PRODUCTION‡ 
 
By following the contours that civilization has carved into the global energy 
landscape, current societal and economic growth indicate that we are approaching 
perhaps the steepest gradient in energy production to date. The rise of developing 
nations coupled with an accelerating expansion of the global population to at least 9 
billion by 2050 correlate to an increase in energy use from 533 quadrillion (1015) kJ 
in 2008 to 812 quadrillion kJ by 2035 in order to sustain human activity [1 " 1015 kJ 
! 4 million transatlantic jet flights] (CHAMIE 2004). Moreover, the environmental 
concerns related to carbon emissions and other forms of pollution from fossil fuels 
                                                       
‡ This chapter contains excerpts from papers by ROSENBERG et al. 2011 and ROGERS, ROSENBERG et al. 2014 
that appeared in BIOMASS & BIOENERGY and ALGAL RESEARCH, respectively. Portions of these works are 
reprinted here with permission from the publishers (Appendix A). Since the ALGAL RESEARCH article is 
available by open access, its reproduction is attributed to a Creative Commons License. 
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add complexity to this energy challenge. From a 4 million year old process 
condensing prehistoric biomass into energy-rich deposits to the discoveries and 
innovations in crude oil recovery over the past 400 years, it is now predicted that we 
may have only 40 years to wean ourselves from this expendable resource and develop 
sustainable alternatives (HANSEN et al. 2005). Accordingly, fossil fuel production in 
the United States is predicted to decline while renewables will continue to grow from 
8% to 14% by 2035 as a result of State and Federal renewable energy portfolio 
programs (e.g., Federal Renewable Fuels Standard) ((ENERGY INFORMATION 
ADMINISTRATION 2012). 
It is well known that photosynthetic biomass can contribute a significant amount of 
renewable fuel while also assimilating carbon dioxide (CO2). In the United States, 
the current goal for industrial CO2 emission reduction is 17% by 2020, which can be 
accomplished by replacing fossil fuels with “carbon neutral” biofuels. However, 
current projections show energy-related CO2 emissions in 2020 to reach only 9% 
below their 2005 level (ENERGY INFORMATION ADMINISTRATION 2013). As such, there 
is a need for intensified development of biofuel feedstocks (e.g., starch and oilseed 
crops; cellulosic biomass; and microalgae) in order to meet this milestone within the 
coming years. In 2010, liquid biofuels represented only 1% of the total U.S. fuel 
portfolio but are expected to reach 4% by 2035 with nearly all consumption 
attributed to the transportation sector (ENERGY INFORMATION ADMINISTRATION 
2012). In addition to technical obstacles facing sustainable biofuel development 
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(BAZILIAN et al. 2013), these next-generation liquid fuels must compete with the 
sheer magnitude of energy required for travel and transit. 
1.1 Anthropogenic energy networks and demand for transportation fuels 
Like a living organism whose body and organs are nourished by a vascular system, 
the vital fluid that supports our global economy is petroleum. Liquid transportation 
fuels for air-, sea-, and land vehicles each require unique fractions of crude oil 
distillates, which has enabled a steady increase in international shipments to reach 
over 25 million tons of air cargo and 8 billions tons of exports by boat in 2007 (U.S. 
DEPARTMENT OF TRANSPORTATION 2010). Aside from the cost of the goods that are 
bought and sold, the amount of energy that is exchanged during these transactions is 
enormous— each ton of air freight can require as much as 15,000 kJ per mile [1,000 
kJ ! 7 hours of illumination from a 40-watt light bulb] (CUSHMAN-ROISIN 2012). 
While the exact amount of energy required for moving freight depends heavily on the 
mode of transport, the worldwide energy expenditure for shipping is still perhaps the 
most underappreciated form of currency, but carries a long history of technological 
development that once captivated our nation. 
In the 1600s, the discovery of coal deposits in the U.S. along the Illinois River led to 
the first major commercial mining operations, permitting cross-country freight transit 
by railroad steam engines and eventually widespread electricity generation (NICOLLS 
1904). Compared to wood with an energy density of roughly 15,000 kJ per kg, coal is 
a more effective solid fuel at 25,000 kJ per kg and incredibly abundant with nearly 
850 billion tons of reserves— sufficient for over 100 years of electricity at current 
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global consumption rates. Coal now accounts for 56% of the U.S. electric supply and 
contributes 93%, 80%, and 43% of the U.S. SOx, NOx, and CO2 emissions, 
respectively (SPATH et al. 1999). For land-based transportation, the transition from a 
solid to liquid fuels with energy densities between 45,000–47,000 kJ per kg greatly 
changed the pace of travel and its accessibility for individual use and personal 
leisure. This paradigm shift was largely pioneered by Rudolph Diesel’s engine in the 
late 1890s, which has led to contemporary internal combustion and jet engines 
(DIESEL 1898). Within the past 20 years, this inertia has propelled us into the next 
era of energy commerce with electric and hybrid personal vehicles employing lithium 
ion batteries. Compared to the previous linear progression of fossil fuels, our energy 
web is becoming increasingly tangled, since much of the domestic U.S. electricity is 
generated by burning coal (at 30% efficiency). While electric engines will continue to 
mature as a means of travel, they may never be a practical fuel alternative for 
aviation or maritime shipping and are still faced with their own sustainability issues 
(e.g., the carbon footprint of rare metal batteries). 
It is evident from recent trends in the crude oil market that the price-point of 
petroleum is not expected to decrease (Figure 1) while the volume of transportation 
may even intensify (VAN ATTEN et al. 2012). In addition to obvious economic 
implications, the interdependent factors of oil supply and demand further accentuate 
the need for conscientious decisions about fossil fuel emissions that may affect the 
environment. Regardless of proposed carbon taxes, cap-and-trade, or any other credit 
programs that may be able to regulate the CO2 market going forward, the 
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Intergovernmental Panel on Climate Change has declared that human activity is 
“extremely likely” to be the “dominant” cause of climate change. This statement may 
finally help to motivate a targeted 80% reduction in worldwide greenhouse gas 








Figure 1. Comparative trends in fossil fuel cost normalized to electricity 
generation (1 Btu ! 1.06 kJ). Since 1999, the market value of coal has remained 
relatively constant while the prices of petroleum and natural gas have experienced 
significant volatility. In 2005, for example, the price of coal was $1.54 while 
petroleum and natural gas were sold at $7.59 and $8.21 per million Btu, respectively. 
Since 2010, petroleum and natural gas prices have experienced a dramatic divergence 
with petroleum reaching nearly $25 per million Btu while natural gas continues to 
approach the current cost of coal ($2.50 per million Btu). Plotted data originates 
from the U.S. Energy Information Administration, Electric Power Annual 2010 Data 




















As an alternative to petroleum and coal, natural gas has recently gained attention as 
an exceedingly abundant domestic energy source for electricity generation that burns 
cleaner than coal, diesel, or gasoline in terms of SOx, NOx, and CO2 and possesses 
additional benefits of fewer particulates and heavy metals (ENERGY INFORMATION 
ADMINISTRATION 2011). The availability of roughly 827 trillion cubic feet (TCF) of 
natural gas in the U.S. may reign in a new era of inexpensive and abundant fuel to 
different energy sectors; the current U.S. demand for natural gas is 22 TCF per year 
(ENERGY INFORMATION ADMINISTRATION 2011). While natural gas consumption is 
expected to steadily increase by 0.4% each year— ultimately reaching 26% of U.S. 
energy use in 2035 —the environmental impact of hydraulic fracturing (so-called 
“fracking”) required to release shale gas is still a topic of political debate when 
balancing the advantages of energy independence with the risks of ecological damage. 
For transportation, renewable diesel and gasoline alternatives are still anticipated to 
bridge the gap between combustion and compressed/liquid natural gas vehicles. 
1.1.1 Biorenewables as alternative liquid fuels 
In the broadest sense, our entire energy landscape has been shaped by solar energy. 
Fossil fuels are derived from prehistoric plant material; biofuel feedstocks are 
comprised of modern bioenergy crops and cellulosic residuals. There are essentially 
no forms of energy that the sun has not touched at some point in history. In recent 
decades, domestic biofuel production has evolved far beyond Rudolph Diesel’s 
original concept of using peanut oil in his engine (DIESEL 1898). Many types of 
biofuel feedstocks have been developed and evaluated from a sustainability 
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perspective, beginning with the first generation of liquid biofuels produced from 
existing terrestrial crops, such as corn and soy for ethanol and biodiesel blends, 
respectively. In order to avoid the competition between food and fuel, second-
generation biofuels rely on cellulose-based plant material rather than grains or oil 
seeds. By thermochemical or enzymatic means, cellulosic biomass, such as wood 
fibers and grasses, could be deconstructed to produce sugars from the cellulose 
(LEWANDOWSKI et al. 2003; LEBOREIRO & HILALY 2013). The liberated sugars can 
ultimately be used as a substrate for microbial fermentation to produce alcohols or 
other hydrocarbons (SINGH et al. 2013). Third-generation biofuels depend on non-
terrestrial (typically microbial) platforms of producing liquid hydrocarbons directly, 
or indirectly, from concentrated sources of CO2 (LI-BEISSON & PELTIER 2013; AHMAD 
et al. 2011). 
One of the major contributions to climate instability comes from the increasing levels 
of CO2 in the atmosphere. If left unresolved, this may pass a critical point, after 
which our efforts to solve this problem will be ineffective (MCKIBBEN 2008). Since it 
is well known that fossil fuels are significant contributors to greenhouse gas (GHG) 
emissions, advanced biofuels represent a positive step toward a more environmentally 
sound approach to transportation. While biofuels may ease this inevitable energy 
transition, they are certainly not a single solution for climate change. It is important 
to note that unless biomass grown on concentrated sources of industrial CO2 is 
converted to a non-combustible state, biofuel production does not mitigate CO2 
emissions. Third-generation biofuel feedstocks can, however, leverage a second round 
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of combustion from CO2 that would otherwise be released to the atmosphere. 
As a third-generation biofuel feedstock, algae are perhaps the most prolific source of 
plant biomass on the planet and have upheld this reputation for millions of years. As 
a testament to their photosynthetic capacity, the crude oil and coal deposits that 
exist today are the result of prehistoric algae blooms that once flourished in ancient 
oceans. In particular, the once swamp-like environment of the Western Interior 
Seaway that supported rich aquatic vegetation over 100 million years ago is now 
mined for coal and petroleum in North America (NICOLLS 1904). In the same way 
that algae and other aquatic organisms assimilated carbon from an ancient CO2-rich 
atmosphere, the opportunity to recapitulate this process with the controlled 
cultivation of microalgae on large-scale farms offers a unique opportunity to enhance 
domestic energy production. 
Microalgae have been promoted as one of the more promising third-generation 
biofuels and possess the hallmarks of a sustainable feedstock. Each algal cell 
functions as a microscopic biological factory to convert sunlight, CO2, and nutrients 
(nitrogen and phosphorus) into plant-like biomass with many benefits over terrestrial 
crops. The unicellular structure of microalgae allows for rapid growth rates without 
the need for roots, shoots, or leaves, so much of the CO2 fixed by photosynthesis can 
be stored as lipids, such as triacylglycerol (TAG). Unlike terrestrial bioenergy crops, 
microalgae do not require fertile land with extensive irrigation and can be harvested 
continuously. Several species of algae provide an alternative to freshwater cultivation 




As the foundation of aquatic food chains, microalgae are also primary producers of 
biomolecules with high nutritional value, such as antioxidant pigments, edible 
proteins, and nutraceutical oils that other crops lack (SPOLAORE et al. 2006). As 
such, these photosynthetic organisms have been commercially cultivated for protein, 
oils, and pigments for over five decades, particularly for use in aquaculture feeds. 
Microalgae are now poised to be a mainstay of sustainable bioprocessing for their 
ability to use agricultural residues and generate renewable oils that can be converted 
to petroleum-like “drop-in” biofuels (ROSENBERG et al. 2008). 
1.2 Toward a feasible proposition for sustainable algal biofuel production 
Despite the general public awareness of the various biological sources of liquid fuels 
and their potential contribution to GHG reduction (JENSEN & ANDERSON 2013), 
there remains little consensus on the lifecycle analyses (LCA) of many biofuels. 
Although there is some debate surrounding the “carbon neutrality” of biofuels in 
general, algae offer significant advantages as a source of aquatic biomass that can be 
cultivated where terrestrial bioenergy crops cannot (WILEY et al. 2013). As shown in 
Figure 2, some of the most recently compiled information on biofuel technoeconomics 
suggests that algae have a marginally positive energy return on investment (EROI > 
1), but not nearly as favorable as fossil fuels or cellulosic ethanol (NATIONAL 
RESEARCH COUNCIL 2012). It is evident that algal feedstocks still require substantial 
research and development before they can compete in the bioenergy arena. For 
commodity-scale production of any biofuel, the choice between terrestrial, microbial, 
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and aquatic crops also depends strongly on the target compounds and balance 
between natural metabolic traits of the host and tools available for genetic 
improvement. To this end, another in-depth LCA and environmental performance 
assessment for a variety of algal biofuel production scenarios was able to quantify the 
GHG emissions that are contributed from each stage of the cultivation, harvesting, 
and extraction processes (VASUDEVAN et al. 2012) in order to demonstrate which 
production pathways can lead to greater reductions in GHG emissions. The most 
ideal cases, however, rely on biotechnological improvement of the algal organism, 
including genetic engineering of oil secretion capabilities (DEVROE et al. 2010), which 
may not be possible with other crops. The inherent metabolic versatility of algae is 
certainly attractive; however, genetic improvement of strains will likely face 





Figure 2. A comparison of energy return on investment (EROI) for a 
variety of biofuels as well as fossil fuel. A key determinant of the overall 
feasibility of fuel production pathways is the EROI. Despite relative uncertainties 
associated with each production process, this figure illustrates the superior energy 
value of petroleum-based fuel relative to the energy required to unearth this resource. 
Conversely, biofuels are listed in descending order of EROI with corn and algal-based 
fuels barely surpassing the critical threshold of EROI = 1. Error lines associated with 
each data point represent one standard deviation from the mean. (NATIONAL 
RESEARCH COUNCIL 2012). Reprinted with permission from the National Academy of 
Sciences report entitled Sustainable Development of Algal Biofuels in the United 
States (2012). Courtesy of the National Academies Press, Washington DC. 
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Within the past five years, some of the first large-scale algal biofuel production 
facilities have broken ground in the U.S. (Table 1). While these operations act as 
beacons to guide the path of advanced algal biofuel development, the lack of 
uniformity in technology and crop still makes it difficult to evaluate their impact. 
Although there is well-documented literature on the domestication of algal species for 
natural products as well as applied biological and engineering research to improve 
PBR and pond design, these organisms have yet to gain full traction at large scales. 
As in many bioprocessing and biotechnology fields, commercial ventures exploring 
algal biofuel production appear to be moving at an accelerated rate compared to 
academic research. However, it has been proposed that some of the most effective 
steps forward can be achieved through the synergies of public-private partnerships, 
as evidenced by the formation of a number of national consortia for algae biofuel 
development and academic testbeds— e.g., the National Alliance for Advanced 
Biofuels and Bioproducts (NAABB), the Algae Testbed Public-Private Partnership 
(ATP3), and the Consortium for Algal Biofuels Commercialization (CAB-Comm). 
These strategic partnerships underscore the need for government subsidies at this 
early stage in an emerging field. While the instigation of both public and private 
acceptance of microalgal feedstocks has also taken time, recent legislation finally 
considers algae a “qualified feedstock,” making algae-derived biofuels eligible for $1.01 
tax credit per gallon (Section 40 of United States Code). Previously, algae-based 
feedstocks were specifically excluded from the U.S. Farm Bill, despite lobbying 
efforts seeking to allow algae projects to be eligible for additional support. 
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Nonetheless, the reluctance to fully accept microalgae as a viable feedstock is 
warranted due to photosynthetic constraints and bioprocessing challenges related to 
large-scale cultivation of microbes in water. Furthermore, geographic site selection 
based on climate and resource availability critically impacts the feasibility of algae 
farms. Many commercial ventures have chosen New Mexico as a preferred location 
for microalgal biofuel production due to its flat geography, warm climate, and high 
levels of year-round solar irradiance. In September of 2012, Joule Unlimited 
Technologies piloted its SunSpringsTM technology for bioethanol production in 
Hobbs, NM using bioengineered cyanobacteria to secrete ethanol into the aqueous 
media. A similar technology developed by Algenol Biofuels is poised for commercial-
scale deployment in Florida and Texas. Sapphire Energy is another algae biofuel 
company with focusing on the production of biofuel from algae as opposed to co-
products in a more flexible biorefinery model (SABARSKY 2010; LIU et al. 2013). 
Sapphire is currently constructing its first large-scale plant in Columbus, NM with a 




Company Location Technology 
Algae Systems Daphne, AL Offshore membrane enclosed algae growth 
Algae to Omega Oakland Park, FL Closed bioreactors for oils and supplements 
Algenol Fort Myers, FL* Photosynthetic ethanol secretion in PBR 
Aurora Algae Hayward, CA Strain development for food, feed, & fuel 
BioProcess Algae Shenandoah, IA Solid-phase growth, integrated biorefinery 
Cellana Kona, HI Hybrid system for biofuel and fishfeed 
Cyanotech Kona, HI Open ponds for high-value nutritionals 
Earthrise Farms Irvine, CA Nutritional algae in 4-ha raceway ponds 
Heliae Gilbert, AZ Modular ponds for mixotrophic growth 
Hydromentia Tampa, FL Benthic algal turf scrubber, bioremediation 
Joule Unlimited Hobbs, NM* Photosynthetic biofuel secretion in PBR 
Martek/DSM Columbia, MD Heterotrophic algae for nutrition & biofuels 
Phycal Highland Heights, OH Biofuels from auto/hetero algae, cassava 
Sapphire Energy Columbus, NM* Open raceway ponds for green crude 
Solazyme Peoria, IL* Heterotrophic algae for nutritional oils 
Triton San Diego, CA Strain engineering, recombinant proteins 
University   
Arizona State University Mesa, AZ Outdoor raceway ponds and PBRs 
California Polytechnic San Luis Obispo, CA Algae biofuel from wastewater 
New Mexico State University Las Crusas, NM Geothermal greenhouse testbed 
UC-San Diego La Jolla, CA* Outdoor raceway ponds and PBRs 
Table 1. Industrial and academic operations exploring research, 
development, and commercialization of algae biotechnologies. This list of 
companies and universities with large-scale facilities in the United States showcases 
sites that have received regulatory approval for outdoor field testing and commercial 
production (*). The demonstration-scale academic testbeds are also examining 
alternative pathways to algal biomass production in parallel. Adapted from 
ROSENBERG et al. 2014. 
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1.2.1 Established methods of microalgal cultivation for biofuels 
Cyanobacteria and microalgae include countless species and strains that are adept at 
surviving in diverse habitats (TIRICHINE & BOWLER 2011). As a result, these 
microbes have evolved unique and versatile metabolic functions, which give rise to 
varying biomass compositions (SINGH et al. 2013). Over the past five decades, 
various classes of metabolites produced by algae have been used as animal-free 
nutritional additives and high-value pigments for cosmetics and biotechnology (PULZ 
& GROSS 2004). Unlike most microbial feedstocks that are produced exclusively in 
closed bioreactors with heterotrophic fermentation, algae prosper from open-air 
cultivation where sunlight is readily available. With these simple growth 
requirements of CO2 and sunlight, photosynthetic microbes exhibit fast growth rates 
and produce biomass that is “generally regarded as safe” (GRAS) for human 
consumption. As such, natural products derived from algae have contributed to 
markets including fish feed, human nutritional supplements, and cosmetic pigments, 
as well as specialty chemicals for research purposes (ROSENBERG et al. 2008). A 
number of different photosynthetic microalgal species have been cultivated 
commercially for both nutritional applications and the production of unique fine 
biochemicals. Some genera, including Haematococcus, Dunaliella, and Chlorella have 
the capacity to produce high-value carotenoids, such as #-carotene, lutein, and 
astaxanthin, which have been shown to provide various health benefits as powerful 
antioxidants (FERNANDEZ-SEVILLA et al. 2010; BARBOSA et al. 2005; LORENZ & 
CYSEWSKI 2000). Beta-carotene and astaxanthin have been demonstrated to limit the 
ability of free radicals to damage cells (RAO et al. 2007; GUERIN et al. 2003). Most 
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people would recognize astaxanthin as the pigment that adds red color to 
crustaceans; the pink flesh of salmon is another example (DUFOSSÉ 2007). Spirulina 
specie have also been cultivated historically as a protein-rich food supplement and 
aquaculture feed additive (RADMER & PARKER 1993). The success of these species is 
largely attributed to their low-cost culturing systems as well as their ability to grown 
in extreme conditions. Spirulina can grow in highly alkaline conditions with a pH as 
high as 10, while D. salina can withstand highly saline conditions ten-fold greater 
than seawater (WELDY & HUESEMANN 2007). 
In the United States, algae have been typically grown in the southwest to produce 
edible biomass and nutraceuticals (OLAIZOLA 2003). Depending on the species and 
growth conditions, algae can be selected to produce large quantities of lipids, protein 
or carbohydrates. Over the course of three decades, the National Renewable Energy 
Laboratory conducted extensive research into the capacity of algae to produce usable 
lipids under the Aquatic Species Program (SHEEHAN et al. 1998). Now, over 15 years 
after the program’s close-out, the ability to generate large quantities of lipids, 
specifically energy-dense extractable TAGs, on non-arable land has led to a renewed 
interest in using microalgae to produce biofuels (HU et al 2008). While producing 
biomass photosynthetically, algae assimilate CO2 as their primary carbon source and 
have demonstrated the capacity to sequester flue gas from power plants (KADAM 
1997; NISHIKAWA et al. 1992). Microalgae can be continuously harvested for their 
lipids, which can be further processed into a variety of biofuels (SCHLAGGERMAN et 
al. 2012). As an example, photosynthetically grown Chlorella can achieve total oil 
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contents between roughly 20-35% of its dry biomass (BENEMANN & OSWALD 1996; 
CHISTI 2007). Chlorella and Scenedesmus species both have significant potential for 
fuel production due to their high biomass productivities and compositions (HU et al. 
2008). 
Two of the most common microalgal culturing systems are outdoor raceway ponds 
and closed photobioreactors (PBR). These technologies have been proven and 
successfully operated by different sectors of the algaculture industry, in which arrays 
of PBRs are typically used to grow axenic seed cultures to inoculate large acreage 
farms of raceway ponds (HUNTLEY & REDALJE 2007). However, some of the major 
hurdles in commercially cultivating algae outdoors are low areal productivity and low 
culture density. Algae grow to average densities between 0.5-2.0 g L-1 in outdoor 
raceway ponds at areal productivities of 5-20 g m-2 d-1 (WEISSMAN et al. 1989). This 
wide range of areal productivities is oftentimes due to the variability in temperature 
and sunlight. High rates of productivity can be maintained by harvesting the culture 
on a daily basis, which promotes high growth rates by preventing nutrient depletion 
and mutual shading, caused by high-density cultures. 
Mass cultivation of microalgae was pioneered in the early 1950s with Chlorella 
(BURLEW 1953) and quickly transitioned into a modular production process using 
Oswald’s raceway design termed “high rate ponds” (HRPs) for large-scale 
recirculating algae cultivation (OSWALD 1962), which is now regarded as the most 
cost-effective vessel for growing algae at large-scales. The predominant design for 
these ponds is a rectangular raceway made from two trenches dug in the ground with 
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a separating barrier; this allows for water to flow in a circular motion around the 
pond, similar to a racetrack (Figure 3A). Raceway ponds have been used since the 
1970s and are currently being operated in Japan, Taiwan, Mexico, Israel, Thailand 
and the United States (ARCHER & BARBER 2004). The bottom of the pond is 
compacted and typically lined with a heavy duty plastic, such as polyvinyl chloride 
(PVC) or high-density polyethylene (HDPE), to prevent the loss of media and 
nutrients. A pond depth between 10-30 cm allows for maximum sunlight penetration 
and a paddlewheel mixer is used to prevent the algae from settling (CHISTI 2007; 
NEENAN et al. 1986). The paddlewheel has a low clearance with the sides and the 
bottom of the pond, which prevents backflow and allows all of the power of the 
paddlewheel to mix the pond, ensuring that algal cells are equally exposed to 
sunlight. The paddlewheel, along with the smooth plastic lining also prevents regions 
of nutrient deprivation. An added benefit of raceway ponds is their low construction 
costs relative to PBRs and more simple operation, requiring only a few parameters to 
be controlled, such as CO2, mixing velocity, and nutrient concentration. Commercial 
scale raceway ponds as large as four hectares have been operated by Earthrise Farms 
in California (BENEMANN 2003). 
Evaporation and convection can account for substantial losses in culture volume 
from algae farm operations. To prevent the escape water from open raceway ponds, a 
greenhouse structure can be erected directly over each raceway pond (Figure 3B). 
This physical barrier also serves to protect the pond from contamination. Key 
criteria for selecting a glazing material are cost, lifespan, strength, weight, light 
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transmission, and thermal conductance. While greenhouse enclosures represent an 
additional capital cost, they may be necessary to reduce evaporative losses and 
maintain monocultures through biocontainment. This issue remains an ongoing topic 
of investigation and the proceeding chapter incorporates this variable into the 
technoeconomics of algal biomass production. For example, Sapphire Energy’s farm 
in New Mexico consists entirely of open ponds, while Heliae is pioneering a modular 
raceway production system (VolarisTM) contained in a greenhouse with process 











Figure 3. Schematic diagram of single high-rate pond (HRP) commonly 
used in raceway pond arrays. The dimensions of a quarter-acre raceway pond are 





Species selection and strain development for large-scale production 
Despite recent fluctuations in U.S. Renewable Fuel Standards, the Energy 
Independence and Security Act of 2007 mandated a 36 billion gallon per year 
production goal for renewable liquid fuels. In order for algae to meaningfully 
contribute to even a fraction of this benchmark, the scale of algal cultivation will 
require farms that are many orders of magnitude larger than most current 
operations. These immense projects are coupled with entirely different technical 
hurdles, ranging from the logistics of watering handling to regulatory control, and 
potential for varying degrees of public acceptance. Although outdoor evaluation of 
algal cultivation in raceway ponds and other photobioreactor systems is becoming 
more prevalent (Table 1), microalgae and cyanobacteria have yet to reach 
production maturity at commercial scales (tens of thousands of acres). Aside from 
capital and operating costs of algae biofuel production in the field, which is evaluated 
in the next chapter, there is a considerable amount of research and development 
(R&D) necessary to generate production organisms that will both meet (or exceed) 
biological objectives and adhere to environmental regulation. 
Initial regulatory oversight for outdoor algal cultivation in the United States was 
considered by the U.S. Department of Agriculture’s Animal and Plant Health 
Inspection Service (USDA APHIS), the Environmental Protection Agency (EPA), 
and the U.S. Food and Drug Administration (FDA). Ultimately, transgenic algae for 
renewable fuel production fell under the EPA’s existing mechanisms of assessing 
biotechnological use of microorganisms. While this is appropriate for biofels, future 
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applications of algal cultivation for agricultural use may be regulated by the USDA. 
In 1998, the EPA established two routes for regulatory review of transgenic 
microbes, focusing on associated environmental safety and human pathogen control. 
The EPA’s “Microbial Commercial Activity Notice” (MCAN) is typically filed before 
pre-commercial field-testing in either closed bioreactors or well-controlled open 
systems. For commercial-scale operations, photosynthetic microbes and their 
byproducts will be regulated under the EPA’s Toxic Substances Control Act 
(TSCA), for which a “TSCA Environmental Release Application” (TERA) must be 
filed to rule out the possibility that any recombinant products or non-essential 
transgenes may carry toxic or allergenic effects. Historically, MCANs and TERAs 
have sought approval for the production of biochemicals, such as industrial enzymes 
(e.g., amylase, phytase), cellulosic ethanol, and soil additives using recombinant 
heterotrophs. These host organisms were predominantly bacteria and fungi including 
E. coli, Trichoderma, Pseudomonas, Bacillus, Zymomonas, Saccharomyces, and 
Pichia species cultivated in closed bioreactors with contained effluent. 
Before new embodiments of GM microalgae can even be considered for EPA 
approval, a lengthy pipeline of trait selection and design of a suitable expression 
system must be developed for each region of deployment and specific biofuel 
application. This timeline can span many months to multiple years prior to filing 
TERA or MCAN requests (Figure 4). For example, native strains of algae and 
cyanobacteria are often bioprospected as platforms for biofuel production with 
certain selection criteria, such as robust growth, hardiness during conditions of 
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environmental stress, resilient population dynamics in response to intruding 
microbes, and resistance to predation. After these algal strains are identified, 
transgene expression systems can be developed by adapting known genetic elements 
and selectable markers to the strains’ unique genome. Various classical methods of 
genetic transformation including agrobacterium vectors, plant promoters, and other 
basic methods of gene incorporation such as microparticle bombardment or 
electroporation can then be used to accomplish transgene integration (ROSENBERG et 
al. 2008). Concurrently, gene targets that may confer industrial fitness, expanded 
metabolic capabilities, or increased rates of biomass production can be determined in 
a somewhat independent manner. Trait discovery campaigns may follow a few 
different approaches to achieve lead transgene candidates including (1) panning large 
cDNA libraries generated from different organisms grown under different conditions; 
(2) pursuing directed evolution of proteins for variants with enhanced enzymatic or 
regulatory characteristics; and (3) executing hypothesis based selection of previously 
characterized genes with desired function. Once gene targets are identified, they can 
be cloned into expression vectors and transformed in an algal platform ready to enter 
the GM strain pipeline for assessment and validation. For example, competition-
driven selection of industrial fitness can be accomplished using turbidostat 
experiments in which a mixed culture of wild-type algal cells are grown with a 
minority population of engineered organisms. While keeping the culture’s cell density 
constant, GM cells with particular survival advantages will dominate the population 





Figure 4. (next page) Schematic timelines for commercial strain 
development. This figure depicts milestones for three production scenarios: (A) 
commodity-scale products derived from algae biomass (e.g., biofuel) including an 
initial bioprospecting stage for a novel strain platform; (B) similar commodity-scale 
algae production using an existing transgenic strain platform; and (C) recombinant 
expression of high-value proteins in C. reinhardtii. All of these laboratory research 
and field development activities can require millions of dollars in upfront investment 
(e.g., intellectual property). While the TEA analysis in the next chapter does not 




Figure 4. Schematic timelines for 
commercial strain development. 
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With a wide range of efforts focused on enabling the transition of these organisms 
from bench-top laboratory experiments to field trials, two algal biofuel companies 
have already received regulatory approval for the controlled outdoor cultivation of 
proprietary transgenic algae and cyanobacteria, which is truly an industry first 
(JOULE UNLIMITED TECHNOLOGIES 2012; SAPPHIRE ENERGY 2013). Two additional 
companies currently have EPA TSCA applications under review (Table 1). Aside 
from Sapphire Energy, all of these applications involve contained growth systems, 
but still represents a significant step toward commercialization of GM algae in 
outdoor environments. One of roughly five national testbeds for open-air algae 
cultivation is the University of California–San Diego (UCSD) Biology Field Station, 
which is the designated experimental site for Sapphire’s TERA. Scale-up of open 
cultures at this facility using polyethylene hanging bags and air-lift driven raceway 
ponds has been described recently with anticipated transition to the 300-acre 
commercial site in Columbus, NM (SCHOEPP et al. 2014). With a nearly exponential 
increase in MCAN filings between 2010 and 2013, it is anticipated that GM microbes 
will become even more prevalent in industrial biochemical production. While strain 
selection and engineering is an integral part of algal biofuel development that can 
significantly impact biofuel processing, this dissertation will focus on mechanisms to 
improve algal biomass cultivation in the field. Once production strains actually reach 
pond or PBR production, the next major upstream considerations for algal 
cultivation involve energy input and associated costs required for growth as well as 
nutrient sourcing logistics. These topics are discussed in the following sections. 
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1.2.2 Limitations of conventional algae growth systems 
Despite their prevalence in the algae industry, high volume recirculating ponds (i.e., 
raceway ponds) and high performance PBRs are associated with significant water 
and energy demands for both the cultivation and harvesting of biomass from 
relatively dilute solutions (< 2 g L-1). This bottleneck may certainly pose a concern 
for the sustainability of algal biofuels. Nonetheless, raceways dominate the algae 
farm landscape and continued R&D efforts seem to remain on course with their 
deployment despite potential challenges in scaling of these ponds originally designed 
by Oswald (1962). Individual 2-acre high rate ponds (HRPs) were originally designed 
for nitrogen and phosphate remediation in the final “polishing” stages of wastewater 
treatment (WWT), not for highly productive biomass growth. While algae are very 
effective at removing low concentrations of nutrients from water, the productivity of 
algae in HRPs is many orders of magnitude below the yields necessary to make 
biofuels a national commodity. In order to minimize liquid volume during growth, a 
paradigm shift in the structure of cultivation systems will be necessary.  
In addition to pond design, the algae industry also has the unique opportunity to 
learn from prior agricultural missteps while developing the infrastructure for this new 
energy crop. The avoidance of synthetic fertilizers and other unsustainable feedstocks 
for growth will be another challenge for the algae industry. Algae, like terrestrial 
plants, require nitrogen- and phosphorus-based fertilizers, which are readily available 
at existing wastewater treatment sites and agricultural point sources. By co-
localizing large-scale microalgal cultivation with existing sources of carbon, N, and P 
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emissions, CO2 sequestration and nutrient absorption can be coupled with the 
growth of algae, which can then be used as feedstock for biofuel production. 
As an alternative to photosynthetic growth of algae, heterotrophic cultivation (with 
organic substrates, without light) has been used commercially to enhance lipid 
biosynthesis in algae. As an example, omega-3 fatty acids produced by heterotrophic 
algae are useful dietary supplements for humans. Omega-3s are a family of long chain 
polyunsaturated lipids that have been shown to improve early brain developmental 
in children and sustain healthy cardiac function in adults (MOZAFFARIAN & WU 
2011). Paramount candidates in this group are eicosapentaenoic acid and 
docosahexaenoic acid  (LIPPMEIER et al. 2009). In addition to these high-value fatty 
acids, algae naturally store energy as lipids in the form of TAGs during 
heterotrophy. Unless autotrophic cultures are nitrogen-deprived, actively growing 
photosynthetic microalgae contain between 10-35% of their total dry weight as oils, 
which exist as mostly polar lipids in the cell membrane and small qualities of neutral 
lipids (TAGs). Conversely, heterotrophic algae grown with sugar can routinely reach 
30-60% total lipids with high percentages of TAGs (MIAO & WU 2006). While these 
favorable neutral lipid contents are appealing for bioenergy applications, constraints 
imposed by both the cost of sugar substrates and the potential for bacterial and 
fungal contamination have limited the potential for heterotrophic microalgae to be 
scaled to biofuel proportions. Overcoming the bioprocessing challenges associated 
with both photoautotrophic (N, P) and heterotrophic (sugars) nutrient sourcing are 
active areas of research, which are described in detail in the following sections. 
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1.3 Integrated algal cultivation as a mechanism of nutrient reclamation 
In order to ensure global food security, the agricultural revolution has successfully 
provided sustenance for our rapidly expanding population. However, by 2008, 
farmers were applying 37.4 billion pounds of phosphorus to their fields annually 
(ELSER & WHITE 2010). In Maryland alone, roughly 300 million pounds of nitrogen 
are discharged into the Chesapeake Bay each year (BURKE 2008). Nutrient runoff 
presents a worldwide concern as manifested by the coastal “dead zones” caused by 
algae overgrowth— skewing the balance of aquatic ecosystems. Despite this 
unfavorable reputation, microalgal biomass is well suited for water restoration and 
alternative energy production to attenuate climate change. Compared to 
phytoremediation with terrestrial crops such as switchgrass and poplar, or even 
macroalgae turf scrubbers located in waterways to absorb fertilizer runoff from 
non!point sources (MULBRY et al. 2010), microalgae are well suited for nutrient 
mitigation from point-sources, such as concentrated livestock operations and 
wastewater treatment facilities. 
The accomplishments of agricultural plant science have set a precedent for algal 
biotechnology and serve as a blueprint for continued development of this emerging 
industry. Progressive trends in effective fertilizer utilization and nutrient recycle, 
offer particular advantages to algal biofuel production with a foundation of 
sustainable and environmentally-conscious practices. While large-scale microalgal 
operations can benefit from the knowledge and experience of thousands of years of 
seasonal crop rotation, the industry may also learn from aspects of the agribusiness 
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model that may be untenable in aquatic systems. For example, preservation of 
terrestrial monocultures in the field is often accomplished by genetic resistance to 
herbicides and pesticides. For algal biofuels, the scale (and volume) of cultivation 
may prohibit the use of these chemical countermeasures. Thus, expanding upon the 
current methods of algae cultivation for nutrient bioremediation, potentially in a 
distributed fashion, will further support algae as a viable microbial crop. 
1.3.1 Biogeochemical nitrogen, phosphorus, and organic carbon cycles 
All living organisms participate in the physical state of our planet, which has 
recently adapted to the rapidly changing role of humans in natural ecosystems. This 
concept remains a central tenet in both biology and geochemistry. The Earth can 
even be compared to a living being itself, with the atmosphere and ozone layer 
exhibiting the fluidity of a cell membrane. For example, the atmosphere has changed 
significantly from a state of high CO2 and low O2— the current composition of 
roughly 21% oxygen was created by photosynthesis. Plants have not only played a 
dedicated role in this metamorphosis, but have also evolved to cope with the 
dynamic environmental conditions. In turn, nutrient cycles have been regulated and 
modulated by these bio-geochemical events. Marine microalgae and cyanobacteria 
have historically accounted for a significant portion of the nitrogen fixation, oxygen 
evolution, and photosynthetic activity on Earth (MARTINY et al. 2013). Furthermore, 
modern human interaction with the geochemistry of our planet is evidenced by the 
fact that 120 million tons of the global bioavailable nitrogen (N) comes from the 
hundred-year-old Haber-Bosch process to chemically synthesize ammonia, which 
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accounts for approximately half of the N in your body right now (ERISMAN et al. 
2008). However, as we adopt biological production pathways in place of conventional 
chemical processing, biogeochemical engineering approaches may fulfill our escalating 
demands for natural resources. As an example, phosphorus (P) is a finite resource 
that is mined from limited rock salt reserves. The idea of “peak phosphorus” has even 
been proposed recently, which underscores an incentive to recycle these vital 
elements (CORDELL 2010). Thus, rather than burning fossil fuels to accomplish 
Haber-Bosch nitrogen fixation, we may envision the reciprocal objective of producing 
renewable energy and nutritional feedstocks from residual fertilizers, CO2 emissions, 
and organic wastes with algae. Many of the aforementioned biogeochemical factors 




Figure 5. (next page) A schematic diagram of integrated algae cultivation. 
The major nodes and pathways within the nutrient recycle network toward end 
products of biofuels and animal feed are illustrated. With N and P originating from 
chemical synthesis and mined reserves at the top of this info-graphic, their use can 
be followed down to agriculture and livestock. These nutrients can ultimately be 
recovered from open waterways via macroalgae on an “algal turf scrubber” or by 
microalgae in raceway ponds after the N and P are converted to bioavailable forms 
using anaerobic digestion (AD). The natural synergies between bioremediation and 
bioenergy production can also permit the integration of industrial CO2 emissions 




Figure 5. A schematic diagram of integrated algae cultivation. 
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1.3.2 Bioenergy from industrial emissions and agricultural residues 
In order to both produce algal biomass and mitigate point sources of GHGs, coupling 
microalgal production facilities and industrial CO2 emissions has been promoted and 
investigated for decades (SHEEHAN et al. 1998; BENEMANN & OSWALD 1996; NEENAN 
et al. 1986). Despite many years of interest in this approach, the technology has only 
reached pilot-scale development within recent years and is still not entirely 
successful. For instance, an early venture carried out by the start-up, GreenFuel 
Technologies, aimed to adapt microalgal species to grow in closed PBRs aerated with 
unfiltered flue gas. Due to inconsistencies and unexpected consequences of large-scale 
growth in closed systems during demonstration-scale production, the company 
quickly discontinued the technology (DIMITROV 2007). However, this has not stopped 
the ongoing pursuit of CO2 capture with integrated algae cultivation. For example, 
based on the long history of algae biotechnology and favorable climate of Israel, a 
partnership between the algal cultivation leader Seambiotic Inc. and the Israeli 
Electric Company plans to produce algal biofuel using flue gas from coal-fired power 
plants (Dr. Ami Ben-Amotz, personal communication). While other domestic and 
international sites with flue gas are being evaluated for algae co-utilization, only 
small-scale demonstrations have been successful (RAZZAK et al. 2013). Despite the 
prospects of these technologies, extrapolating CO2 feedstock demand to the scales 
required for commercial algae production suggestes that the magnitude of 
concentrated industrial CO2 emissions alone is inadequate to sustain the amount of 
biofuels required to meet projected energy consumption rates (CHISTI 2013). Based 
on this fundamental feedstock limitation to photosynthetic cultivation of microalgae, 
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heterotrophic or mixotrophic production strategies may still have a role in the future 
commercialization of algal biofuels with the opportunity for strategic nutrient 
supplementation. For example, most model algal organisms used to study 
photosynthesis, physiology, and molecular biology in the laboratory exhibit high 
growth rates because they are cultivated mixotrophically (e.g., Chlamydomonas 
reinhardtii with acetate), which makes the timescales for growth experiments more 
practical. This approach is suitable at small to moderate scales, but does not always 
translate to production scales with algae crops on the global bioenergy stage. 
Nonetheless, there exist a variety of industrial-scale sources of organic wastes that 
could support mixo– or heterotrophic growth of algae at large scales, including 
aquaculture wastewater, leachate from food composting and processing industry 
(e.g., potato starches, residual sugars), and glycerol byproducts of biodiesel 
production. 
Regardless of the type of carbon feedstock, all algae require N and P for the 
biosynthesis of basic amino acids, DNA, and other components of their biomass. 
These common components of plant fertilizers are readily available at existing WWT 
sites and agricultural point sources as concentrated nutrient resources. Anaerobic 
digestion (AD) is a well-established process to degrade solids (e.g., manure) into 
bioavailable N and P as liquid effluent, which has been known to promote prolific 
photosynthetic growth of microalgae (OLGUÍN et al. 1994) and has been reviewed 
extensively (RAZZAK et al. 2013). Therefore, integrating algae growth systems with N 
and P nutrients from aqua– and agricultural sources may assure a more competitive 
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role for algae by both improving the composition of biomass for end-products and 
overcoming feedstock limitations cost and availability. 
1.3.3 Algae as the biological integrator of locally abundant “wastes” 
Based on the longstanding role of microalgae in WWT technologies, it is not 
surprising that the successful growth of many species of green algae has been 
accomplished using waste effluents from industrial, municipal, and agricultural 
sources (CHO et al. 2011; Li et al. 2011; KOTHARI et al. 2012; HU et al. 2012; 
CHINNASAMY et al. 2010; RAZZAK et al. 2013). However, many of these studies have 
used sterilized wastewaters in order to assess the nutrient status alone and avoid 
contamination issues with algal cultivation. While this is a standard and pragmatic 
approach for laboratory evaluation, it would be unrealistic and economically 
prohibitive to sterilize these effluents for commercial-scale algae production. 
Furthermore, a critical objective of future algal biofuel production will be to 
integrate waste nutrients while sustaining maximal accumulation of high energy-
density oils in algal biomass by pairing proper cultivation systems with proper waste 
nutrients sources. Collectively, the cited studies demonstrate that a wide range of 
waste streams can support algae growth, but variation in lipid content can be 
attributed to biochemical factors involved in triggering lipid storage in green algae: 
nitrogen limitation and/or the presence of fixed organic substrates to support 
heterotrophic metabolism. Therefore, some remaining research questions pertain to 
the actual configuration of integrated algae cultivation directed at algal oil 
production. Can integrated cultivation be deployed in a distributed fashion that is 
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tailored to each application and still meet the same production goals? Alternatively, 
could waste be transported to centralized algae farms and, if so, at what scale would 
this be feasible? Does the incorporation of biological wastes at large-scales carry any 
environmental or public health implications? 
For any of these scenarios, a minimal footprint for cultivation is desirable. As such, 
optimization of the physical attributes of photobioreactors and their placement in an 
integrated process aims to maximize solar collection and high-density algal biomass 
production on minimal acreage. For non-point sources, such as waterways and 
tributaries that suffer from abundant nutrient run-off, an “algal turfs scrubber” 
(ATS) relies on the natural adhesion of benthic macroalgae and potentially 
microalgal organisms on floating plastic screens to grow biomass from excess N and 
P in open waters (MULBRY et al. 2010; SANDEFUR et al. 2014). These systems have 
the advantage of growing algae totally independent of land and groundwater usage, 
but do not allow any control over the biomass that is grown. In most cases the total 
lipid content of ATS-derived biomass is low and the harvested material can contain 
high amounts of debris and silk. Nonetheless, this is essentially the only feasible 
option for nutrient reduction in open waters. For the assimilation of N and P from 
point sources, however, algae production in raceway ponds is commonplace (0.05% 
solids), but yields are generally constrained by light penetration and require 
harvesting methods that can be costly to scale-up (flocculation, settling, and 
centrifugation). Photobioreactors can increase biomass productivity with higher cell 
densities (1% solids) due to more sufficient exposure to light and are appealing for 
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small-scale applications or offshore production (WILEY et al. 2013). For on-site 
WWT, rotating biofilm surface contactors or “rotating algae biofilm reactors” 
(RABRs) have been used for many decades and have been successfully adapted to 
current algal biomass production objectives (CHRISTENSON & SIMS 2012). More 
recently, redesigned RABR systems employ naturally adherent biofilms as a 
substratum that can be implanted with an addition of a dense inoculum of a desired 
microalgae species (BLANKEN et al. 2014). However, RABRs operated in open 
systems with natural biofilms still lack full biological control over the cultivated 
biomass and have similar energy requirements as the paddlewheels in raceway ponds. 
To overcome these issues, alternative configurations of immobilized microalgae— 
either as biofilms or polymer bead entrapments—have been developed for wastewater 
remediation and have structural advantages over prior growth systems (MALLICK 
2002; DE-BASHAN & BASHAN 2010; EROGLU et al. 2012; MUÑOZ et al. 2009). 
Immobilized biofilms represent an ideal architecture to absorb nutrients from 
wastewater and can generally achieve higher biomass densities of 5-15% solids 
(SCHNURR et al. 2013). This may certainly reduce typical harvesting costs required to 
bring algae culture to at least 10% solids before oil processing or other conversion to 
biofuel. Due to variation in both microalgal populations and culture environment, 
algae biofilm productivities have been reported anywhere between 2–30 g m-2 d-1 
(SANDEFUR et al. 2014; BLANKEN et al. 2014). However, the oil content of this 
biomass may be a more critical determinant in assessing these technologies for 
biofuel applications (SCHNURR et al. 2013). 
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1.4 Research objectives and structure of this dissertation 
As detailed in the prior sections of this chapter, microalgae are versatile organisms 
with many advantages over other microbes and terrestrial crops. They have a long 
history of large-scale cultivation in various settings for wide-ranging applications. For 
biofuel applications, however, a number of bioprocessing issues must be addressed 
before microalgal biomass can compete with fossil fuels. This body of work examines 
strategies to improve biofuel production efficiency from three important perspectives. 
First, by identifying cost sensitivities using technoeconomics and, then, using that 
framework to address two biological aspects of algal production: (1) maximizing oil 
yield under different nutrient regimes and (2) developing methods to immobilize 
algal biofilms as a novel growth system, capable of minimizing water requirements. 
In order to quantify the potential impact of these intuitively appealing improvements 
to conventional algae culture, Chapter 2 describes a feasibility study for algal biofuel 
production in an ideal location (New Mexico, Section 2.2) that acts as a baseline and 
best-case scenario using current practices in microalgal bioprocessing (i.e., pond 
production with synthetic fertilizer). To then examine integrated nutrient sourcing 
and co-localization with industrial emissions, Section 2.6 assesses the role of waste 
CO2 and excess heat in a non-ideal climate (Iowa), focusing on smaller-scale 
integrated algae production in traditional raceways for more distributed applications 
of bioremediation and bioenergy production— in this case, to improve the 
sustainability profile of an existing corn ethanol biorefinery. Both case studies 
employ cost-benefit analysis of raceway pond cultivation to strike a balance between 
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economics and sustainability. The end product of both processes is separated algal 
biomass to be used as a source of oils (TAG) for biofuel as well as residual proteins 
and carbohydrates as a renewable source of animal feed. 
Based on the results of these technoeconomic models, further experimental work to 
validate novel approaches to algal biofuel production (e.g., nutrient amendments, 
biofilm substrates) and their potential impact on cost of biofuel production is 
pursued. Chapters 3 and 4 focus on the impact of exogenous organic compounds on 
the growth, physiology, and lipid profiles of microalgal strains. Ultimately, using a 
two-stage process to not only increase total lipid content, but also beneficially shift 
the lipid profiles toward neutral storage lipids as triacylglycerol (TAG), which can be 
easily extracted and converted to biofuel. The remainder of the thesis (Chapters 5-8) 
provides a review of biofilm systems that have been previously employed, which 
underscores the need for dedicated immobilization techniques to improve the 
robustness of photosynthetic biofilms. Chapters 6 and 7 describe molecular and 
computational tools that were developed to interrogate the critical time and length 
scales involved in biofilm formation. Chapter 8 provides a detailed assessment of 
naturally isolated filamentous biofilms as a scaffold to improve the retention of 
unicellular algae of interest. The dynamics of biofilm growth using this biomimetic 
approach are analyzed using 3-dimensional fluorescent microscopy to probe the 
behavior of single algal cells in real time. Finally, the collective improvements in oil 
yield and algal biomass growth in low-water environments are connected to the 
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2           
TECHNOECONOMIC ANALYSES 
OF ALGAL BIOFUELS! 
 
It is remarkable that crude oil deposits can be accurately located, drilled with 
precision, refined into usable fuel fractions, and ultimately piped to the consumer at 
a reasonable price. The same may become true for algae-derived oils, but in order to 
deliver next-generation renewable fuels at a competitive cost, there is value in 
dissecting each competent of the algal biofuel production process. In order to better 
understand the technical, economic, and sustainability challenges associated with 
current best practices in algal biofuel production, technoeconomic modeling and 
lifecycle analyses remain important tools for the industry. Extensive “harmonization” 
of existing algal biofuel models has been recently published and serves as a blueprint 
                                                       
! This chapter contains excerpts from papers by ROSENBERG et al. 2011 and ROGERS, ROSENBERG et al. 2014 
that appeared in BIOMASS & BIOENERGY and ALGAL RESEARCH, respectively. Portions of these works are 
reprinted here with permission from the publishers (Appendix A). Since the ALGAL RESEARCH article is 
available by open access, its reproduction is attributed to a Creative Commons License. 
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for future analytical efforts (DAVIS et al. 2012). In the interest of creating a more 
versatile model that is capable of predicting cost breakdowns and resource 
requirements for a variety of operating conditions, this chapter describes independent 
efforts to define a “conventional” production pathway in a putatively ideal location 
(New Mexico) as a best-case scenario for algal biofuel commercial viability. By using 
many similar assumptions, our results were found to be in close accord with prior 
models of algal biomass production for this region. Using these production figures as 
a baseline, upstream biological parameters were also adjusted to examine the 
potential for integrated nutrient sourcing in non-ideal climates (Iowa) and, 
ultimately, incorporating alternative technologies (e.g., novel growth systems). 
The first section of this chapter demonstrates the robustness of a technoeconomic 
model based on a range of operating parameters for a fully functional algae farm in 
New Mexico with the engineering design objective of 1,000 barrels of crude algae oil 
per day. Using a conservative microalgal growth rate (15 g m-2 d-1) and lipid content 
(25% by dry weight) for the green microalga Chlorella vulgaris, a proportionally sized 
algae cultivation farm was estimated to require 12,000 acres for solar collection to 
meet the demand for daily biomass harvest. By modeling the entire biofuel 
production process from “pond-to-pump,” this technoeconomic analysis (TEA) of 
raceway ponds driven by paddlewheels also revealed that the electrical energy input 
remains an immense annual operating expense. Furthermore, algal oil production at 
1,000 barrels per day (bpd) would require over 50 tons of nutrients and over 350 
million gallons of water to be circulated and recovered daily, which is nearly twice 
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the average volumetric capacity of Baltimore City’s main wastewater treatment 
plant (Back River). To address some of these major cost barriers associated with 
raceway pond production (e.g. high capital costs, low areal productivity, 
paddlewheels electricity, and evaporation), various levels of energy input were 
examined along with the possibility to cover the ponds with greenhouse material. 
Ultimately, the baseline cost of production (COP) for biocrude algae oil fell between 
$10-16 gal-1 and the possibility for individual production factors to further perturb 
this estimate were quantified by COP sensitivity analysis. In terms of sustainability, 
the baseline energy return on investment (EROI) was found to be 2.73; however, 
increasing the power input for paddlewheel mixing rendered the EROI unsustainable 
(i.e., less than 1). 
The second section of this chapter examines algal biofuel production in a less 
favorable location with significant seasonal variation in temperature and suboptimal 
solar irradiance. Nonetheless, Iowa was chosen for the opportunity to take advantage 
of locally abundant resources such as waste heat and CO2 from a 50 million gallon 
per year (mgy) ethanol biorefinery, which was hypothesized to offset the technical 
hurdles associated with some of the location’s inherent challenges. In this model, the 
design criterion of producing 1,000 bbl d-1 was not feasible and, instead, the TEA 
focused on upstream benefits associated with co-localization with the ethanol 
biorefinery. In this case, covered raceway ponds were required to contain CO2 and 
heat and just over 2,000 acres of cultivation area was found to be necessary to utilize 
all of the CO2 emission from the ethanol plant. With greater control over an enclosed 
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pond system with regulated temperature and CO2 conditions, a slightly higher 
average areal productivity of 20 g m-2 d-1 was assumed for C. vulgaris. However, this 
process was indeed limited by the amount of waste heat available to maintain winter 
production, which was only capable of keeping 40 acres of ponds in year-round 
production. Cost of production ranged from $10-40 gal-1. As opposed to a positive 
EROI, it was concluded that CO2 abatement was the main benefit of co-localization 
due to anticipated regulations on carbon capture and recycle. Thus, rather than 
emitting or sequestering this waste CO2, it can be feasibly converted to a locally 
usable fuel. While this is still not cost competitive with fossil fuels, it may provide an 
alternative to potentially costly sequestration technologies. 
In both geographic locations, water usage and energy costs associated with pond 
production were some of the major upstream engineering parameters involved in 
driving the COP. In terms of downstream processing of algal biomass, extraction 
efficiency and harvesting costs also had significant impacts on COP and 
sustainability. Due to the magnitude of biofuel production sought in the New Mexico 
case study, both the cost and availability of CO2 were found to be technical 
obstacles. In Iowa, however, inexpensive CO2 was actually available in 
overabundance compared to the heated process water from the ethanol biorefinery 
necessary to sustain algal growth in the winter. Since both models relied on high rate 
ponds (HRPs), the potential for novel growth systems to address issues of mass 
transfer and gas exchange as well as harvesting and water utilization exist. 
Moreover, sensitivity analyses in both TEA cases identified lipid content as the 
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single most influential factor with direct impact on COP. Given the importance of 
this biological variable and its interdependence on algal growth (i.e. areal 
productivity), experimental work in the following chapters of this dissertation 
investigate the effect of nutrient regimes on the lipid content and composition of 
Chlorella species in detail. 
2.1 Variation in economic projections for algal biofuels: cost of production 
While both case studies modeled in this chapter focus on COP as the critical metric 
to determine economic feasibility, performance indicators throughout upstream and 
downstream processing of algal biomass also help to identify major resource issues 
and sustainability. However, due to the existence of multiple pathways to algal 
biofuel production (WILLIAMS & LAURENS 2010; SUN et al. 2010), modeled predictions 
for the price of crude algal oil has ranged from less than $3.00 to over $1,000 per 
gallon (PATE 2009). These projected values are the result of an extensive review of 
the literature, in which cultivation methods included raceway ponds and tubular 
PBRs with potentially integrated feedstocks, such as waste heat and wastewater. 
The average cost of production was found to be roughly $100 gal-1 and the most 
common route to microalgal biocrude is depicted in Figure 6. For the purpose of 
TEA, the model in this chapter was built to describe the simplified unit processes 




Figure 6. Schematic diagram of microalgae cultivation for biofuels. This simplified network of unit processes depicts 
the major steps of upstream algae growth and downstream biomass harvesting toward end products of biofuels and co-products 
with nutrient recycle. 
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2.2 An analysis of paddlewheel-driven raceway ponds in New Mexico 
In this analysis, the baseline production costs and energy return on investment 
(EROI) of crude algal oil were evaluated for a variety of operating scenarios. The 
technoeconomic feasibility of a hypothetical algae farm and biocrude oil refinery in 
New Mexico was evaluated in order to meet a predicted production target of 1,000 
barrels of crude algae oil per day, which represents a moderate output rate for a 
third-generation biofuel plant. Specifically, this algae oil process model focuses on 
upstream cultivation using conventional technologies (i.e., raceway ponds) and 
locally sourced water and energy inputs. The impact of well-established harvesting, 
dewatering, and separation methodologies on the sustainability of downstream 
processing were also assessed. The results of this technoeconomic study identify the 
major energy demands, water requirements, and capital investments associated with 
traditional algal biofuel production. The ultimate conclusions regarding COP and 
sustainability are held in comparison with empirical data from the New Mexico State 
University (NMSU) microalgae cultivation testbed.7 
                                                       
7 The following sections contain a synopsis of the work published by ROGERS, ROSENBERG et al. 2014 in the 
ALGAL RESEARCH journal. For a more detailed description of this TEA model, readers are referred to the 




2.3 Materials and Methods 
2.3.1 Symbols and Abbreviations  
BGY  billion gallons per year 
Btu  British Thermal Unit 
COP  cost of production 
DAP  diammonium phosphate 
DW  dry weight 
EIA  Energy Information Administration 
EROI  energy return on investment 
g L-1  grams per liter 
GHG  green house gas 
gpm  gallons per minute 
ha  hectare 
HDPE  high-density polyethylene 
HRP  high rate pond 
kW  kilowatts 
kWh  kilowatt hours 
LCA  life-cycle analysis 
LEA  lipid extracted algae 
LLE  liquid-liquid extraction 
mgy  million gallons per year 
PBR  photobioreactor 
ppm  parts per million 
TEA  technoeconomic analysis 
WWT  wastewater treatment 
WWTP wastewater treatment plant 
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2.3.2 Fundamental assumptions for pond production of algal biofuel 
Basic biological productivity and raceway pond sizing 
This TEA model was constructed using a hybrid approach employing both Excel 
(Microsoft, Inc.) spreadsheets and the Aspen Plus v7.3 (Aspen Technology, Inc.) 
chemical process modeling software suite to compute mass and energy balances. 
These methods were primarily used to estimate the size (i.e., acreage) of an algae 
production facility to meet the engineering design goal of 1,000 barrels of crude algae 
oil per day (bbl d-1 or bpd). A number of simplifying assumptions were made for the 
production process. For example, the feeding rate of nutrients to the raceway pond 
media was determined using the Redfield ratio of 106:16:1 for carbon, nitrogen, and 
phosphorus (C:N:P) based on a year-round average areal productivity of 15 g m-2 d-1 
(REDFIELD 1934). A brief assessment of microalgal species that could fulfill the 
biological assumptions of at least 15 g m-2 d-1 and consistent oil content of 25% was 
undertaken. The lead candidate species are listed in Table 2 and it was concluded 
that Chlorella vulgaris would serve as a suitable production organism for 
photoautotrophic biofuel production in New Mexico. In addition to species selection, 
genetic manipulation may also produce strains with superior growth and lipid 
characteristics, but further research needs to be conducted to determine the stability 
of these organisms (ROSENBERG et al. 2008). Therefore, only productivity ranges for 
naturally occurring strains were considered in this study. 
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Table 2. Candidate algal strains for the production of biofuels. Of the thousands of algal species that have been 
characterized, only a handful of organisms have been exploited in production scenarios. The microalgae in this table represent 
some of the more commonly used species, although they are actually quite distantly related— each with their own advantages 
and disadvantages. For example, species of Arthrospira (also known as Spirulina) grow quickly and are used in nutritional 
supplements for their high protein content. Their corkscrew shaped cells allow for more straightforward approaches to 
harvesting. For biofuels, however, these cyanobacteria have low lipid contents, most of which are membrane lipids that can be 
difficult to extract. Alternatively, Botryococcus braunii cells secrete an interesting class of hydrocarbons applicable to biofuels, 
but grow extremely slowly. Nannochloropsis are marine species with very small cells (1-2 !m) that can be difficult to harvest, 
but have very high lipid contents with favorable TAG composition. Both Chlorella and Scenedesmus are robust green algae 
often found growing in wastewater. Both can accumulate significant amounts of TAG under certain conditions. Neochloris 
oleoabundans is a less common organism, but has demonstrated potential for biofuel production due to its high lipid content. 
Species Habitat Oil Content Source 
Chlorella sp. Freshwater 26-32% BENEMANN & OSWALD 1996; CHISTI 2007 
Scenedesmus sp. Freshwater 16-40% KADAM 1997 
Neochloris oleabundans Freshwater 29-54% SHEEHAN et al. 1998; CHISTI 2007 
Botryococcus braunii Freshwater & Marine 25-75% SHEEHAN et al. 1998; CHISTI 2007 
Arthrospira sp. Freshwater 22% NEENAN et al. 1986 
Nannochloropsis sp. Marine 29-68% CHAUMONT 1993 
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Due to limitations of light penetration and hydrodynamic factors in raceway ponds, a 
maximal culture density of 0.5 g L-1 was assumed along with conservative values for 
harvesting rate (10%) and lipid content (25%). Based on these assumptions, the area 
required for pond surface was calculated to be 4,875 hectares (roughly 12,000 acres or 
18.75 square miles). By harvesting 10% of the entire farm volume each day, 730,000 
± 2,000 kg algal biomass by dry weight (DW) is collected daily, yielding the target 
of 1,000 bbl d-1 crude algae oil. Biomass is concentrated from dilute culture to 30 g 
L-1 using flocculation and ultimately a 200 g L-1 wet paste by centrifugation before 
lipid extraction efficiency (80%). Growth variability resulting on over-production of 
biomass during high growth periods was not considered in this model, but is known 
to be a concern when sizing actual algal biofuel plants for peak loads (BEHNKE 2013). 
The entire algae farm consists of repeating units of high rate pond (HRPs) based on 
the classic design proposed by Oswald. Each raceway pond unit covers two acres of 
land and is constructed with a 30 cm depth. Accordingly, 6,000 continuously 
operating ponds are required for full production resulting in a total farm volume of 
3.85 billion gallons. Based on a 30 cm s-1 velocity of water flow imparted by a pair of 
paddlewheels, the circulation time for each pond is 16 minutes. With the 10% 
harvest/dilution rate this corresponds to an average residence time of 4-10 days.  
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2.3.3 Economic and energy projections  
Material flow for raceway pond inoculation and operation 
The baseline TEA model was devised for an ideal production location in the U.S., 
namely New Mexico, due to its favorable climate with low seasonal temperature 
variation and high solar irradiance, relatively flat topography, and usable aquifers. 
The basic process flow for the upstream and downstream processing of algal biofuels 
were devised and sized as follows. Major operating parameters are listed in Table 3 
and the complete cost breakdown can be found in supplementary material to 
ROGERS et al. 2014. In brief, for inoculation and dilution of the raceway ponds, water 
and nutrients are introduced using three static mixers (Westfall Manufacturing), 
each with two ports for the addition of CO2 (Linde, $40 ton-1). Carbonation of the 
water with CO2 is accomplished before entering the ponds using an absorption tower 
modeled in Aspen Plus. Solid fertilizer-grade nutrients are provided as diammonium 
phosphate (DAP, 18% P; 46% P; $499 ton-1) and urea (46% N ton-1; $379 ton-1) with 
uptake rates of 50% and 76%, respectively (INDEX MUNDI 2012). Two propeller 
pumps are used for this high-volume, low head-pressure water transfer, which feed a 
network of distribution pipes to raceway ponds. 
All raceway ponds are lined with 40-mil, high-density polyethylene (HDPE) at $0.77 
m-2. In the conventional design of high rate ponds (HRPs), there is typically a direct 
correlation between the power required to drive the paddlewheels and the pond’s 
mixing velocity; however, this energy input can significantly impact the economic 
feasibility and overall sustainability of algal biomass production. This model 
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examined three different scenarios of paddlewheel driving motors: 0.22 W m-2 
(baseline), 0.73 W m-2, and empirical data from pilot scale ponds at New Mexico 
State University (NMSU), which required 8.16 W m-2. In total, 24,000 paddlewheel 
units (Waterwheel Factory, Inc.) are required to keep 12,000 acres of pond surface 
area in motion. A greenhouse-like covering for the ponds made from polyethylene 
($0.98 m-2) was also investigated (ROSENBERG et al. 2011). 
Algal biomass harvesting for downstream processing 
In order to reduce energy costs associated with pumping, raceway ponds are 
continually drained by gravity into a centralized wet-well, which is sized for a time 
window of safety in the event of potential overflow. The culture liquid is 
continuously pumped out of the well through two static mixers where a polymer 
flocculant (SNF Polydyne, $100 ton-1) is added and the treated algae culture is 
transferred to two lamella clarifiers where solids settle to reach a biomass density 30 
g L-1 DW. Water and nutrient recycle from the clarifiers is accomplished by gravity 
and drained to a well, which is then recirculated back to the actively growing ponds 
after treatment. The major energy input at this stage is attributed to the rakes at 
the bottom of each clarifier that continuously scrape biomass buildup. The 
flocculated mixture is pumped out of the clarifiers using two main turbine pumps 
and then split into twelve pipes, one for each centrifuge (GEA Westfalia). 
Collectively, this array of centrifuges is able to process the required biomass to a 200 
g L-1 paste for solvent extraction. 
62 
 
Solvent extraction of algal lipids 
Conventional organic solvent extraction using hexane ($3,000 ton-1) in excess to 
biomass (10:1) is employed to separate lipids from residual algal biomass after cell 
lysis using thirteen industrial sonicators (Hielsher Ultrasonics). The solvent-algae 
mixture moves through a single static mixer (Westfall Manufacturing) while 
accounting for unavoidable solvent loss by evaporation. Another extraction scenario 
examines a dry extraction process in which the biomass is dried to 10% moisture 
content before solvent addition. Biomass separation from the aqueous solution is 
accomplished with an oil-water separator (Hydro-Flo Technologies) and is collected 
as “lipid extracted algae” (LEA) biomass. The solvent system is recovered and 
recycled with a distillation column as modeled by Aspen Plus with the heavy 
distillate stored as the final biocrude product. A simplified process flow diagram for 
the current model is shown in Figure 6 and more detailed stages of the process as 




Operating Parameter Assumption 
Microalgal species Chlorella vulgaris 
Elemental composition of algal biomass C106H181O45N16P 
Microalgal growth rate 15 g m-2 d-1 
Biomass lipid content 25% 
Daily biocrude production 1,000 bbl d-1 
Oil density 920 kg m-3 
Extraction efficiency 80% 
Required daily biomass (dry weight) 730,000 ± 2,000 kg d-1 
Dilution rate 10% 
Total biomass in raceways 7.31 million kg 
Required growth surface area for daily production 4,875 ha (12,000 acres) 
Growth surface area per pond 0.81 ha (2 acres) 
Number of ponds in plant 6,000 
Maximum culture density 0.5 g L-1 
Raceway depth 30 cm 
Raceway volume 14.6 billion L (3.86B gal) 
CO2 recovery to culture 50% 
Nitrogen recovery to culture 76% 
Phosphorus recovery to culture 50% 
Net nitrogen demand 91.9 mg g-1 algae 
Net phosphorus demand 12.7 mg g-1 algae 
Pond mixing (base case) 0.22 W m-2 
Pond mixing (case 2) 0.73 W m-2 
Pond mixing (case 3) 8.16 W m-2 
Lamella separator power 3.91 10-4 kWh kg-1 algae 
Centrifuge power 2.17 10-2 kWh kg-1 algae 
Cell disruption 6.83 10-3 kWh kg-1 algae 
Biomass separator 1.97 10-4 kWh kg-1 algae 
Solvent recovery 4.68 10-1 kWh kg-1 oil 
Groundwater depth 375 ft (114.3 m) 
Pumping water from off-site 2.12 10-3 kWh L-1 
Evaporation (base case) 0.05 cm d-1 
Evaporation (case 2) 0.50 cm d-1 
On-site pumping circulation (base case) (20 ft head) 9.84 10-5 kWh L-1 
On-site pumping circulation (case 2) (40 ft head) 1.97 10-4 kWh L-1 
Table 3. Key assumptions for raceway pond cultivation of algae and 
downstream production of biocrude in New Mexico.  
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Land siting and groundwater availability 
In search of an ideal location for algal biofuel production, New Mexico was identified 
as lead candidate with approximately 39,000 ha of flat land and between 750-1,630 
billion gallons of groundwater suitable for microalgal cultivation (LANSFORD et al. 
1990). For the present model, the price of this type of property is assumed to be 
$1,500 acre-1 (COSTAR 2013).  Average of groundwater level measurements were used 
to calculate pumping requirements for two scenarios: 20 ft (baseline) and 40 ft head. 
For water handling, appropriate sizing of pipes was calculated using volumetric flow 
rates of approximately 2.5 m s-1. Evaporation scenarios were assessed for both open 
ponds (0.5 cm d-1) and covered raceways (0.05 cm d-1, baseline). Suitable wastewater 
treatment (WWT) of approximately 386 MGD recycled media was assumed 
necessary to remove potential growth inhibitors (OAKLAND URS 2007). On-site 
infrastructure included rail and road connecting the central processing facilities to 




2.4 Results of TEA model for algal biofuels in New Mexico 
2.4.1 Capital investment for raceway ponds & biocrude processing 
The baseline assumptions for microalgal cultivation, harvesting, and oil extraction 
listed in Table 3 enabled all mass and energy balances in this model of algal biofuel 
production to be fully defined. These calculations translated to a base-case capital 
investment of approximately $1.04 billion. An itemized distribution of capital costs is 
shown along with corresponding operating expenses in Figure 7. 
As shown in Figure 7, there is an overwhelming disparity between the capital cost of 
pond-related infrastructure compared to all other capital investments. Pond 
materials (liner/cover) and the required land coupled with the equipment necessary 
for 386 MGD water handling (paddlewheels/WWT) contribute over 95% of the 
plant’s total capital investment. In terms of water handling, the capital cost of 
pumps through the facility is actually relatively low ($1.27 million) compared to 
paddlewheels at $120 million. Wastewater treatment equipment required to remove 
residual flocculant and potential growth inhibitors that may accumulate in the 
recycle stream constitute $245 million (25%) of the plant’s capital costs. Regarding 
pond construction, the cost of liners alone also represents about one-quarter of the 
total capital. The greenhouse covering used to enclose the raceways can significantly 
improve the sustainability of cultivation by limiting evaporative water loss; however, 
the $315 million investment in transparent polyethylene accounts for nearly one-





Figure 7. Itemized breakdown of capital and operating expenses for the 
1,000 bpd biocrude plant in New Mexico. 
Capital Investment: $1.04B 
 Operating Costs: $134M 
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2.4.2 Annual operating expenses for full production capacity 
In order to meet the engineering design goal of 1,000 bbl d-1 of algae biocrude, 6,000 
modular paddlewheel-driven ponds built over 4,875 ha (12,000 acres) in New Mexico 
resulted in baseline COP of $15.52 and $12.14 gal-1 for 10- and 20-year capital return 
scenarios, respectively. The base case for operating conditions also results in a 
maximal energy return on investment (EROI) of 2.73. 
In particular, the production parameters that support these figures dictate the 
growth of 730,000 kg ± 2,000 kg d-1 of algal biomass (depending on inconsistencies in 
bioproduction) to fulfill of 1,000 bbl d-1. The algae farm requires an impressive 386 
million gallons per day of water handling capacity and an annual CO2 demand of 
280,000 tons. After separation of oil as the biocrude fraction, 585 tons of lipid 
extracted algae daily is generated, which can either be sold as a feedstock for other 
bioproducts or act as a recycled nutrient stream through anaerobic digestion 
(BOHUTSKYI & BOUWER 2013; ASLAN & KAPDAN 2006). In total, the baseline 
operating cost of production was estimated to be $134 million annually. In addition 
to ongoing maintenance costs, the following operating factors were found to most 
significantly influence either COP or sustainability: paddlewheel energy inputs, 
nutrient supplementation, and water handling. All of these operational burdens are 
directly related to pond production and are described as follows. 
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Major energy considerations 
Since paddlewheels represent one of the largest consistent costs in this model, from 
both capital and operating perspectives, three different energy input scenarios were 
evaluated. In the base case, the operating costs associated with a theoretical 0.22 W 
m-2 power usage totaled $10.1M annually (7.5% of baseline operating budget). In the 
second case, paddlewheels were assumed to operate continuously at 0.73 W m-2 based 
on specifications from an industrial supplier (Waterwheel Factory Inc.). Under this 
condition, the total operating costs from paddlewheels totaled $34.5M annually. In 
the third scenario, the paddlewheel energy requirements from two pilot-scale ponds 
at the NMSU testbed facility were calculated and scaled to the operating capacity of 
this model using 8.16 W m-2. In this case, the paddlewheel energy input became 
prohibitively expensive at a predicted annual cost of $383M. 
Nutrient supplementation  
As with all agricultural operations, nutrients in the form of crop fertilizers must 
account for a significant fraction of the operating costs. While carbon is perhaps the 
most fundamental component of biomass, this nutrient often goes unrecognized in 
terrestrial crops because CO2 is sourced directly from the air. For photoautotrophic 
algae production, however, a concentrated CO2 supply is required to maintain high 
productivities at commercial scale. The current model was estimated to require 
roughly 280,000 tons of CO2 annually. At the market price of $40 per ton, this 
contributes $11.2M (8.3%) of the annual operating costs. In terms of nitrogen and 
phosphorus, diammonium phosphate (DAP) and urea are applied to all ponds in a 
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semi-continuous manner. Annually, nearly 15,000 tons of DAP and 65,500 tons of 
urea contribute $7.4M and $24.4M to the plant’s operating costs, respectively. 
Collectively, these N and P nutrients account for 23.7% of the annual operating 
budget. 
Water handling and biomass harvesting 
Based on the continuous movement of water throughout the facility, the model 
estimates a marginal 0.03% loss of process water. Based on the total 386 MGD water 
handling, this represents about 1 MGD. However, inevitable water loss from the 
growth ponds due to evaporation is a much larger concern for maintaining a viable 
algal biofuel operation. As such, the model accounts for two evaporation scenarios. 
An aggressive and untenable case with uncovered ponds assumes a loss of 0.5 cm of 
water per day (64.4 MGD or 45,000 GPM as shown in Figure 8). By covering all 
raceways ponds with greenhouse-like transparent plastic, water loss is reduced to 
10% of the uncovered case (0.05 cm d-1 evaporation, 6.4 MGD) and serves as the 
baseline for this TEA model. Corresponding energy input associated with 
groundwater pumping to replenish 65.4 MGD (0.5 cm d-1 evaporation and process 
loss) or 7.4 MGD (0.05 cm d-1 evaporation and process loss) were considered. The 
costs of these make-up water scenarios were found to be $18.3M and $2.1M per year, 
respectively. Two on-site pumping conditions were also evaluated with annual 
operating costs ranging from $5.7M (20 ft head, baseline) to $11.5M (40 ft head). 
Beyond maintaining water levels in the ponds, the downstream process of harvesting 
biomass (dewatering) is another substantial cost attributed to water management. 
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The current model employs a common cationic polymer used in wastewater 
treatment to pre-treat the algal slurry before centrifugation (SNF Polydene). 
Interestingly, the operating costs required for centrifugation are actually quite small 
in comparison to polymer flocculant dosing at $100 per ton of algae processed, which 
contributes $26.7M to the annual operating costs (20%). As a result of all processes 
involving water (including recycle), the final ratios balancing amount of water used 
to algae oil produced greatly exceed 100:1 even for the baseline scenario, which has 
certain implications for sustainability. 
Plant operating overhead 
As a direct result of the physical area needed for solar collection, the large footprint 
and high cost of infrastructure on this algae farm have a direct influence on employee 
wages and ongoing costs of maintenance. Maintenance was estimated as 3% of the 
capital costs and wages were assumed to be 12% of the total operating costs based 
on similar industries (PETERS et al. 2002). Together, these overhead expenses 




Figure 8. Overview of water flows in the TEA model for open pond production of algal biofuel in New Mexico. 
This diagram illustrates the large percentage of make-up water required to offset evaporative losses in the unsustainable open 
raceway pond scenario. Flow rates throughout the recycle process are reported as thousands of gallons per minute (GPM), 




2.4.3 Principal cost sensitivities in the New Mexico TEA model 
The TEA model was purposefully constructed with discrete variables rather than 
lumped parameters (when possible) in an attempt to most accurately assess the 
technical and economic feasibility of algal biofuel production. As such, by perturbing 
some of the more critical operating parameters, the model is able to predict ranges of 
COP. The results of this sensitivity analysis can be seen in Figure 9 as a “tornado 
plot,” which sorts these tunable operating ranges in descending order, with those 
affecting COP the most at the top based on a 10-year return of capital investment. 
A similar analysis was performed using a 20-year ROI and follows similar trends, but 
is not shown here for the sake of brevity. For this production pathway using current 
best practices in algal bioprocessing, both sensitivity analyses reveal that COP is 
heavily influenced by biological factors. 
The most obvious parameter to affect algal biofuel production is the inherent areal 
productivity of the algal organism since this assumption sets the throughput of 
biomass in the system and influences many other operating parameters by actually 
increasing or decreasing the final biocrude yield. While this variable sits high on the 
tornado plot (+$7.59; –$3.77 gal-1), our model found that the extractable lipid 
content of the algae remains the single most important biological factor in 
determining the COP. Increasing algal lipid content from the baseline value of 25% 
to 35% has the potential to reduce COP by $4.33 gal-1 with respect to a 10-year 
ROI. Conversely, reducing lipid content to 15% can nearly double COP by adding an 
additional $10.10 gal-1 to the baseline cost of $15.52 gal-1. While the downstream oil 
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extraction efficiency also has the potential to seriously impact COP, downstream 
factors are not necessarily a focus of this dissertation. In terms of oil extraction, 
significant gains can be made with biological approaches to increasing the content of 
“extractable” lipids. Unlike polar lipids, present in cell membranes, neutral lipids are 
more easily separated from wet biomass by conventional solvent systems. Therefore, 
COP may be positively impacted not only by increasing the total lipid content in 
algal cells, but also shifting the composition of these lipids toward more favorable oils 







Figure 9. Sensitivity analysis of various production variables on algae 
biocrude COP for a 10-year return on capital investment. In this case, the 
base COP is $15.52 gal-1 as a result of $134M operating costs and annual payments 




After lipid content, oil extractability, and areal productivity, the next major 
variables affecting the viability of algal biofuel production are all associated with 
pond production and, more specifically, water handling in these ponds. The decision 
to line each raceway pond with high-density polyethylene can reduce water and 
nutrient loss while easing pond maintenance throughout the lifetime of the plant; 
however, this capital investment impacts the COP by ± $1.63 gal-1. Furthermore, by 
enclosing all raceway ponds, the COP is increased $2.05 gal-1 in the 10-yr return 
case. These costs are intimately linked to evaporation rate, which can add $1.06 gal-1 
to COP if the ponds are left uncovered. While this tradeoff is not economically 
favorable, the reduction in water loss afforded by covered ponds is necessary to 
maintain a positive sustainability profile for biofuel production in regions with water 
scarcity. However, the overheating of algal cultures in closed growth systems is a 
concern that must be balanced by the natural discharge of heat by evaporation while 
still reducing excessive water loss (WALLER et al. 2012). Lastly, by augmenting the 
energy requirements for paddlewheel operation from 0.22 to 0.73 W m-2, COP is 
increased by $1.59 gal-1. The energy scenario based on empirical data from the 
NMSU pilot pond paddlewheel operation at 8.16 W m-2 does not justify biofuel 
production at commercial-scale due to an EROI < 1. 
In terms of additives to the plant’s process water, such as nutrients and flocculant, 
these factors do not contribute as much variation to COP, but are certainly not 
insignificant. It is evident that the cost of flocculant constitutes the majority of 
harvesting costs and can vary the COP by $0.87 gal-1 if this cost parameter is shifted 
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± $50 per ton of algae harvested. If fertilizer nutrients are sourced at no cost from 
wastewater or other N- and P-rich effluents, COP can be decreased by $2.08 gal-1. 
Furthermore, the integration of CO2 emission from power plants or other industrial 
sources may only result in a marginal reduction of COP (< $0.50 gal-1), but this 
scenario may allow distributed (but smaller-scale) approaches to algal biofuel 
production to overcome feedstock limitations (i.e., lack of centralized CO2 supply). 
Together, these highlight the significance of finite nutrient resources that have both 
sustainability and financial impacts. 
2.5 Discussion and Conclusions 
Based on this technoeconomic model of algal biofuel production in New Mexico, the 
results of cost sensitivity analysis are consistent with the most comprehensive 
“harmonized” model of TEA and lifecycle analysis reported by Davis et al. (2012) for 
renewable algal biodiesel. Furthermore, the range in COP determined to be $10-16 
gal-1 by the present model falls in line with the figures supported by Davis et al. 
(2012). As such, the results of this model support the DOE Bioenergy Technologies 
Office (BETO) target of reducing the “modeled mature plant cost of algal open pond 
oil” by $2.35 gal-1 (gasoline equivalent) by 2014 (EERE 2013). Most importantly, the 
cost sensitivity analysis based on the current model concludes that total lipid content 
represents a single biological variable with the ability to surpass this goal. Therefore, 
a priority of future research will be to evaluate different approaches to increase 
microalgal oil content on a cellular basis, whether by means of genetic intervention 
or controlled nutrient regimens, such as nitrogen deprivation. Alternatively, organic 
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supplementation may also be a viable route to not only increase total oil content, but 
also to drive lipid composition toward preferential fatty acid profiles that are 
enriched in energy-dense lipids (saturated) with considerable ease of extraction 
(neutral lipids). 
The major capital and operating expenses identified by the New Mexico case study 
are largely due to water handling/dewatering (e.g., paddlewheels, flocculant). The 
facility operating costs for pond construction and maintenance dominate the 
economics of production. As an example, wages and maintenance overhead costs can 
be minimized by systemically reducing capital costs associated with raceway ponds. 
For bioenergy production with algae, scalability is key. While ponds are suitable for 
small- to moderate-scale algal biomass production, the present model reinforces the 
notion that ponds are not necessarily scalable at the magnitude required for biofuel 
production. Promising alternative bioreactor designs to eliminate mechanical mixing 
include raceway ponds with slanted or corrugated channels to reduce energy input 
while still achieving adequate mixing (DARPA 2013; CRAGGS et al. 1997) and 
inexpensive air-lift ponds driven by pumps rather than paddlewheels (KETHEESAN & 
NIRMALAKHANDAN 2012, SCHOEPP et al. 2014) 
Nutrient sourcing is another potential barrier to large-scale algal cultivation due to 
the massive quantities required for biofuel production goals. For photoautotrophic 
growth, carbon is the most substantial nutrient requirement for biomass production 
and requires roughly 0.28 million tons of CO2 annually, corresponding to just over 
700 tons of CO2 daily. At the market price of $40 per ton, CO2 contributes $11.2M 
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of the annual operating costs. Coupling algal production with industrial CO2 
emissions rather than purchasing CO2 as a feedstock represents a more sustainable 
and potentially less expensive option. In fact, carbon credits associated with its 
capture and re-use may even help to offset some the initial investment required for 
algae farms. While CO2 from industrial point sources can provide an abundant 
supply of carbon for algae, the actual amounts flue gas required for commodity-scale 
algal biofuel production could be quite massive. Based on an estimated 1.6 billion 
tons of CO2 emitted from U.S. coal-fired power plants each year, if microalgae 
production were to be scaled to a national production rate of 10 billion gallons per 
year, this would require 11.4% of the coal-fired emissions in the United States (EPA 
2013). The U.S. Energy Independence and Security Act projects renewable fuel 
production targets on the order of 30-60 billion gallons per year (EPA 2007). 
Combined with inadequate land available for algae cultivation directly surrounding 
many coal-fired power plants, limitations in CO2 sourcing could be possible. While 
increasing oil content and reducing water usage may require more long-term research 
trajectories to have significant impact, alternative approaches to CO2 sourcing from 
flue gas can be investigated relatively easily with TEA (Section 2.6). By first 
identifying these technoeconomic hurdles, the results of this section focus attention 
on opportunities and quantify attainable targets for improved algal biofuel 
production. 
In terms of nitrogen and phosphorus requirements, the present model calls for nearly 
65,000 tons of urea and 15,000 tons of DAP annually. Together, these chemical 
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fertilizers contribute in excess of $30 million of the annual operating costs. Ammonia 
can serve as an alternative nitrogen source and may have comparable market prices 
as urea (DAVIS et al. 2012), but can be present in greater abundance in wastewater 
effluents (see Chapter 8). Based on both the cost and sustainability factors 
associated with N- and P-based fertilizers, it is critical that algal biofuel operations 
continue to explore options for nutrient recycle in both upstream and downstream 
processing. 
2.5.1 Interface of upstream and downstream processing  
Harvesting by flocculation and settling 
As a result of dilute biomass concentrations in raceway pond culture media, 
harvesting single cells from liquid suspension is energy intensive and difficult when 
applied to continuous operation of large-scale bioprocessing facilities (HELLWIG et al. 
2004). Membrane filtration by size exclusion is a simple and cost effective separation 
technique; however, even advanced filtration methods are subject to caking and 
erosion based on the throughput of biomass needed for biofuel production, which can 
lead to significant reductions in efficiency over the lifetime of the membrane (MANN 
et al. 2004). Low-speed centrifugation may be a more feasible alternative for algae if 
a flocculant agent is used to increase the average particle size of microalgae slurries 
from 10 !m to 10 mm by forming large masses of many small particles to facilitate 
solids separation from a liquid media (SCHLESINGER et al. 2012). The use of cationic 
polymers is a well-established method of flocculating particulate matter from large 
volumes of liquid as in WWT plants (GHERNAOUTA et al. 2010; WYATT et al. 2012). 
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Dissolved air flotation and settling clarifiers have also been successfully implemented 
to harvest flocculated algal biomass at scale. The algal biomass harvesting process 
modeled in the present study relies on a flocculation step followed by lamella 
clarifiers to bring the ~2 g L-1 algae suspension to a 30 g L-1 slurry, followed by 
centrifugation of this slurry to a 200 g L-1 paste. 
Polyacrylamide flocculants are widely used and can be effective with microalgal cells; 
however, if the biomass residues are to be used as co-products, polyacrylamide can 
foul the biomass from a health perspective. The process modeled in the present study 
employs a polymer dose costing roughly $100 per ton of dry algae biomass harvested. 
While flocculant costs in excess of $100 per ton of algae are prohibitive for biofuel 
production, a target of less than $40 per ton may be an achievable production target 
with alternative flocculants. Carbohydrate polymers have been used in the paper 
pulp industry for their advantages of being edible and amenable to biological 
degradation (personal communication, Norman Brent Wham, NALCO). The 
addition of such starches may even provide an added nutritional benefit to algal 
biomass residues if they are used for anaerobic digestion or animal feed. Metal ion 
based flocculants have been deemed incompatible with end biofuel standards and pH-
induced changes are unfeasible for algal biofuel production at commercial scales; 
thus, biological approaches to flocculation have also gained significant attention in 
recent years. These processes can occur either as a natural “auto-flocculation” 
mechanism in mature or nutrient deprived algae cultures or instigated by a biological 
agent, such as the introduction of another microorganism (algae, bacteria, 
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cyanobacteria, or predatory grazers) (GUTZEIT et al. 2005; SALIM et al. 2010; SALIM 
et al. 2012; SCHLESINGER et al. 2011) or a biomolecule with the bridging 
characteristics similar to a polymer or adhesive qualities of a coagulant (OYLER et al. 
2012). By employing these methods, some estimates project that operating costs can 
be reduced by $200-400 per million gallons of process water treated by transitioning 
from chemical flocculants to bioflocculation (LUNDQUIST et al. 2004). Furthermore, 
the production of biological flocculants on-site can be highly scalable and 
incorporated into the algae biofuel production process. Some studies have 
demonstrated that concentrating algae biomass from 0.05% in liquid media to 3% 
after flocculation and settling can be accomplished using biofilm growth systems (see 
Chapter 5). Collectively, the cost sensitivities associated with all aspects of water 
handling required for algae biofuel production are equally as significant as those tied 
to oil extraction or areal productivity alone. 
Influence of biomass composition on biofuel and co-products 
The actual composition of the algal biomass not only dictates overall mass balances 
for the plant, but determines if a single species can be used as both food and fuel. 
Maintaining high lipid content in the harvested biomass is critical for biofuel 
production, but depending on the species of algae, the composition of this lipid 
fraction can also contain high-value fatty acids for feed applications (KAGAN et al. 
2013). Of course, the residual biomass or “lipid extracted algae” (LEA) is 
predominantly comprised of proteins and carbohydrates that are the base of 
nutritional feedstocks. While there are some emerging applications in bioplastics, this 
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still remains a small market.  The ability to extract and separate these different 
products with some degree of specificity and efficiency is a factor of the production 
process, but is decidedly not a focus of the present body of work. However, the 
potential uses of the residual biomass for nutrient recycling or a value-added product 
(e.g., animal feed) is an important consideration for the lifecycle assessment. Algae 
biomass has been shown to be a suitable feed supplement or substitute for 
conventional animal feed sources (DHARGALKAR et al. 2009; RENAUD et al. 2002). 
Although lipid extraction processing for biofuels may also remove nutritionally 
important polyunsaturated fatty acids from the biomass, the LEA can still be high in 
protein and carbohydrates. The theoretical commercial scale algae facility in this 
study is estimated to produce 585 tons d-1 of LEA biomass with an estimated selling 
price between $250-$1,000 ton-1 (OLIVARES et al. 2011). Therefore, a 1,000 bbl d-1 
facility could generate roughly $50-200 million annually from the sale of LEA as a 
protein supplement. As such, coproducts are currently thought to be a necessary part 
of algal biorefineries until technological bottlenecks can be widened to allow for more 
economical biomass production. 
Collectively, the modeled data pertaining to energy, nutrient, and water 
requirements for deployment of microalgal biofuel production in New Mexico pose 
certain challenges but are likely to be addressable with advances in algae cultivation 
methods. The continued development of mitigation strategies for each of these 
concerns will build a foundation to withstand the inevitable and necessary scrutiny 
for emerging energy technologies, such as algal biofuels. Ongoing research in this 
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active area of renewables will need to refine algae production systems in order to 
secure the economic viability of biofuels. 
2.6 TEA of an integrated algae oil and corn ethanol biorefinery in Iowa8 
While corn-based ethanol has led the way in providing a source of first-generation 
biofuel, it has also received criticism for its reliance on fossil fuels for production and 
the biogenesis of CO2 as a result of fermentation. Lifecycle assessments indicate that 
corn-based ethanol would not qualify as an advanced biofuel, but one viable route to 
decrease the amount of CO2 emitted from an ethanol biorefinery is through the co-
cultivation of microalgae. Therefore, the possibility of decreasing the carbon footprint 
of corn-based ethanol while producing a third-generation biofuel is an appealing 
venture with an entirely different design goal than described in the previous chapter. 
Iowa is one of the nation’s largest ethanol-producing states, accounting for nearly 
30% of the total U.S. ethanol production. While first generation corn ethanol has 
accounted for much of the production over the past five years, Iowa’s biofuel 
industry reached a landmark accomplishment in 2014 with the first commercial scale 
cellulosic ethanol plant (URBANCHUK 2014). Based on a straightforward mass 
balance, the process for converting sugars to ethanol produces 2.85 kg of CO2 for 
every gallon of ethanol, on average. The large supply of CO2 in Iowa is attractive for 
                                                       
8 The following sections contain a synopsis of a paper published by ROSENBERG et al. 2011 in BIOMASS & 
BIOENERGY. For a more detailed description of this case study, readers are referred to the online version of 
this article, where additional information can be found: dx.doi.org/10.1016/j.biombioe.2011.05.014 
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algae cultivation, but does come with a trade-off: the annual temperature variance is 
significant and can adversely affect the growth of algae. 
The CO2 concentration in the atmosphere is only ~400 ppm (KEELING 2008). For 
industrial purposes, relying only on diffusion of CO2 from this low concentration of 
ambient air limits algal growth. As such, a constant supply of CO2 during daylight 
hours is necessary to sustain the production of maximal biomass. This additional 
CO2 can be supplied to allow for maximum algal biomass production; however, 
sourcing and distribution can be a significant cost barrier. Locating algal culture 
facilities in close proximity to an ethanol biorefinery allows for a constant source of 
carbon and can reduce the operating costs by as much as 20% (BROWN 2009). Since 
microalgae have the potential for higher biomass productivities than terrestrial 
plants, they are able to sequester more CO2 per acre. On average, algae consume 
1.83 g CO2 to produce 1 g of biomass (WANG et al. 2008; SKJANES et al. 2007; CHISTI 
2007). This capacity to sequester CO2 makes them an ideal candidate for CO2 
mitigation. Studies conducted on the ability of algae to fix CO2 emissions from 
industrial power plants show an overall 90% reduction in CO2 from the flue gas 
(BROWN 1996). However, unlike the impure CO2 emissions from coal-fired power 
plants, biogenic CO2 produced by fermentation is a clean feedstock for algal growth. 
The purpose of this case study was to determine the feasibility of integrated algal 
cultivation in non-ideal Midwest climates using locally abundant resources, focusing 
on CO2 assimilation rather than meeting a target quantity of biofuel produced. A 
theoretical analysis of algal biomass production utilizing the excess heat and CO2 of 
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an Iowa ethanol biorefinery is proposed. Although some inherent biological 
limitations do exist for microalgal productivity, the aim of this study was to 
determine the challenges that an integrated biorefinery may encounter and provide 
engineering recommendations. 
By integrating large-scale microalgal cultivation with ethanol biorefineries, CO2 
sequestration can be coupled with the growth of algae, which can then be used as 
feedstock for biofuel production. In this case study, a 50-mgy ethanol biorefinery in 
Sioux City, Iowa was evaluated as a case study in order to reduce its carbon 
footprint. Theoretical projections for the amount of land needed to grow algae in 
raceway ponds and the oil yields of this operation were based on the amount of CO2 
from the ethanol plant. A practical algal productivity of 20 g m-2 d-1 would require 
over 2,000 acres of ponds for complete CO2 abatement, but with an aggressive 
productivity of 40-60 g m-2 d-1, a significant portion of the CO2 could be consumed 
using less than 1,000 acres. Due to the cold temperatures in Iowa, a greenhouse 
covering and a method to recover waste heat from the biorefinery were devised. 
While an algal strain, such as Chlorella vulgaris, would be able to withstand some 
temperature fluctuations, it was concluded that this process is limited by the amount 
of available heat, which could maintain only 41 acres at 73° F. Additional heating 
requirements result in a cost of $10-40 per gallon of algal oil, which is prohibitively 
expensive for biodiesel production, but could be profitable with the incorporation of 
high-value algal coproducts. 
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2.7 Material and Methods 
2.7.1 Climate and geography in Iowa for algae cultivation  
In order to model algae growth in a Midwest climate, Figure 10 shows the average 
temperatures for Sioux City, Iowa, which were used to calculate the amount of 




Figure 10. Monthly temperature data collected in Sioux City, Iowa from 2003 
(CLIMATE ZONE 2010). Each shaded bar represents the average temperature for each 
month with the associated lines denoting maximum and minimum temperatures. 
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2.7.2 Theoretical design of microalgal raceway ponds in the Midwest 
The proposed cultivation system is designed to maximize the use of available CO2 
and waste heat from a nearby ethanol biorefinery (Figure 11). The CO2 produced 
from fermentation is mixed with air to create a 30-50% v/v mixture before it is 
filtered, injected into the culture system, and converted into biomass. The waste heat 
from the ethanol biorefinery will also be used to heat the liquid medium in the 
culture system during the winter months.  
The proposed raceway pond is 100 m ! 10.1 m ! 0.2 m with a volumetric capacity 
of 200,000 L. The covering system will be constructed from greenhouse bays spaced 
1.5 m apart and covered with a greenhouse glazing material. After analyzing several 
different glazing materials, the most suitable choice for the covered ponds was a 
double layer polyethylene film. This film consists of two layers of polyethylene 
inflated with a pocket of air between them. The presence of air between the two 
layers decreases condensation and provides further insulation to the greenhouse 
(BLOM & INGRATTA 1984). Polyethylene film has a light transmittance of 76% for a 
double layer (THOMAS 2010). This provides more than adequate sunlight for maximal 
photosynthetic efficiency. Polyethylene is also a lightweight material that does not 
require a strong structural support. Polyethylene has a low thermal conductance of 
0.7 Btu hr-1 ft-2 °F-1 for a double layer film, which reduces the amount of heat lost 
from the structure (BOTH 2014; SANFORD 2005). Capital and operating costs of this 







Figure 11. Simplified process flow diagram of integrated algae production 
with an ethanol biorefinery. Through co-localization with a 50-mgy ethanol 
plant, the same basic steps of pond cultivation, biomass harvesting, and downstream 
processing used to describe algal oil production in New Mexico were assessed in Iowa. 
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A two-stage cultivation system will maintain a monoculture of microalgae within the 
ponds and ensure dominance of the desired species (HUNTLEY & REDALJE 2007). The 
first culturing system employs photobioreactors (PBRs), which have been effective at 
growing algae at small scales (LEE 2001). These PBRs are fabricated with 
transparent materials and allow for accelerated growth rates in relatively dense 
cultures due to high surface area to volume ratios (TSYGANKOV et al. 1994). PBRs 
can produce up to 20 g biomass L-1 compared to the 0.5-1.5 g L-1 observed in 
raceway ponds (LEE & PALSSON 1994). A high-density inoculum (grown in PBR) fed 
into the raceways coupled with daily harvesting is the most effective way to operate 
outdoor systems and encourages maximum utilization of available CO2 and waste 
heat. 
2.7.3 Engineering principles and mathematical projections 
The land requirements to sequester the CO2 are based on a range of areal 
productivities— a currently attainable 20 g m-2 d-1 through an aggressive estimate of 
60 g m-2 d-1. A value of 1.83 g CO2 g-1 biomass was used to determine the amount of 
CO2 sequestered. To estimate the theoretical maximum amount of biodiesel 
produced, complete mass conversion of CO2 to algal biomass and 100% algal oil 
extraction and transesterification efficiency were used as simplifying assumptions. A 
value of 0.864 kg L-1 was used for the density of biodiesel (MIAO & WU 2006). 
The peak heating requirements for the quarter-acre raceway pond were obtained 
using the convective, radiative and evaporative losses from the pond. Evaporative 
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losses accounted for the largest percent of heat loss from the pond (RAFFERTY & 
CULVER 1998; STOEVER 1941). Heat loss from the greenhouse to the outside air was 
also accounted for in the model. It was assumed that the greenhouse covering was 
well sealed with negligible air infiltration. An overall heat transfer coefficient for 
double-layer polyethylene insulation was used to determine the heat lost from the 
greenhouse to the atmosphere (BOTH 2014; SANFORD 2005). 
The available heat for the microalgal culture was designed to come from the ethanol 
biorefinery cooling tower stream. During the coldest part of the winter, wastewater 
streams exit the ethanol biorefinery at an average temperature of 29° C and are sent 
to a cooling tower where heat is removed. The cooling tower operating in Merill, 
Iowa is rated at 108 million Btu hr-1 and flows process water at 15,000 GPM. During 
the winter months the load on the cooling tower is lower due to a lower ambient 
temperature. The cooling water enters the cooling tower at 84.2° F and is reduced to 
73.4° F. A potential 81 million Btu hr-1 of energy is available in this stream and 
could be used to heat the raceway ponds. This data was obtained in 2009 from a 50-
mgy ethanol biorefinery operating in Merrill, Iowa (personal communication, CP 
Stremick, Plant Manager). 
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2.8 Results of integrated algae-ethanol biorefinery model 
Based on the information available on the climate and geography of Iowa as well as 
the sources of CO2 and heated water from a 50-mgy ethanol biorefinery, a detailed 
analysis was carried out to determine the feasibility of producing algal biofuels in the 
Midwest. The growth of a lead candidate alga under a variety of theoretical biomass 
and lipid productivity scenarios were used to determine the potential land areas and 
amount of CO2 and additional heat required for biofuel production. The 
corresponding capital and operational costs of the culturing system were used to 
determine a cost of production for crude algal oil. 
2.8.1 Algal species selection for Midwest climate 
Compared to the climate of New Mexico, more scrutiny was applied when selecting a 
microalgal species for biomass production in Iowa. Careful consideration was given to 
the following: (1) ability to grow in extreme environments; (2) rapid growth 
rate/doubling time; (3) cell characteristics which might reduce harvesting costs; (4) 
tolerance of temperature variations as well as changes in light intensity; (5) 
optimized growth for varying light/dark cycles and (6) high lipid content within 
cells. All of these factors are important in producing a large quantity of biomass 




Species Advantages Disadvantages Source 
• Temperature tolerance 5-30°C 
• Capable of growing in 40% CO2 
• Rapid doubling time 
Chlorella vulgaris 
• Substantial literature available 
• Optimum pH between 7.5-8 WANG et al. 2008; 
CHINNASAMY et al. 2009; 
MAXWELL et al. 1994 
• High lipid content • Slow doubling time Botryococcus 
braunii • Tolerates range of light intensities • CO2 & temperature tolerance unknown 
METZGER et al. 1985 
• Cells form colonies; settle rapidly • Optimal temperature 30-35° C Scenedesmus sp. 
• Ease of availability • Low CO2 tolerance 
WANG et al. 2008 
• Grows well in high CO2 levels Neochloris 
oleoabundans • High lipid content 
• Slow doubling time GOUVEIA & OLIVEIRA 
2009 
 
Table 4. Potential algal strains for the production of biodiesel in the Midwest. Although there can be significant 
variation in the physiology of different strains and cultivars of a single algal species, some generalized characteristics of four 
lead candidate microalgae are summarized here. The inherent positive and negative traits of these natural organisms serve as a 
suitable starting point for assumptions in algal productivity; however, the exact growth kinetics and lipid contents under 
production conditions remain necessary in order to explicitly model algal biofuel production. This line of research is further 
investigated in Chapters 3 and 4 by describing how strain selection can influence bioprocess design. 
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Adding high amounts of CO2 into the algal ponds will also make the culture medium 
acidic. Therefore, it is important that the species selected can grow in acidic 
conditions and tolerate pH shifts. This quality will also aid in preventing foreign 
species of algae from competing with the desired species. Based on these criteria, and 
taking into account the local climate and available resources, Chlorella vulgaris was 
selected as an optimal species for outdoor ponds in Iowa. This organism is capable of 
growing within a wide range of temperatures and irradiance and has a rapid doubling 
rate. These desirable traits help to ensure a relative monoculture within the raceway 
ponds. Furthermore, a significant amount of research has already been conducted on 
its ability to produce large quantities of lipids for biofuel production and this choice 
in organism is consistent with our model of New Mexico (KHASANOVA et al. 1978; 
NICHOLS et al. 1967; TIPINIS & PRATT 1960; JEONG et al. 2003; WIJANARKO et al. 
2004; GUARNIERI et al. 2011; GUARNIERI et al. 2013; ROSENBERG et al. 2014). 
Additionally, Chlorella species have been successfully cultivated to produce up to 25 
g m-2 d-1 in outdoor raceway ponds (DOUCHA & LIVANSKY 1995; HASE et al. 2000). 
2.8.2 Land requirements and CO2 sequestration 
For a biorefinery that produces 50 mgy of ethanol, 143,000 tons of biogenic CO2 are 
generated annually from fermentation. This allows for an abundance of carbon 
feedstock to support algal production. In determining the land requirements, two 
criteria were analyzed: the average algal areal productivity and the percent of CO2 to 
be sequestered. The areal productivity of microalgae is an important factor when 
determining the land requirement. Microalgae have been grown commercially with 
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areal productivities of at least 10 g m-2 d-1, but studies have shown that biomass 
productivities of up to 60 g m2 d-1 are attainable (GROBBELAAR 1999). 
The second factor critical to determining the land requirements is the percent of CO2 
that can be assimilated by algal biomass. Sequestering all the CO2 at 20 g m-2 d-1 will 
require 2,639 acres of continuous land, a large area that is not readily available. A 
more reasonable amount of land is 1,000 acres or about 1.56 square miles of land, 
where a potential 60% of CO2 can be sequestered with an areal productivity of 30 g 
m-2 d-1. (Figure 12). As the amount of land increases, the cost of pumping nutrients 
and harvesting the algae increases. Due to the shallow depth of raceway ponds, one 
of their innate flaws is their dependence on large areas of land. Therefore, careful 
consideration should be given to the balance between biomass productivity and cost 
of transporting CO2, nutrients and water. Proposals to provide nutrients for algae 
growths such as nitrogen source, phosphates, and potassium through on site 
production from anaerobic digestions of biomass are appealing (MULBRY et al. 2008; 




Figure 12. Estimated land requirements for various scenarios of areal microalgal productivity and carbon 
dioxide consumption (shaded regions). The dashed line at 1,000 acres represents a realistic amount of usable land in close 
proximity to the ethanol plant. Shaded rectangles that fall within this region are deemed plausible cases; however, 
productivities greater than 30 g m-2 d-1 are considered extremely aggressive for raceway pond production. 
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The theoretical maximum amount of biodiesel that can be produced was calculated 
for various percentages of potential oil accumulation, assuming 1.83 g of CO2 yields 1 
g of biomass and a 1:1 mass conversion of algal oil to biodiesel. These projections 
also assume that the oil present in the algae is usable triacylglycerol (TAG) as an 
ideal feedstock for biodiesel production that can easily undergo transesterification in 
the presence of an alcohol, such as methanol or ethanol, and a catalyst, such a 
sodium hydroxide or potassium hydroxide (KADAM 1997). Based on the areal 
productivity of 20 g m-2 d-1, a target goal of sequestering 50% of the available CO2 is 
a possible option, requiring just over 1,000 acres and producing 2.4 million gallons of 
biodiesel (~57,000 barrels) annually. If higher contents of cellular lipids (e.g. 60%) 
are achievable in improved algal strains, a maximum of 7.2 million gallons (~171,000 




Oil Produced (million gallons year-1) 
at Different Algal Lipid Contents (%)  




(metric tons year-1) 
Algal Biomass Produced 
(metric tons year-1) 
20% 40% 60% 
100% 143,000 78,000 4.8 9.5 14.3 
80% 114,000 62,000 3.8 7.6 11.5 
60% 86,000 47,000 2.9 5.7 8.6 
50% 71,000 39,000 2.4 4.8 7.2 
Table 5. Correlations between CO2 utilization, biomass production, and oil yield. Based on different milestones of 
waste CO2 conversion (% of total ethanol plant output), projections for the amount of algal oil that can be produced annually 
over a range of lipid contents are depicted. All values assume an areal productivity of 20 g m-2 d-1; however, lipid accumulation 
scenarios between 20-60% of the algal biomass are modeled. 
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2.8.3 Heating requirements 
Maintaining a constant water temperature during the winter months, especially 
during periods of irradiance is critical to ensure algal viability and high productivity. 
To maintain a constant temperature within the raceway ponds, the waste heat 
streams from the ethanol biorefinery were analyzed for available heat. The available 
sources of usable heat from the ethanol biorefinery are from the distillation tower 
and evaporator effluent as well as the fermentors. These heat source streams are sent 
to a cooling tower, which removes the heat and then recycles the water back into the 
ethanol production process. 
The peak heating requirements for the quarter-acre raceway pond were obtained 
using the convective, radiative and evaporative losses from the pond. The amount of 
heat required on a monthly basis was calculated using the assumption that the peak 
heating requirements were needed for a 12-hour period during the night for the entire 
month (Figure 13). To estimate the maximum peak heating requirement for a 
quarter-acre raceway pond, January’s minimum temperature of 7.7° F was used to 
determine a heating requirement of 490,000 Btu hr-1. During the months of 
December and January, when the temperatures are the coldest, only a theoretical 
maximum of 41 acres can be heated to a temperature of 73.4° F. 
Since 41 acres only accounts for a small fraction of 1,000 acres required to sequester 
60% the CO2, the temperature change in the raceway ponds was examined if only 
one quarter of the required heat was delivered to each raceway pond. The large 
quantity of water in the ponds contains thermal energy, which can be used in the 
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event of the lack of additional heat. Therefore, if 122,500 Btu hr-1 were supplied to 
each pond, over an 8-hour period the total heat loss from the raceways would be 
roughle 3 million Btu. This correlates to a 6.6° F change in the culture temperature 
overnight for 165 acres, which is still only one-sixth of the desired acreage. The sun’s 
irradiance during the day is capable of heating the pond back to 73.4° F. In certain 
cases, a lower nighttime temperature can be beneficial by slowing down the aerobic 
respiration rate of the algae and can prevent the loss of up to 30% of the daily 





Figure 13. Monthly heating requirements for algal biomass production in 
raceway ponds in Iowa. Compared to Figure 10, the additional heat necessary is 
complementary to the temperature profiles for Sioux City, IA and no supplementary 
heat is required during the summer months. 
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2.8.4 Economic evaluation 
In order to determine the financial viability of this integrated biorefinery, the capital 
and operational costs were analyzed for 1,000 acres. The capital costs include 
raceway construction, greenhouse structures and glazing material, and the CO2 
transfer system (Supplementary Table S1: Appendix B). 
Next, the operating costs of sequestering CO2 to produce biomass and harvest it were 
analyzed. The operational costs of the raceways include the maintenance of the 
ponds, harvesting and de-watering, algal nutrient costs as well as electricity and 
supplementary heating costs. Electricity costs include the pumps, paddle wheel 
motors, CO2 blowers to deliver CO2 into the ponds as well as blowers to keep the 
double layer polyethylene film inflated. The annual heating costs were estimated 
based on the assumption that the peak heating for each month was required for a 
daily period of 12 hours. It was also assumed that electricity would be used to heat 
the raceway ponds, at a cost of 4.95 cents kWh-1 (ENERGY INFORMATION 
ADMINISTRATION 2010). Finally, the heating costs were also adjusted to account for 
the 41 acres that could be supported through the heat from the ethanol biorefinery. 
The operational costs were calculated on a per acre basis. Expected annual operating 
costs for a quarter-acre covered raceway pond unit operating in Iowa are listed in 
Supplementary Table S2 (Appendix B). A large fraction of the operational cost, 
between 70-90%, is due to the heat required for the raceway ponds.  
Based on the capital investment and operational costs at these various levels of areal 
productivity, the cost to produce wet algal biomass is estimated to be between $0.95 
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and $2.30 per kg, with values less than $1.25 kg-1 considered as highly optimistic 
cases. These calculations include de-watering and harvesting costs, but not the 
energy-intensive step of drying. The corresponding price of algal oil within these cells 
would be anywhere between $5.10 and $36.25 per gallon, again, with prices below 
$20.00 gal-1 for aggressive cases of high areal productivity and oil content – not 
including the costs to extract and reclaim the lipids for transesterification to 
biodiesel. Figure 14 shows the dependence of algal oil cost on both areal productivity 
and lipid content. Even for the lowest estimate of just over $5.00 gal-1 for an 






Figure 14. Price of microalgal oil over a range of areal productivities and 
lipid contents. These prices are relatively intangible because they account for only 
the cost to produce lipids within the algal cells, discounting any extraction or 
downstream processing costs; however, they provide a good benchmark when moving 
forward with the evaluation of biodiesel production. 
104 
 
2.9 Discussion and Conclusions 
The ultimate feasibility of algal production systems with ethanol biorefineries 
depends on several factors that were taken into account in this analysis: (1) algal 
growth rate; (2) lipid content of the algae; (3) algal concentration in growth system; 
(4) cost of the growth system and, most importantly for Iowa, and (5) available heat. 
Based on current algal productivities alone, a large fraction of the CO2 from the 
ethanol biorefinery could potentially be sequestered. Albeit technically feasible, the 
project is not currently economically viable for the purpose of producing biofuels. 
This conclusion is based principally on the large heating requirements well in excess 
of heat energy available from the ethanol biorefinery as a byproduct. It should be 
noted that this analysis does not provide a “fully burdened” cost of algal biofuel since 
it does not explicitly include post-processing. Instead, the assessment of algal 
biocrude production focuses heavily on upstream factors that influence biological 
production. 
With current baseline technologies of growth systems, reasonably attainable algal 
productivities and lipid contents, the cost of producing biodiesel from algae in 
conjunction with an ethanol biorefinery would be in the range of $10.00 to $40.00 per 
gallon. For calculating the price of actual biodiesel we have assumed a price of 
approximately $5.00 gal-1 for extraction and downstream processing based on prior 
modeling and publicly available data for smaller-scale extraction equipment. While 
$10.00 would be the price for a somewhat impractical case of 60 g m-2 d-1, a more 
probable estimate would be at least above $30.00 per gallon. Although this figure is 
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currently too high for the biodiesel market, these costs are likely to decrease with 
technological advancements that are currently underway. 
The high heating costs incurred by maintaining a constant temperature within the 
ponds are prohibitive for producing biofuels at large scales in Iowa. Since evaporative 
losses appear to be the most significant source of heat dissipation, one possible 
solution would be to maintain the interior of the greenhouse at a high humidity by 
using the saturated water vapor from evaporative processes (distillation, cooling) of 
the refinery. This preemptive mechanism of using water vapor to reduce evaporation 
would minimize the amount of heat provided to the culture medium. 
The small fraction of land sustainable by the available heat shows that raceway 
ponds may not be the best method to cultivate algae in the Midwest. Alternative 
culturing systems including enclosed PBRs, such as low-cost flat panel reactors, need 
to be investigated for this installation. While such enclosed growth systems represent 
higher initial capital costs, this can be compensated by improved efficiencies and 
lower ongoing heating costs. High-performance PBRs will also enhance the transfer 
of CO2 to the culture medium. Furthermore, for practical implementation in close 
proximity to a biorefinery, a land requirement of even 1,000 acres may be unrealistic. 
Two viable options to mitigate the CO2 emissions of bioethanol production in the 
Midwest are (1) to operate the algal production ponds for a 6-month period during 
the warmer months or (2) produce algal biomass for high-value products, such as 
nutraceuticals or premium aquaculture feed to offset operating costs. The significant 
variation in average temperatures in Iowa suggests the necessity to develop at least 
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two strains of algae— one for summer and one for winter, akin to seasonal crop 
rotation. It is noteworthy that perhaps the most productive body of water on Earth 
for algal biomass is the South Ocean during the southern hemispheric summer. Even 
in summer months, such bodies of water are still relatively cool and capable of 
supporting very high algal productivities. The inherent flaws in growing algae in 
open raceway ponds are the low and inconsistent cell densities and large areal 
footprint. Photobioreactors can begin to address some of these problems, but 
improvements in manufacturing costs and design must be achieved for these PBRs to 
be a viable alternative. Higher culture densities achieved in PBRs can also reduce the 
harvesting costs. An alternative approach to addressing heating costs, areal 
productivity, and harvesting may include the development of immobilized algal 
growth systems, such as biofilm-based bioreactors examined in this dissertation. 
Downstream of the growth process, some of the excess CO2 can be used to extract 
the products produced by the algae with various CO2-based extraction methods 
(DONOHUE et al. 2012; DONOHUE & WILLIAMS 2013). This environmentally conscious 
solution circumvents the use of toxic solvents, such as hexane, to isolate the lipids. 
By taking advantage of other naturally available clean biogenic resources in Iowa, 
additional mechanisms of reducing the overhead of this process may include solar 
and wind power generation to help reduce the carbon footprint of this process 
(SUBHADRA & EDWARDS 2010). Additionally, the cultivation of algal species tolerant 
of wastewater may also reduce the operating costs of this process; however, these 
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amendments would likely improve the economic viability only marginally, as the 
major bottleneck is still the high cost of supplementary heat during the winter. 
It is important to note that the heating requirements for the algal growth systems 
described in this analysis are based on covered raceway ponds. The assumptions, 
including the use of raceways, in this analysis are based on current techniques, 
productivities, and processes for mass algal cultivation. We believe that this analysis 
is best applied as a guide for areas of research and improvement required to allow 
algal biofuels production in conjunction with bioethanol biorefineries to become fully 
viable. These areas include heat efficient, low-cost high-productivity PBRs, and high-
productivity (potentially genetically engineered) algal organisms with perhaps 
different strains for different seasons. For downstream processing, the use of a range 
of biofuel metabolites in addition to lipids and lower cost mechanisms of harvesting, 
including secretion of the biofuels metabolites, will undoubtedly improve the process. 
The findings presented in this section are corroborated by the fact that, presently, 
nearly all algal biomass production facilities are operated in temperate to tropical 
locations. Although algal biofuels may not yet be economically achievable in Iowa, 
algae show great promise for the remediation of CO2 point sources. Integrated-
ethanol biorefineries will, nonetheless, be an important step toward positive publicity 
of both ethanol and microalgal biomass production. Although affordable biofuel 
production from microalgae in Iowa is currently unattainable, this remains a very 
realistic goal provided research on the key barriers to production can be 
accomplished. This important mechanism enabling Midwest ethanol biorefineries to 
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sequester carbon dioxide biologically can begin immediately with small-scale system 
that take advantage of the profitable returns of high-value algal coproducts before 
algal biofuel production can be fully implemented.  
2.10 Applicability of Southwest & Midwest TEA in future process design 
Both of these TEA models describing algal biofuel production were created with the 
intention to objectively assess the current best practices in photoautotrophic algal 
bioprocessing for crude oil production. By identifying critical processing variables 
capable of influencing the cost of biocrude production, these models can act as 
engines to drive new conceptual developments in algal cultivation and are able to 
compare the challenges associated with different farm locations (VENTERIS et al. 
2013). While the results of these modeling efforts are certainly nuanced and strongly 
influenced by the baseline assumptions, in the most general terms, two major 
opportunities to improve algal biofuel production are to reduce water requirements 
during cultivation and increase oil content recovered in the biomass. Improvements 
in either of these sensitivity variables will have positive effects on the sustainability 
and economics of biofuel production. In order to address these two fundamental 
issues, future process development must be targeted at engineering the physical 
structure of growth systems for cultivation and affecting the biochemical 




As a result of the cost sensitivity analysis summarized in Figure 9, lipid content was 
found to be the major biological factor that can most significantly affect the cost of 
algal oil production. This finding is reflected in both Southwest and Midwest 
geographies (Figure 14) and remains in close agreement with other recent TEA 
models (SUN et al. 2011; DAVIS et al. 2012). Collectively, the TEA and LCA work in 
this area suggest that large-scale cultivation will require more integrated methods of 
regulating biomass composition, maintaining high cultivation efficiencies, and 
carefully assessing feedstock availability (e.g., carbon dioxide and water) to maintain 
high lipid yields. Although metabolic engineering of algae may offer improvements at 
the molecular level as well as diverse biosynthetic pathways to explore, there are a 
number of uncertainties associated with genetic manipulation at industrial scales 
(FLYNN et al. 2013; FLYNN et al. 2010; GRESSEL et al. 2013; HENLEY et al. 2013). 
Alternatively, biological optimization of culture conditions is indeed capable of 
inducing metabolite accumulation relevant to biofuel production using indigenous 
microalgae (HO et al. 2013). Whether by genetic intervention or regulation of 
nutrient conditions, higher neutral lipid contents and augmented total lipid 
productivity directly affect the energy content of algal biomass (ILLMAN et al. 2000). 
In addition to the recent advances in genetic improvement of production organisms, 
such as Chlorella and Scenedesmus (VIGEOLAS et al. 2012), a recent evaluation of 
over 2,000 algal strains from culture collections further exemplifies the vast 
biodiversity in lipid distribution that exists between different organisms under 
uniform autotrophic growth conditions (LANG et al. 2011). Since differential growth 
conditions add significant complexity to these oil profiles, strain selection must 
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ultimately be paired with culture conditions that are applicable to bioproduction 
objectives. In line with this goal, Chapters 3 and 4 of this thesis aim to exploit the 
metabolic flexibility of microalgae under photosynthetic and heterotrophic conditions 
to first identify robust organisms for oil production and then develop enrichment 
strategies using organic substrates. 
Aside from biological parameters involved in algal biofuel production, the 
engineering aspects of facility design requiring intensive water and energy inputs 
over extensive land areas are related to paddlewheel-driven raceway ponds (LEE 
2001; BEN-AMOTZ 2008). Lifecycle analyses of algal biofuels are favorable by only 
narrow margins depending on technologies employed for cultivation, harvesting, and 
extraction of oils (WILLIAMS & LAURENS 2010). The significant variation in recent 
cost projections for unrefined algae oil not only illuminates an opportunity for 
technological improvement, but also underscores disparities among production 
processes within this nascent field. As we compare the conventional architecture of 
algal cultivation to land plants, which have evolved specialized structures (leaves & 
oil seeds) for distinct cellular functions, it follows that novel algae cultivation 
strategies may be biomimetic by employing a leaf-like structure to assemble algae 
cells as photocatalysts. Thus, another technical objective of this dissertation is to 
create a membrane support system to reduce energy and water inputs. In terms of 
the interrelated issues of nutrient sourcing and the potential for co-localization with 
industrial sources of CO2, some have even posited that a potential bottleneck to such 
production goals arise from limitations in sufficient sources of concentrated CO2 in 
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flue gas (CHISTI 2013). One potentially underutilized source of CO2 comes from 
fermentation often associated with ethanol biorefineries at large scale. As an example 
of this type of integration, the ultimate value proposition and feasibility approach of 
BioProcess Algae, LLC exploits algal growth on solid substrates (biofilms) within 
closed greenhouses that are co-localized with the biogenic CO2 sources of ethanol 
plants in the Midwest. With the first commercial-scale cellulosic ethanol plant in 
Iowa starting production in September 2014, future expansion of cellulosic ethanol 
will require methods for CO2 capture and present opportunities for its reuse. 
Operated by POET-DSM in Emmetsburg, Iowa, the Project Liberty plant will 
produce 25-mgy of cellulosic ethanol at full capacity (~600,000 bbl yr-1). Future 
development of integrated algal biorefineries should look toward co-localization with 
this type of waste CO2, while also seeking supplemental organic feedstocks to 
enhance and diversify carbon nutrition to algae (i.e., promote mixo– or heterotrophic 
growth).  
In conclusion, progressive approaches to integrated algae production can permit 
next-generation biofuel in non-ideal climates that have previously been dominated by 
corn-based ethanol. By co-localizing with an ethanol biorefinery, the use of waste 
heat and CO2 is technically feasible with conventional technologies at small- to 
moderate scales (< 100 acres), but limited by the balance of carbon dioxide to heat 
(ROSENBERG et al. 2011). In New Mexico, a more robust technoeconomic analysis 
and critical evaluation of the scalability of raceway ponds driven by paddlewheels 
revealed that water requirements are massive and the energy required to circulate 
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water by paddlewheels is a prohibitive operating expense (ROGERS et al. 2014). 
Having now quantified the potential improvement goals and tradeoffs between lipid, 
water, and nutrients from both economic and environmental perspectives, these 
underpinnings will enable the design of more cost effective, sustainable algae 
production systems with a focus on EROI (BEAL et al. 2012). The proceeding body 
of work aims to develop the knowledge base to implement bio-film-reactors in concert 
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3           
COMPARATIVE ANALYSES OF 
CHLORELLA SPECIES REVEAL 
DISTINCTIVE LIPID ACCUMULATION 




Based on the technoeconomic choke points forecasted in the previous chapter, 
attaining consistently high lipid content in harvested biomass remains paramount to 
both the financial viability and long-term sustainability of algal biofuels. As such, 
this chapter describes an algal strain selection pipeline based on phylogenetic species 
identification, physiological growth response to light and/or sugar, and biochemical 
                                                       
† This chapter contains excerpts from the paper by ROSENBERG et al. 2014 entitled Comparative analyses of 
three Chlorella species in response to light and sugar reveal distinctive lipid accumulation patterns in the 
microalga C. sorokiniana, which was published in PLOS ONE (9:e92460) and is reprinted here with 
permission to redistribute under a Creative Commons License. 
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characterization of shifts in fatty acid composition imposed by heterotrophic 
metabolism. Focusing on the Chlorella genus, these species differ significantly in 
their photoautotrophic and heterotrophic characteristics. Certain species have the 
potential to achieve high cell densities under heterotrophic conditions and can 
accumulate energy-dense neutral lipids as triacylglycerol (TAG), which is amenable 
to extraction and conversion to biofuel. In this chapter, the molecular phylogeny of 
thirty Chlorella strains was determined in order to inform bioprospecting efforts and 
detailed physiological assessment of three species. The growth kinetics and lipid 
biochemistry of C. protothecoides UTEX 411, C. vulgaris UTEX 265, and C. 
sorokiniana UTEX 1230 were quantified during photoautotrophy in Bold’s basal 
medium (BBM) and heterotrophy in BBM supplemented with glucose (10 g L-1). 
Heterotrophic growth rates of UTEX 411, 265, and 1230 were found to be 1.5-, 3.7-, 
and 5-fold higher than their respective autotrophic rates. With a rapid nine-hour 
heterotrophic doubling time, Chlorella sorokiniana UTEX 1230 maximally 
accumulated 39% total lipids by dry weight during heterotrophy compared to 18% 
autotrophically. Furthermore, the discrete fatty acid composition of each strain was 
examined in order to elucidate lipid accumulation patterns under the two trophic 
conditions. In both modes of growth, UTEX 411 and 265 produced 18:1 as the 
principal fatty acid while UTEX 1230 exhibited a 2.5-fold enrichment in 18:2 
relative to 18:1. Although the total lipid content was highest in UTEX 411 during 
heterotrophy, UTEX 1230 demonstrated a two-fold increase in its heterotrophic 
TAG fraction at a rate of 28.9 mg L-1 d-1 to reach 22% of the biomass, 
corresponding to as much as 90% of its total lipids. Interestingly, UTEX 1230 
124 
 
growth was restricted during mixotrophy and its TAG production rate was 
suppressed to 18.2 mg L-1 d-1. This constraint on carbon flow raises intriguing 
questions about the impact of sugar and light on the metabolic regulation of 
microalgal lipid biosynthesis. 
3.1 Introduction 
While many benefits of microalgae production are inherent to photosynthetic carbon 
dioxide assimilation, heterotrophic growth can circumvent certain limitations of 
photoautotrophic cultivation, such as ineffective light transfer in saturated cultures 
and low photosynthetic efficiencies (BLANKENSHIP et al. 2011; ZHU et al. 2008). 
During heterotrophy, the presence of a fixed carbon source (i.e., sugar) can promote 
rapid growth, support high cell densities, and augment lipid accumulation (BUMBACK 
et al. 2011). As such, this mode of growth has been exploited for the industrial 
production of polyunsaturated fatty acids and bioactive pigments to serve nutritional 
markets (SENANAYAKE et al. 2010; PATNAIK et al. 2006). In recent years, however, 
incentives to grow oleaginous microalgae have shifted toward biofuels as an end 
product (DAVIS et al. 2012; SCHENK et al. 2008; MIAO & WU 2006). Triacylglycerol 
(TAG) is a preferred renewable oil because it possesses a high molar ratio of 
hydrogen to carbon, can be easily extracted from biomass and directly converted to 
drop-in biofuels by transesterification, hydrotreating, or pyrolysis (LI et al. 2007; 
HARWOOD et al. 2009). If heterotrophic substrates can be sustainably sourced for 
relatively low cost (e.g., derived from cellulosic biomass, wastewater, or directly 
produced by other photoautotrophs) (NIEDERHOLTMEYER et al. 2010), the 
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bioconversion of organic compounds to lipids may be a viable model for algal biofuel 
production (NATIONAL RESEARCH COUNCIL 2012; VASUDEVAN et al. 2012). 
For the commercial cultivation of microalgae, nitrogen limitation is a well studied 
environmental stressor known to induce lipid accumulation (CONVERTI et al. 2009; 
MSANNE et al. 2011; SHEEHAN et al. 1998; STEPHENSON et al. 2010). Detailed 
analyses of heterotrophic algal oil production have also been reported and recently 
reviewed (SPOEHR et al. 1949; SAMEJIMA et al. 1958; PEREZ-GARCIA et al. 2011; 
XIONG et al. 2010; FAN et al. 2012a; ZHENG et al. 2012). Additionally, mixotrophic 
cultivation with sugar and light can stimulate high oil yields (LEE et al. 2006). While 
we have previously assessed the biomass and lipid productivities of Nannochloropsis, 
Dunaliella, and Chlorella species grown on a wide variety of sugars (WAN et al. 
2012a), the present study focuses on the Chlorella genus of green algae 
(Chlorophyceae), most commonly known for its nutritional benefits when consumed 
in whole cell dietary supplements (KIRON et al. 2012; TREDICI et al. 2009; GOUVEIA 
et al. 2008). Various aspects of plant physiology and metabolism have also been 
studied in Chlorella for nearly a century (WARBURG & NEGELEIN 1920; KESSLER 
1976). In the early 1950s, when open pond cultivation systems first became 
prevalent, Chlorella species were some of the first microalgae to be produced in mass 
quantities and an investigation of scale-up “from laboratory to pilot plant” was 
reported by Burlew (1953). 
Despite the long history of the Chlorella genus, currently the only species with a fully 
sequenced, annotated, and publicly available genome is Chlorella variabilis NC64A 
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(BLANC et al. 2010). This unique strain is both the host to large DNA chloroviruses 
and can be an endosymbiont of Paramecium bursaria, surviving through mixotrophic 
nutrient exchange (MCAULEY 1986; MUSCATINE et al. 1967; ZIESENISZ et al. 1981). 
When NC64A is not harbored by P. bursaria, it is susceptible to viral infection and 
requires nutrient supplementation to grow (DUNIGAN et al. 2012; VAN ETTEN 2003; 
YAMADA et al. 2006). While its genome remains a valuable resource for 
understanding the balance of carbon metabolism, symbiosis, and pathogen-host 
interactions, NC64A is not a likely candidate for biomass production due to its low 
yields. Instead, other Chlorella species have been cultivated under mixo– and 
heterotrophic conditions for the production of lutein and astaxanthin (antioxidants) 
and have served as the basis for mathematical models of sugar-based growth (SHI et 
al. 2006; SHI et al. 2000; IP & CHEN et al. 2005; SUN et al. 2008; FENG et al. 2012; 
MATSUKAWA et al. 2000). Recent metabolic flux analyses and transcriptomic studies 
performed under different trophic conditions also provide compelling information 
about shifts in Chlorella lipid metabolism (XIONG et al. 2010; GUARNIERI et al. 2011; 
WAN et al. 2012b; FAN et al. 2012b).  
In order to fulfill an ongoing search for production organisms and model algal 
systems, the present study assesses the biodiversity of Chlorella species based on 
biofuel production qualities of heterotrophic growth and TAG accumulation when 
supplemented with glucose at 10 g L-1. After phylogenetic sequencing of thirty 
strains from culture repositories, C. sorokiniana UTEX 1230, C. vulgaris UTEX 265, 
and C. protothecoides UTEX 411 were selected for comparative analyses based on 
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growth rates, biomass yield, and lipid productivities in photoautotrophic and 
heterotrophic culture. The influence of heterotrophy and mixotrophy on lipid 
biochemistry was also investigated through examination of the abundance, 
composition, and distribution of total oils as membrane-associated lipids, TAG 
neutral lipids, or accessory lipophilic molecules. Finally, discrete lipid profiles were 
determined using gas chromatography–mass spectrometry (GC-MS) to evaluate the 
dynamics of fatty acid chain length and degree of saturation during the course of 
cultivation. As a result of this comprehensive Chlorella species screening, the 
occurrence of differential lipid compositions led to further consideration of C. 
sorokiniana as a potential platform for bioenergy and biotechnology. 
3.2 Materials and Methods 
3.2.1 Microalgal cultivation 
Stock samples of microalgal strains were obtained from the Culture Collection of 
Algae at University of Texas at Austin (http://web.biosci.utexas.edu/utex/) and 
maintained on sterile agar plates (1.5% w:v) containing Bold’s basal medium (BBM) 
(NICHOLS & BOLD et al. 1965). Cells were cultivated in 1.5-L glass Fernbach flasks or 
8-L glass Bellco bioreactors (New Jersey, USA) at 27° C (± 1) using BBM. Each 
axenic batch culture was inoculated with exponentially growing cells at a density of 1 
! 106 cells ml-1, constantly stirred, and bubbled with sterile air and monitored with 
a calibrated M240 digital pH meter (Corning, Inc., New York, USA). 
Photoautotrophic cultures were illuminated with cool-white fluorescent light at an 
intensity of 100 !E m-2 s-1. Heterotrophic and mixotrophic cultures were 
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supplemented with glucose at a concentration of 10 g L-1. While heterotrophic 
cultures were grown in complete darkness, mixotrophic cultures were grown with a 
light intensity of 100 !E m-2 s-1. Cell densities were measured by hemocytometer 
with an Axiovert 100 inverted light microscope (Carl Zeiss, Göttingen, Germany). 
Measurements were taken in duplicate and experiments were repeated at least three 
times. Liquid cultures were harvested using a high-speed centrifuge (Sorvall® RC-
5B, Delaware, USA) at 6,000 " g for 20 minutes. 
3.2.2 Species identification by genetic sequencing and phylogeny 
Species-specific genetic fingerprints were determined by sequencing the internal 
transcribed spacer (ITS) regions of ribosomal DNA (AN et al. 1999; HOSHINA et al. 
2010; HUSS et al. 1999). Nucleic acids were extracted from clonal algal populations 
using a 5% Chelex-100 solution as described previously (WAN et al. 2011b). After 
boiling at 100° C for 15 minutes, samples were centrifuged at 16,000 " g for 2 
minutes and DNA recovery was quantified using a NanoDrop 2000 
spectrophotometer (Thermo Fisher Scientific, Delaware, USA). The primers designed 
for this study (5'-ACTCCGCCGGCACCTTATGAG-3'; 5'-CCGGTTCGCTCGCCGTTACTA-3') 
were used to amplify the ITS regions with the Top Taq Master Mix Kit (Qiagen, 
California, USA) according to the manufacturer’s protocol employing thermocycler 
conditions with an initial melting at 95° C for 2 minutes, followed by 35 cycles of [94° 
C for 30 sec, 60° C for 30 sec, 72° C for 2 min] and a final elongation at 72° C for 10 
minutes. Amplified fragments were separated by electrophoresis on an acrylamide 
(1% w:v) tris-borate-EDTA gel. Molecular weights were determined with a 
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GeneRuler 1 kb Plus DNA Ladder (Fermentas, Delaware, USA) and ultimately 
purified using the GenCatchTM PCR Extraction Kit (Epoch). The resulting 
nucleotide sequences of 18S ITS regions (Eurofins MWG Operon, Ebersberg, 
Germany) can be found as annotated entries in the GenBank database 
(http://www.ncbi.nlm.nih.gov/genbank/) and were aligned using version five of the 
Molecular Evolutionary Genetics Analysis (MEGA) software suite employing the 
MUSCLE alignment feature and neighbor joining method to produce phylogenetic 
trees (TAMURA et al. 2011). 
3.2.3 Measurement of algal biomass dry weight and total lipid content 
In order to measure dry biomass yield, algal cultures were harvested as described 
previously, dried overnight in a vacuum oven at 60° C (Precision Scientific Model 
5831, NAPCO, Virginia, USA) and weighed in triplicate. For total lipid extraction, 
washed cell pellets were freeze-dried with a lyophilizer (Model 25 SRC, Virtis, New 
York, USA) to preserve the integrity of fatty acids and homogenized with a mortar 
and pestle in liquid nitrogen. For each sample, 100 mg of homogenized biomass was 
extracted in 6 ml of 1:2 (v:v) chloroform:methanol containing 0.01% 
butylhydroxyltoluene and 500 !g of tripentadecanoin (15:0 TAG, Nu-Check Prep, 
Minnesota, USA) was added as an internal standard (BLIGH & DYER et al. 1959). To 
the 6 ml total extraction volume, 1 ml of 0.7 mm diameter zirconia beads (BioSpec 
Products, Oklahoma, USA) was added and vortexed at room temperature for 30 
minutes. After centrifugation at 1,500 " g for 5 minutes, the chloroform phase was 
collected and the water phase was re-extracted using 5 ml of chloroform; re-
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extraction was repeated three times. The pooled chloroform phases were evaporated 
to dryness under a stream of nitrogen. To confirm the methodological validity of 
manual oil separation (LAURENS et al. 2012), total lipid extractions were performed 
in parallel using an automated Accelerated Solvent Extraction 150 system, which 
employs elevated temperature and pressure (120° C, 1,500 psi, 4 reflux cycles) to 
accomplish rigorous oil separation and is generally recognized as the most effective 
oil extraction equipment (Dionex, Thermo Fischer, Delaware, USA) (LUTHRIA et al. 
2004; MULBRY et al. 2009). The closely comparable total lipid contents of manual 
and automated extractions were determined in triplicate by gravimetric methods. 
3.2.4 Fatty acid methyl ester (FAME) analysis 
Extracted lipids were transmethylated to FAME as previously described (MSANNE et 
al. 2011) and TAG separation was accomplished by thin layer chromatography. 
FAME was analyzed using an Agilent 6890 Series Gas Chromatography System with 
an Agilent 5973 Network Mass Selective Detector (Agilent Technologies, Delaware, 
USA). Chromatography was carried out using a 200 m ! 250 !m ! 0.25 !m Varian 
GC capillary column (Varian Inc., California, USA) with the inlet held at 270° C 
while 1 !l of the sample was injected using helium as the carrier gas. The oven 
temperature was programmed for 130° C (10 min) to 160° C (7 min); 160° C to 190° 
C (7 min), from 190° C to 220° C (22 min) and from 220° C to 250° C (17 min) at a 
rate of 10° C min-1 for each step. The total analysis time was 75 minutes using 70 eV 
electron impact ionization and data was evaluated with total ion count. 
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3.2.5 Relative lipid content analysis in situ by Nile Red fluorescence 
Nile Red (AnaSpec, Inc., California, USA) was dissolved in acetone to yield a 250! 
stock solution following previous protocols (COOKSEY et al. 1987). For each Chlorella 
sample, 10 !l of Nile Red stock was mixed with 2.5 ml of algal culture diluted to 4 ! 
107 cells ml-1 in a glass fluorometer cuvette (Starna Cells, Inc., California, USA). A 
PTI spectrofluorometer (Photon Technology International, Inc., New Jersey, USA) 
comprised of the SC-500 Shutter Control, MD-5020 Motor Driver, LPS-220B Lamp 
Power Supply, and 814 Photomultiplier Detection System was used to excite samples 
at 486 nm and collect fluorescent emission spectra over a 500-660 nm range using the 
accompanying PTI FeliX32 software. 
3.3 Results 
3.3.1 Phylogenetic analysis of Chlorella species and strain pedigree 
For our initial species selection, a “genetic fingerprint” based on the 18S ribosomal 
RNA’s internal transcribed spacer (ITS) regions was established for each isolate from 
a collection of over thirty Chlorella strains and used to construct a phylogenetic tree 
(Figure 15). The annotated 18S ITS sequences for these organisms have been made 
available online through the NCBI GenBank database under the PopSet ID: 
631798695 (ncbi.nlm.nih.gov/popset). During this survey, we encountered some 
Chlorella strains that had been designated as related species (e.g., UTEX 29, 2714) 
and some strains that group within a separate genus entirely (UTEX 2248, 252). 
Sequencing of the ITS regions also revealed close phylogenetic relationships between 
Chlorella species in our collection and other strains with active genome projects or 
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available transcriptomes, including NC64A, CS-01, UTEX 395, 259, and 25 
(GUARNIERI et al. 2011; WAN et al. 2012b). 
In order to compare autotrophic Chlorella species’ propensity to grow on glucose and 
accumulate lipids under uniform heterotrophic conditions, C. sorokiniana UTEX 
1230, C. vulgaris UTEX 265, and C. protothecoides UTEX 411 were selected based 
on vigorous growth attributes during preliminary examination in minimal nutrient 
Bold’s basal medium (BBM) (unpublished data). These three strains were found to 
be phylogenetically distinguishable within their species groupings and each possesses 
unique physiological traits. The first in this group, Chlorella sorokiniana UTEX 
1230, has been studied extensively for its carbohydrate, lipid, protein, and 
biopolymer content (TAKEDA et al. 1988; BANSKOTA et al. 2013; KODNER et al. 2009) 
as well as hydrogen photoproduction (BRAND et al. 1989), glucose transport (KOMOR 
et al. 1988), production of biomolecules by fermentation (LEE et al. 1996; RUNNING 
et al. 1996), and bioremediation capabilities (JEONG et al. 2003; KOBAYASHI et al. 
2013a; LI et al. 2011; POLAKOVI!OVÁ et al. 2012). This organism was isolated by 
Sorokin and Meyers in the early 1950s and maintained in many culture collections 
under different strain numbers, originally classified as C. pyrenoidosa (SOROKIN & 
MEYERS 1953; FAHEY et al. 1987; HAEHNEL et al. 1982; ROSEN et al. 1985; ZELIBOR 
et al. 1988). 
Chlorella vulgaris is a closely related algal species often used as a health supplement 
(TANAKA et al. 1990). While some annotated genomic sequences have been made 
available for this species (WAKASUGI et al. 1997), the C. vulgaris strain UTEX 265 
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examined in the present study has not been fully characterized in this manner. 
Nonetheless, the population dynamics of UTEX 265 have been studied using genetic 
probes (MEYER et al. 2006) and this particular strain demonstrates heterotrophic 
growth in medium containing 0.1-0.6% glucose (YONG-HA et al. 1997). A related C. 
vulgaris strain (UTEX 395) is the subject of intense transcriptomic and proteomic 
analyses of lipid biosynthetic pathways (GUARNIERI et al. 2011 & 2013). 
Chlorella (Auxenochlorella) protothecoides is a well established heterotrophic alga 
that can utilize glucose as an organic carbon source (SHI et al. 2000). Furthermore, 
C. protothecoides UTEX 411 can grow on sucrose and glycerol (DILLON et al. 2009a; 
DILLON et al. 2009b) and has been exploited for lutein production (SHI et al. 2000). 
Other C. protothecoides strains have been cultivated heterotrophically for lipid 
production— achieving over 55% lipids by dry weight (MIAO & WU 2006) and scale-
up to 10,000-L bioreactors (LI et al. 2007). This demonstration has reinforced the 
potential of heterotrophic Chlorella species to generate substantial quantities of lipids 
for biofuel production. 
Figure 15. (next page) Proposed phylogenetic tree of Chlorella species of 
interest. Green arrows point to branch placement of the three candidate strains 
examined in this study (C. vulgaris UTEX 265, C. sorokiniana UTEX 1230, and C. 
protothecoides UTEX 411); black arrows indicate strains with active genome 
projects. Asterisks denote strains found to align more closely with a species other 
than their original labeled speciation. The scale bar represents a 2% difference 
between distinct ITS region sequences. 
134 
 
   
Figure 15. Proposed phylogenetic 
tree of Chlorella species of interest.  
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3.3.2 Growth and biomass yields of C. sorokiniana (UTEX 1230), C. 
vulgaris (UTEX 265), and C. protothecoides (UTEX 411) 
The three selected Chlorella species were cultivated using previously reported growth 
methods in separate photoautotrophic and heterotrophic batches for quantitative 
growth and biomass assessment (WAN et al. 2011a). The heterotrophic specific 
growth rates of UTEX 411, 265, and 1230 (0.48, 0.84, and 1.77 d-1, respectively) were 
found to be 1.5-, 3.7-, and 5-fold higher than their autotrophic rates (Table 6). A 
comparison of auto– and heterotrophic growth curves for C. sorokiniana, C. vulgaris, 
and C. protothecoides cultures inoculated with 1 ! 106 cells ml-1 is shown in Figure 
16A. Although heterotrophic growth has been reported for each algal strain (LI et al. 
2007; KOMOR et al. 1988; YONG-HA et al. 1997; DILLON et al. 2009a; DILLON et al. 
2009b). C. sorokiniana UTEX 1230 demonstrated the most significant heterotrophic 
advantage in Bold’s basal medium with glucose (10 g L-1). Within one week, 
heterotrophic C. sorokiniana UTEX 1230 reached the highest cell density of all 
strains (113 ! 106 cells ml-1), while the final heterotrophic cell densities of C. vulgaris 
and C. protothecoides cultures were at least 9-fold lower (10-12 ! 106 cells ml-1). 
Under autotrophic conditions, UTEX 265, 1230, and 411 achieved cell densities of 
roughly 90, 40, and 10 million cells ml-1 at their respective stationary phases with 
comparable photoautotrophic specific growth rates (! = 0.23-0.36 d-1). 
At the termination of each culture, the dry biomass weights of C. sorokiniana, C. 
vulgaris, and C. protothecoides were compared (Figure 16B). Not surprisingly, 
heterotrophic C. sorokiniana UTEX 1230 amassed the greatest final biomass (1.8 g 
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L-1), while the dry weights of C. vulgaris and C. protothecoides heterotrophic 
biomass were both close to 0.5 g L-1. When grown autotrophically, Chlorella vulgaris 
UTEX 265 reached a final biomass density of 1.1 g L-1 (94 ! 106 cells ml-1) while C. 
sorokiniana UTEX 1230 reached a maximal cell density of 44 ! 106 cells ml-1 at 0.6 
g L-1 dry weight, similar to the 0.5 g L-1 biomass yield of UTEX 411 from only 10 ! 
106 cells ml-1. Interestingly, C. protothecoides UTEX 411 may possess more massive 
cells based on dry weight although it was unable to reach cell densities above 10 
million cells ml-1 during either auto– or heterotrophic modes of cultivation in the 
present study. Both C. protothecoides UTEX 411 and C. vulgaris UTEX 265 
exhibited an extended lag phase during heterotrophy before expansion of the 
population, suggesting a lengthy acclimation period for growth on simple sugar. 
Based on its rapid growth and high biomass yield under heterotrophic conditions, C. 
sorokiniana UTEX 1230 was taken into consideration as a lead candidate for an in 




Table 6. Growth characteristics of C. protothecoides UTEX 411, C. 
vulgaris UTEX 265, C. sorokiniana UTEX 1230. The major heterotrophic 
and photoautotrophic growth parameters for each Chlorella strain were calculated 
using data points from the exponential phase of batch culture. Bold values 
correspond to heterotrophic populations; regular typeface represents autotrophic 
rates. All kinetic quantities are reported as the average of biological replicates ± 
standard deviations. 
 
Figure 16. (next page) Growth curves and volumetric biomass yields of C. 
protothecoides, C. vulgaris, and C. sorokiniana. (A) Photoautotrophic () 
and heterotrophic () cultures were followed over the course of four weeks or until 
the population reached stationary phase. Data points are representative of biological 
replicates and error bars denote standard deviations greater than 1 ! 106 cells ml-1. 
(B) C. protothecoides, C. vulgaris, and C. sorokiniana final biomass concentrations 
in 1.5-L culture during auto– (white) and heterotrophy (gray) are compared. Error 
bars designate standard deviation from the average of three technical replicates. 
Chlorella Species C. protothecoides C. vulgaris C. sorokiniana 
Strain UTEX 411 UTEX 265 UTEX 1230 
0.48 ± 0.01 0.84 ± 0.09 1.77 ± 0.04 Specific Growth Rate, ! 
(d-1) 0.32 ± 0.05 0.23 ± 0.01 0.36 ± 0.05 
35 ± 1 20 ± 2 9 ± 1 Doubling Time 




Figure 16. Growth curves and volumetric biomass yields of 
C. protothecoides, C. vulgaris, and C. sorokiniana. 
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3.3.3 Lipid composition of Chlorella during auto– & heterotrophy 
In order to evaluate oil production during auto– and heterotrophy, total lipids were 
extracted from the three Chlorella strains followed by transesterification to form 
fatty acid methyl esters (FAME) for GC-MS analysis. While autotrophic UTEX 1230 
lipid extracts remained deeply green due to chlorophyll, heterotrophic lipid extracts 
exhibited a yellow hue (Figure 17A), indicative of inhibited chlorophyll synthesis. 
The distribution of each strains’ lipid extract is categorized in Figure 17B according 
to its major components: total lipids measured gravimetrically; total fatty acids 
measured as FAME; and TAG neutral lipids. In this figure, the inferred difference 
between FAME (gray bars) and TAG lipids (black bars) in each case is assumed to 
approximate the amount of membrane lipids [+]. In a similar manner, comparing 
FAME lipids quantified by GC-MS to total lipid extracts (white bars) leads to the 
recognition of an unaccounted fraction [*], which represents other lipophilic 
biomolecules that can be extracted by the organic solvent system, but not measured 
by GC-MS analysis of the FAME component. This residual fraction is likely to be 
constituted by chlorophylls, lipid-soluble metabolites, and carotenoids such as lutein. 
Since many of these accessory “lipids” can be molecules associated with 
photosynthesis, carbon fluxes are likely to be directed toward these biomolecules 
rather than TAG during photoautotrophy. For example, UTEX 265 and 411 
maintained roughly 60% of their total autotrophic lipids as accessory pigments and 
metabolites compared to only 16% in UTEX 1230. Consequently, UTEX 1230 
partitioned more of its total autotrophic biomass as TAG (11% of the biomass; 60% 
of total lipids) compared to the markedly lower autotrophic TAG levels in UTEX 
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265 and 411. The photoautotrophic biomass of C. sorokiniana UTEX 1230 was 
comprised of 18% total lipids, 15% fatty acids, and 11% TAG by dry weight, while 
C. vulgaris UTEX 265 accumulated equivalent amounts of total lipids (18%), but 
considerably lower levels of fatty acids (7.6%) and TAG (6.6%). Chlorella 
protothecoides UTEX 411 biomass contained the lowest lipid contents during 
autotrophy with 12% total lipids, 4.5% fatty acids, and 2.3% TAG. 
As evidenced by the early onset of chlorosis in C. sorokiniana UTEX 1230, accessory 
pigments can be dramatically reduced during heterotrophy (Figure 17A). 
Accordingly, this unique phenomenon is manifested in the similarity between the 
total lipid content and total fatty acid content in UTEX 1230 with marginal 
amounts of accessory metabolites and minimal membrane lipids [!] (Figure 17B). 
Since the absence of chlorophyll observed during heterotrophic cultivation of UTEX 
265 and 411 was not as severe as UTEX 1230, there is not nearly as much parity 
between their total lipids and total FAME contents. During heterotrophy, UTEX 
1230 total lipid, fatty acid, and TAG contents increased to 24%, 23%, and 21%, 
respectively, amassing the highest TAG level among all strains examined, which was 
also two-fold higher than the TAG content of UTEX 1230 during autotrophy. The 
total lipid, FAME, and TAG contents of heterotrophic UTEX 265 exhibited 
proportional increases to 26%, 16%, and 13%, respectively. Compared to the other 
strains, UTEX 411 accumulated the highest total lipid content of 31% with 24% 
fatty acids during heterotrophy. However, a smaller portion of these lipids was stored 
as TAG (12% of the biomass; 40% of total lipids). Despite the respectable oil 
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induction in UTEX 265 and 411 with 1.5-2.5 times higher total lipid contents during 
heterotrophy relative to autotrophy, these two strains possessed slow growth rates 
and low heterotrophic biomass yields under the current cultivation conditions. 
Alternatively, UTEX 1230 demonstrated rapid growth during heterotrophy and 
accrued an overwhelming majority of its total lipid content as TAG. 
The quantitative results of neutral lipid induction gathered from UTEX 1230 lipid 
extracts during heterotrophy were also confirmed with an in situ method using Nile 
Red (NR) to stain whole cells (COOKSEY et al. 1987). As conveyed by fluorescent 
emission curves (Appendix B: Figure S1), heterotrophic UTEX 1230 exhibited a clear 
maximum of 5.8 ! 104 fluorescent intensity units (FIU) at its expected emission 
wavelength of 580 nm compared to 2 ! 104 FIU autotrophically. The signatures of 
these NR profiles indicate that UTEX 1230 accumulated more hydrophobic 
biomolecules under heterotrophic conditions compared to autotrophy. In addition to 
different carbon sources, corresponding pH changes in auto– and heterotrophic media 
during algal growth can also contribute to lipid accumulation and influence fatty 
acid speciation (GUCKERT & COOKSEY 1990). While autotrophic cultures of C. 
sorokiniana UTEX 1230 became alkaline with pH rising from 7.3 to 10, heterotrophic 
cultures experienced slight acidification from pH 6 to 4.8 (Appendix B: Figure S2). 
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Figure 17. (next page) Distribution of total lipid extracts as fatty acids 
and TAG in three Chlorella strains. (A) C. sorokiniana UTEX 1230 exhibits 
more prominent chlorosis during heterotrophy than UTEX 265 and 411, which is 
readily apparent in the pigmentation of total lipid extracts. (B) Total lipids (white) 
in C. protothecoides UTEX 411, C. vulgaris UTEX 265, and C. sorokiniana UTEX 
1230 are classified as FAME (gray) and TAG storage lipids (black). By comparing 
these values, the relative amounts of supposed accessory metabolites [*] and 
membrane lipids [+] emerge, while UTEX 1230 appears to be devoid of accessory 
pigmentation with minimal membrane lipids [!]. Error bars represent one standard 





Figure 17. Distribution of total lipid extracts 
as fatty acids and TAG in three Chlorella strains. 
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3.3.4 Distribution of fatty acid chain length and saturation in Chlorella 
In order to further characterize the lipid metabolic profiles of these three Chlorella 
species, detailed fatty acid compositions were elucidated by GC-MS for auto– and 
heterotrophy (Figure 18). The typical distribution of sixteen- to eighteen-carbon 
fatty acids with no more than three degrees of unsaturation (16-18 : ! 3) 
characteristic of many freshwater green algae was confirmed (GUCKERT & COOKSEY 
1990; HU et al. 2008). While all species exhibited increased total lipid and TAG 
levels during heterotrophy, Figure 18 highlights the species specificity of fatty acid 
accumulation with respect to lipid chain length. The discernable differences between 
the three strains are the ratios of fatty acids accumulated as 16:0, 18:1, and 18:2 as 
well as the amount of TAG, which is consistent with Figure 17B. During both auto– 
and heterotrophic conditions, UTEX 1230 showed a relatively even distribution of 
palmitic (16:0) and linoleic (18:2) acids, both between 5-10% by dry weight. In 
contrast, UTEX 265 and 411 produced oleic acid (18:1) as the principal fatty acid, 
reaching heterotrophic maxima of 7.5% and 14%, respectively, with secondary 
storage lipids of 16:0 and 18:2 each at less than 5% of the biomass. Furthermore, 
UTEX 1230 exhibited greater than 2.5-fold enrichment in 18:2 relative to 18:1, which 
is in direct opposition with the relative levels of oleic and linoleic acids prevalent in 
the other strains. This polyunsaturation in UTEX 1230 may indicate higher activity 




Figure 18. Fatty acid composition of three Chlorella strains during auto– 
and heterotrophy. The distribution of total fatty acids measured as FAME and 
TAG are plotted as solid and diagonal bars, respectively, for C. protothecoides 
UTEX 411, C. vulgaris UTEX 265, and C. sorokiniana UTEX 1230. Compared to 
autotrophy (gray), heterotrophy (black) induces remarkable changes in FAME and 
TAG lipid profiles. Error bars represent the standard deviation from the average of 
three biological replicates. 
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3.3.5 Comparison of lipid production during hetero– and mixotrophy 
In order to compare the dynamics of lipid production in C. sorokiniana UTEX 1230 
during hetero– and mixotrophy, cultures were grown in BBM with glucose (10 g L-1) 
either in the dark or together with artificial illumination. Separate 8-L bioreactors 
were sampled over two weeks for cell density, biomass concentration, and total 
gravimetric lipid measurements followed by GC-MS analysis. Despite the equivalent 
amounts of initial glucose, mixotrophic cultures displayed significantly reduced 
biomass and lipid yields compared to heterotrophic cultures (Figure 19). During the 
first three to five days of cultivation, both populations expanded at similar specific 
growth rates; however, clear differences arose later in cultivation (Figure 19A). While 
heterotrophic growth of UTEX 1230 peaked at 130 ! 106 cells ml-1, the mixotrophic 
culture plateaued at only 70 ! 106 cells ml-1, which is more similar to the UTEX 
1230 growth pattern during photoautotrophy. The respective hetero– and 
mixotrophic biomass yields of 2 and 1.7 g L-1 were more similar than would be 
expected from the cell densities (Figure 19B), suggesting a possible photoinhibitory 
or pH-induced effect on cell cycle progression during mixotrophy, which is also 




Figure 19. Growth curves, biomass yield, and lipid accumulation of C. 
sorokiniana UTEX 1230 throughout mixo– and heterotrophy in 8-L 
bioreactors. (A) Heterotrophic () and mixotrophic () cell densities are compared 
to UTEX 1230 grown in BBM without sugar or light (), which served as a negative 
control. (B) The corresponding dry biomass, (C) total lipid content, and (D) total 
FAME and TAG percentages at days 3, 6, 10, and 13 of mixo– (gray) and 
heterotrophic (black) cultivation are plotted. FAME and TAG contents for each 
lipid type are plotted as solid and diagonal bars, respectively. Error bars represent 
the standard deviation from the average of three technical replicates. 
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3.3.6 Progressive induction of PUFA in UTEX 1230 during heterotrophy 
Lipid profiles from this time-course evaluation of UTEX 1230 revealed that the 
kinetics of fatty acid biosynthesis in heterotrophy are accelerated relative to 
mixotrophy, especially with regard to the 16:0–18:1–18:2 triad (Figure 20). In terms 
of total lipid content, mixotrophic UTEX 1230 biomass contained 31.8 ± 0.7% total 
lipids after two weeks compared to 38.7 ± 0.9% in the heterotrophic biomass, but 
experienced a two-fold reduction in TAG accumulation relative to heterotrophy. 
While mixotrophy engendered a final TAG content of 11.8 ± 0.8% in UTEX 1230, 
heterotrophy achieved 22.1 ± 0.7% TAG (Figure 19D), corresponding to volumetric 
TAG productivities of 18.2 and 28.9 mg L-1 d-1, respectively. During heterotriphy, 
time dependent induction of unsaturation led to the biogenesis of 18:2 (linoleic acid) 
from precursor 18:1 (oleic acid) and persisted in late-stage heterotrophic cultures 
(Figure 20A). In this case, both 18:1 and 18:2 showed a steady increase in the first 
ten days of heterotrophic culture from less than 2% of the biomass (< 0.5% TAG) to 
nearly 5% and 8%, respectively (5-6% TAG). While 18:1 exhibited an insignificant 
increase between days ten and thirteen, 18:2 levels reached 10% of the total dry 
biomass with 7.7% TAG by the end of heterotrophic culture. Conversely, Figure 20B 
illustrates that 18:1 barely exceeded 2% during mixotrophy and 18:2 reached a peak 
at approximately 5% dry weight. While total 18:1 content remained unchanged 
during the final three days of mixotrophic culture, 18:1 TAG levels actually dropped 
while 18:2 TAG only increased slightly. Interestingly, 16:0, 18:1, and 18:2 TAG 
fractions had higher initial levels during mixotrophy (closer to 1%), but did not 
exhibit the high rates of TAG accumulation that occurred during heterotrophy and 
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subsisted at less than 4% of the total biomass by the end of 2-week cultivation. 
Furthermore, the increase in unsaturated 18:1 and 18:2 in heterotrophic UTEX 1230 
may have been balanced by 16:0 enrichment to lower membrane fluidity as pH 




Figure 20. Comparison of total fatty acid and TAG composition of UTEX 
1230 during mixo– and heterotrophic cultivation. The discrete lipid profiles of 
C. sorokiniana UTEX 1230 under (A) heterotrophic and (B) mixotrophic conditions 
from samples taken on days 3, 6, 10 and 13 of cultivation show fatty acid 
accumulation rates and patterns. Total FAME and TAG contents for each lipid type 
are plotted as solid and diagonal bars, respectively. Error bars represent the standard 
deviation from the average of three biological replicates. 
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3.4 Discussion and Conclusions 
For the production of microalgal oils, the interdependence of total lipid content, 
fatty acid composition, and biomass productivity throughout cultivation is critical 
(STEPHENS et al. 2010; ROGERS et al. 2014). Novel approaches to maximize carbon 
storage as neutral lipids can lead to significant benefits for algae biotechnology, 
biomanufacturing, and bioenergy (FAN et al. 2013). The accumulation of different 
lipids during heterotrophy and autotrophy can be especially important for the 
interrogation of lipid biosynthetic pathways in commercially relevant Chlorella 
species. Toward this end, the current study has revealed distinctive auto– and 
heterotrophic capabilities of three phylogenetically classified Chlorella strains with 
respect to the trade-offs between oil content and growth rate. 
3.4.1 Molecular phylogeny and genomic resources 
While microalgae can be generally classified based on cellular features (PRESCOTT 
1954), species of the same genus are nearly morphologically identical and can only be 
definitively differentiated by genotypic analysis (BOCK et al. 2011; LUO et al. 2006). 
Therefore, the foundation of our species characterization relied on determining the 
molecular phylogeny of the conserved 18S sequence and species-specific ITS regions 
for each Chlorella strain (AN et al. 1999; HOSHINA et al. 2010; HUSS et al. 1999) 
employing a rapid colony PCR method (WAN et al. 2011b). Confirming an 
organism’s true phylogeny is important for understanding what adaptive traits have 
been collected through natural selection and how they may be useful for 
biotechnology. In the course of mapping the branches of the phylogenetic tree in this 
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study (Figure 15), the occurrence of mismatched species (e.g., UTEX 29, 252, 2248, 
2714) was more prevalent than anticipated. Indeed, another case of species 
misidentification had previously been identified during genome sequencing of NC64A 
in tandem with the putative C. vulgaris C-169 that is resistant to the Chlorella virus 
(NOUTOSHI et al. 1998). Despite physiological similarities to C. variabilis, the C-169 
strain was actually determined to be Coccomyxa subellipsoidea by comparative 
genomics (BLANC et al. 2012; JOINT GENOME INSTITUTE 2011). 
While genetic resources for the Chlorella genus are improving with genome 
sequencing projects underway for many common species (TIRICHINE & BOWLER 
2011), the 46-Mb C. variabilis NC64A genome is currently the only publicly available 
Chlorella genome (BLANC et al. 2010). Although peculiar in its growth habits, this 
organism holds information about the genetic-basis of sugar transport in green algae 
during symbiosis, which is of particular relevance to the present study (ZIESENISZ et 
al. 1981). Sequencing of Chlorella ITS regions fulfills the need to relate macroscopic 
growth characteristics of potential production organisms to molecular genetic traits 
(ROSENBERG et al. 2008). Thus, the ribosomal ITS-based phylogenetic tree 
constructed during the present investigation can indicate a strain’s proximity to C. 
variabilis NC64A or other organisms with available genetic tools. In addition, this 
map of phylogeny makes it possible to identify Chlorella isolates with suitable 
biomass and lipid productivities that are both close in genetic relation, yet distinct in 
physiological characteristics.  
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3.4.2 Physiological and biochemical survey of three Chlorella species 
While the biomass productivity of Chlorella cultures has been extensively studied, 
there remains little consensus between the research community and commercial 
endeavors regarding preferred Chlorella species or growth methodologies to maximize 
oil yields. Since C. vulgaris, C. protothecoides, and C. sorokiniana are the primary 
organisms used for process development and strain improvement (CAMPENNI et al. 
2013; HE et al. 2013), this work focused on representatives of these species. 
In measuring the growth characteristics of C. sorokiniana UTEX 1230, C. vulgaris 
UTEX 265 and C. protothecoides UTEX 411 (Table 6), UTEX 1230 produced the 
greatest amount of heterotrophic biomass (Figure 16) in general agreement with 
previous literature supporting the heterotrophic cultivation of Chlorella (HEREDIA-
ARROYO et al. 2010; LIU et al. 2008; LU et al. 2012; SANTOS et al. 2011; VIGEOLAS et 
al. 2012). However, C. protothecoides UTEX 411 growth did not compare well with 
the other Chlorellas during either hetero– or photoautotrophic modes in our 
experiments. Compositional differences in media or the effect of pH stress on cell 
cycle may have accounted for this observed growth restriction, cellular enlargement, 
and reduced lipid productivity (SHEN et al. 2010). Compared to BBM used in this 
study, prior heterotrophic Chlorella growth media have sometimes replaced sodium 
nitrate with glycine and vitamin B1 (MIAO & WU 2006; WU et al. 1992), which 
implicates a potential vitamin requirement or preferred nitrogen source for UTEX 
411. However, we decided to maintain the medium as consistent as possible to limit 
environmental factors in this comparison. From a technoeconomic perspective, we 
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recognize that the most cost-effective sources and optimal amounts of fixed carbon, 
nitrogen, and micronutrients may vary for different Chlorella species. Furthermore, 
microalgal strains that can prosper in relatively low nitrogen and carbon 
concentrations can be desirable for large-scale biomass production by reducing 
overall nutrient costs and lowering the impact of these resources on bioprocessing 
costs.  
3.4.3 Lipid allocation between membrane, metabolism, & energy storage 
One of the main goals of this study was to quantify and compare the differential 
apportioning of lipid types in the three Chlorella strains during auto– and 
heterotrophy. The divergence in lipid generation between these algal species was 
clearly evident from the distribution of total lipids, total fatty acids measured as 
FAME, and TAG neutral lipids. In Figure 17B, heterotrophic C. vulgaris UTEX 265 
exhibited roughly 10% accessory pigments and lipid-soluble metabolites by dry 
weight [*], which can serve as high-value nutritional coproducts (e.g., chlorophylls, 
carotenoids, phenols, tocopherols, sterols). This may indicate that the cellular 
metabolism of UTEX 265 remains more active than lipid storage during 
heterotrophy, as observed previously with C. sorokiniana strains UTEX 2714 and 
CS-01 as well as Chlamydomonas reinhardtii (KOBAYASHI et al. 2013a; KOBAYASHI et 
al. 2013b). In a complementary case, C. protothecoides UTEX 411 produced 
approximately 10% membrane lipids during heterotrophy [+] (e.g., phospho-, 
galacto-, and sulpholipids). In addition to these detractions from TAG accumulation 
due to the competing cellular demand for lipid metabolites and membrane structures, 
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both UTEX 265 and 411 exhibited less vigorous heterotrophic growth capacities 
(Figure 16A). Alternatively, C. sorokiniana UTEX 1230 benefited from rapid 
heterotrophic growth and contained 24% total lipids with close to 90% of these total 
lipids allocated as TAG [!] (Figure 17B). With energy stores accounting for the 
majority of UTEX 1230 total lipids, this leaves a limited amount of fatty acids 
available for membranes during heterotrophy, which may arise from a substantial 
reduction in the number of chloroplast and thylakoid membranes. Combined with 
the higher cell densities supported during heterotrophy, UTEX 1230 displayed a 3.8-
fold increase in lipids per liter at the end of batch culture relative to autotrophy with 
an abrupt shift from non-fatty acid lipid production to TAG storage. The increase in 
pH during autotrophy may be primarily responsible for TAG accumulation due to 
cell cycle arrest (GUCKERT & COOKSEY 1990). Alternatively, during heterotrophic 
cultivation with minor changes in pH, the ultimate lipid yields of UTEX 1230 
increased from 0.14 to 0.53 g L-1 perhaps due to the up-regulation of stearoyl-ACP 
desaturase in the presence of glucose, leading to an abundance of 18:1 precursor fatty 
acid (LIU et al. 2012). 
Further mixo– and heterotrophic bioreactor optimization at the 8-L scale enabled 
UTEX 1230 to accumulate 30-40% of its cell mass as lipids, possibly as a result of 
increased mixing and enhanced gas exchange. Additionally, nutrient utilization 
trends in previous Chlorella studies using BBM demonstrate that nitrate and nitrite 
levels were reduced to 5-10% of their initial concentrations, indicating that BBM 
may not be completely deprived of nitrogen at stationary phase (KOBAYASHI et al. 
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2013a; KOBAYASHI et al. 2013b). This residual nitrogen may, therefore, sustain the 
presence of chlorophyll and basal metabolic activity. Furthermore, TAG storage in 
Chlorella can exhibit differential responses to reduced nitrogen levels compared to 
other algae. While C. reinhardtii may require complete nitrogen depletion to induce 
TAG accumulation (WASE et al. 2014), Chlorella species can store moderate amounts 
of TAG in nitrogen replete media. This connection between nutrient limitation, cell 
growth, and lipid biosynthesis offers additional insight into Chlorella metabolism. 
3.4.4 Bioenergetics of mixo– & heterotrophy affect fatty acid distribution 
Considering that the breakdown of sugar by glycolysis may take precedence over 
carbon dioxide utilization through photosynthesis (WAN et al. 2011a), our study of C. 
sorokiniana UTEX 1230 indeed found no apparent metabolic benefit from light input 
in addition to glucose. Furthermore, this strain appeared to be potentially 
maladapted for oil accumulation during mixotrophy. Restricted mixotrophic growth 
suggests that glucose uptake may be inhibited by light or the energy balance of 
mixotrophic cells is unfavorably altered (Figure 19A). In extreme cases, pH can also 
negatively affect sugar uptake via the hexose-proton symporter, although the pH 
drift encountered in the present study fell within the optimal range for glucose 
uptake by Chlorella (Supplementary Figure S2: Appendix B) (KOMOR & TANNER 
1974). Interestingly, incongruencies between biomass and cell density in mixo– and 
heterotrophic comparisons (Figure 19B) also suggest that mixotrophic cells may be 
larger due to the simultaneous activity of glycolytic lipid accumulation in storage 
vesicles and photosynthetic carbon fixation, which requires multiple chloroplasts. 
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While these findings contradict a recent report of high mixotrophic productivities 
from a different C. sorokiniana strain, this discrepancy simply highlights the strain-
specific metabolic portraits drawn for different Chlorella isolates under investigation 
(NGANGKHAMA et al. 2013). Previous studies have indeed found evidence for the 
inhibition of organic carbon uptake by other Chlorellas in the presence of light 
(HAASS & TANNER et al. 1974; KAMIYA & KOWALLIK et al. 1987). In addition, a 
recent evaluation of C. sorokiniana CS-01 (closely related to UTEX 1230) revealed 
that cytosolic acetyl-coA carboxylase (ACCase) is overexpressed compared to 
chloroplast ACCase during mixotrophy, suggesting that fatty acid precursors 
contributing to TAG synthesis are derived from glycolysis of exogenous sugars rather 
than photosynthetically fixed carbon (WAN et al. 2011a). This underscores the 
importance of understanding the bifurcation of carbon utilization during these 
potentially competing modes of growth. 
From the distribution of lipid classes under heterotrophic conditions, it is clear that 
TAG can constitute a significant portion of lipids in all three of these Chlorella 
strains with 18:1 and 18:2 as the primary fatty acids, which are more suitable for 
biofuel applications than polyunsaturated lipids. From a bioenergetics standpoint, 
more cellular energy is expended to generate polyunsaturated fatty acids compared 
to saturated lipids. Since oxidation also has a negative impact on fuel stability, 
unsaturated lipids must be catalytically hydrogenated prior to fuel blending, which 
requires additional capital and operating expenses. While the absence of long-chain 
polyunsaturated fatty acids is not uncommon in Chlorella species (KIM & HUR 2013), 
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all strains in the present study exhibited surprisingly low levels of 18:3 (linolenic 
acid). Other studies have demonstrated that UTEX 1230 is capable of 18:3 
biosynthesis under autotrophic conditions with nitrogen deprivation (KOBAYASHI et 
al. 2013b; REDDY et al. 2013) and anaerobic digester effluent (KOBAYASHI et al. 
2013a). In contrast, UTEX 1230 can accumulate higher levels of 18:1 when 
supplemented with 3% carbon dioxide (unpublished data). 
As a whole, these results support the Chlorella genus as a vital source of 
commercially relevant production organisms with unique lipid metabolic properties, 
which can vary significantly depending on the presence or absence of sugars and 
light. While glucose was used in these controlled growth studies, low-cost organic 
carbon sources are likely to be required for commodity scale biofuel production 
(KOBAYASHI et al. 2013a; LI et al. 2011; POLAKOVI!OVÁ et al. 2012; MITRA et al. 
2012). This study’s phylogenetic and physiological characterizations of C. vulgaris 
UTEX 265, C. protothecoides UTEX 411, and C. sorokiniana UTEX 1230 offer 
insight into the diverse carbon partitioning strategies even within a single genus. In 
one exemplary case, C. sorokiniana UTEX 1230 may serve as a versatile model 
organism for photosynthetic carbon utilization and heterotrophic lipid biosynthesis 
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4           
STAGED GROWTH OF C. 
SOROKINIANA IMPROVES NEUTRAL 
LIPID YIELD DURING THE 
TRANSITION FROM AUTO– TO 
HETEROTROPHY 
 
As concluded in Chapter 2, the lipid content and composition of algal biomass grown 
for biofuel processing is the single most important biological factor to reduce the cost 
of production. Aside from conventional approaches employing nutrient deprivation 
alone, the goal to not only increase total lipid content, but also shift its composition 
toward TAG can be achieved by applying strategic nutrient regimes (i.e., organic 
supplementation) to augment microalgal oil content. This chapter builds on the 
findings of the previous chapter by developing a two-stage bioprocess of 
photosynthetic algal growth followed by heterotrophic oil accumulation to trigger the 
conversion of organic compounds to TAG in high-density cultures. In Chapter 3, the 
170 
 
green microalga Chlorella sorokiniana UTEX 1230 was found to be a suitable 
candidate for this process due to its robust biomass production under autotrophic 
conditions and high TAG content during heterotrophic growth. In the present study, 
the dynamic growth and lipid response of UTEX 1230 was investigated by 
transferring cells from 150-L scale exponential phase of photoautotrophy to a high-
density 36-L heterotrophic culture. Compared to the total lipid productivities 
achieved during individual batches of autotrophy (8 mg L-1 d-1) and heterotrophy (43 
mg L-1 d-1), sequential auto– and heterotrophic stages accumulated total lipids at a 
rate of 49 mg L-1 d-1. Moreover, this production scheme enabled biomass to reach 7.8 
g L-1 by dry weight while triacylglycerol (TAG) content increased from 12% to 
nearly 77% of the total lipid fraction. This redistribution of total lipids to 
predominantly TAG suggests that the conversion of biomolecules associated with 
photosynthesis may play a role in neutral lipid biosynthesis during this trophic 
transition. Based on these results, transcriptomic insights to the metabolic regulation 
of lipid metabolism and the technoeconomic implications of applying the two-stage 
methodology to large-scale algal biofuels are discussed. 
4.1 Introduction 
While microbial fermentation takes advantage of the metabolic conversion of basic 
carbon substrates into complex biomolecules in controlled bioreactors, plant cells 
exploit photosynthesis to generate bioproducts ranging from feedstuffs to 
recombinant proteins literally “in the field” using carbon dioxide (CO2) and sunlight 
(CABANES-MACHETEAU et al. 1999; COX et al. 2006; MAYFIELD & FRANKLIN 2005). 
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Furthermore, photosynthetic organisms possess intrinsically unique metabolic 
pathways. As an example, many flowering plants and microalgae are primary 
producers of nutritional oils and potent antioxidants (CUNNINGHAM & GANTT 2011; 
HADDEN et al. 1999; IP AND CHEN 2005; LORENZ & CYSEWSKI 2000; SHAISH et al. 
1992). In biomanufacturing these high-value products, bioprocesses employing 
conditions of stress after an initial growth phase have been widely used to induce 
lipid biosynthesis and carotenoid accumulation in algae directly before harvest 
(HUNTLEY & REDALJE 2007). Heterotrophic cultivation with simple sugars can also 
effectively enrich algal biomass with these desired metabolites (BUMBAK et al. 2011). 
Therefore, microalgal strains with metabolic flexibility for carbon substrates are 
especially attractive biotechnology platforms for pharmaceuticals, nutritional 
supplements, and biofuel precursors (ROSENBERG et al. 2008). 
Microalgal cultivation under photoautotrophy, mixotrophy, or heterotrophy can 
heavily influence the balance between lipid content, fatty acid composition, and 
cellular proliferation. In particular, species of Chlorella can readily adapt to 
conditions of nutrient abundance or starvation in the presence or absence of light 
(LEE et al. 1996; WAN et al. 2012; ZHENG et al. 2012), allowing certain algae to 
convert exogenous sugars directly to triacylglycerol (TAG), an extractable neutral 
lipid for biofuel blends (LOWN et al. 2014). As a result of species bioprospecting, a 
lead candidate strain of Chlorella sorokiniana (UTEX 1230) has demonstrated 
proficiency in generating substantial amounts of biomass and TAG during mixo– and 
heterotrophy while also exhibiting robust photoautotrophic growth with relatively 
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low concentrations of CO2. Under mixo– or heterotrophic conditions, UTEX 1230 is 
able to allocate a significant fraction (75-90%) of its total lipid content as TAG 
(KOBAYASHI et al. 2013b; ROSENBERG et al. 2014). 
While the prospects of heterotrophic algal oil are attractive for biofuel applications, 
the source and magnitude of fixed carbon required for cultivation poses certain 
sustainability issues. Historically, heterotrophic algal production has only achieved 
success in small-volume, high-value dietary lipids for which axenic fed-batch cultures 
can be carefully maintained (BAILEY et al. 2003; GLADUE & BEHRENS 2002; REN et 
al. 2010). For commodity-scale production, however, only a reasonable level of clean 
handling and contamination control can be expected— not necessarily cGMP or 
food-grade measures. Consequently, lengthy periods of mixo– and heterotrophic algal 
cultivation are often encumbered by biological contaminants during scale-up, but 
may remain necessary to enhance the commercial value of microalgal biomass. As 
illustrated in Figure 21, TAG storage often coincides with cellular growth under 
mixo– and heterotrophy, the desire to uncouple the contributions of carbon to 
biomass production and metabolite accumulation is a worthy target for effective 
carbon partitioning in biofuel feedstocks (SMITH et al. 2012). 
By balancing the advantages of maximal algal lipid productivity during heterotrophy 
with its risk of contamination at large scales, the current study examines a two-stage 
growth regimen with C. sorokiniana UTEX 1230, consisting of photoautotrophic 
growth (150-L) followed by a heterotrophic phase (36-L) rather than a single 
prolonged stage of either auto–, mixo–, or heterotrophy. This staged bioprocess aims 
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to capitalize on the favorable aspects of auto– and heterotrophy by generating cells 
inexpensively with light and CO2 before using those cells as biocatalysts to convert 
organic substrates into lipids during the final heterotrophic phase. 
In order to understand and optimize the fate of solar and exogenous chemical energy 
in the ultimate lipid components of algae, the present study focuses on the strategic 
introduction of glucose as a substrate and its effect on the lipid metabolism of UTEX 
1230. Through quantitative evaluation of photoautotrophic biomass production prior 
to heterotrophic lipid biosynthesis, the total lipid contents, rates of accumulation, 
and portion of TAG stored were investigated. The results illustrate the applicability 
of this approach for algal oil production while providing transcriptomic insights into 
the reorganization and plasticity of microalgal lipid classes and metabolic networks 









Figure 21. Cellular depictions of mixotrophy compared to two-stage 
growth. Algae are useful microbial platforms for biofuel production and can 
complement existing oil seed crops. However, a balance between algal cell growth 
and oil biosynthesis often exists. Mixotrophy can lead to sugar utilization primarily 
for biomass production. Alternatively, two-stage growth processes can uncouple 
photosynthetic biomass production and lipid accumulation derived from fixed carbon 
nutrients. This study demonstrates that an initial growth stage with light 
(photoautotrophy) followed by sugar to induce lipid biosynthesis (heterotrophy) 
under nitrogen deprivation or other stress can improve neutral lipid yields in 
Chlorella sorokiniana UTEX 1230. 
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4.1. Materials and Methods 
4.1.1 Microalgal cultivation 
A stock sample of the alga C. sorokiniana UTEX 1230 was obtained from the 
Culture Collection of Algae at University of Texas at Austin, maintained on sterile 
agar plates (1.5% w:v), and propagated in axenic liquid culture containing Bold’s 
basal medium (BBM) (NICHOLS & BOLD 1965). Photoautotrophic cultures were 
illuminated with cool-white fluorescent bulbs at an intensity of 100 !E m-2 s-1 and 
maintained at 25 ± 3 °C. Scale-up from plates to production volumes proceeded from 
10 ml shake-flasks to 250-ml spinner flasks, 3-, 8- and 15-L bioreactors before 
inoculating large-scale cultures at 1 ! 107 cells ml-1. Large-scale autotrophic cultures 
were aerated with filtered ambient air using an AP-60 PondMaster pump (Danner 
Manufacturing Inc, New York, USA) and grown in either 150-L glass aquarium tanks 
(Petco®, 18" " 13" " 48") with an air flow rate of 60 L min-1 or 75-L polyethylene 
hanging bags (6 mil thickness, 14” width; Discount Plastic Bags, Texas, USA) with 
45 L air min-1. Heterotrophic cultures were grown in sterile 8-, 15-, or 36-L 
bioreactors (Bellco Glass, New Jersey, USA), agitated by an impeller at 50 rpm, and 
supplemented with glucose at a concentration of 10 g L-1 in the dark at 25 ± 1 °C. In 
some cases, 100 !g ml-1 tetracycline and 10 !g ml-1 ampicillin were added to BBM in 
order to control bacterial contamination. The cell densities of all algal cultures were 
monitored with an automated Z1 Coulter Counter (Beckman Coulter, Florida, USA). 
Periodic biomass samples were harvested using a Sorvall® RC-5B Refrigerated 
Superspeed Centrifuge (DuPont Instruments, Delaware, USA) at 6,000 " g for 20 
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minutes. Final biomass yields was either concentrated by flocculation using the high 
molecular weight cationic polymer FLOPAM 4700 SH (SNF Polydyne, Georgia, 
USA) according to manufacturer’s suggested dosing (Haarhoff and Cleasby 1989) or 
harvested using an Evodos model T-10 continuous spiral plate centrifuge 
(Raamsdonksveer, The Netherlands). All biomass samples were immediately freeze-
dried with a Model 25 SRC lyophilizer (Virtis, New York, USA). 
4.1.2 Analysis of lipid content and composition in algal biomass 
For total lipid analysis, 30 mg aliquots of each dry biomass sample were 
ultrasonicated for 1 hour in 1:2 (v:v) chloroform:methanol (BLIGH & DYER 1959). 
Next, chloroform and a 1% NaCl solution in water were added until the final ratio of 
the solvent system became 2:2:1 (chloroform:methanol:water). After phase separation 
produced stratified layers by settling on the benchtop, the extraction tube was 
centrifuged at 4,000 ! g for 10 minutes. The resulting chloroform layers were 
collected and subjected to vacuum evaporation leaving only lipid residue for 
measurement. Replicate total lipid extractions were also performed using an 
Automated Solvent Extraction 150 system according to the manufacturer’s operating 
manual (Dionex, Thermo Fischer, Delaware, USA) and previously published 
protocols (LAURENS et al. 2012; MULBRY et al. 2009). All total lipid contents were 
determined in triplicate by gravimetric methods and compared to dry biomass 
weight. Subsequent analysis of TAG content was performed following the 
chromatographic methods described in the prior chapter (ROSENBERG et al. 2014). 
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4.1.3. Cultivation of UTEX 395 & generation of transcriptomic data sets 
To generate transcriptomic data sets, Chlorella vulgaris UTEX 395 was cultivated 
photoautotrophically in 1-L Roux bottles with 2% CO2 and heterotrophic samples 
were grown in shake flasks under ambient CO2 conditions and 2% glucose in the 
dark. Transcriptomes were isolated and subjected to RNAseq analysis using previous 
methods described by Guarnieri et al. (2011 & 2013). The photoautotrophic data set 
analyzed in the present study were harvested at OD = 2 (log phase), while the 
heterotrophic transcriptome corresponds to a 96 hr time-point (stationary phase with 
14.4% FAME). While these transcriptomic data sets originates UTEX 395 rather 
than UTEX 1230, the two transcriptional time-points correspond well with the two-




4.2.1 Biomass and lipid productivities of C. sorokiniana UTEX 1230 
In order to compare the feasibility of single– and two-stage processes, initial growth 
studies evaluated the volumetric lipid productivities of distinct auto– and 
heterotrophic batch cultures of C. sorokiniana UTEX 1230 to establish biological 
reference points before linking auto– and heterotrophic modes of growth. Autotrophic 
growth was examined at the 75-L scale using the standard minimal medium, Bold’s 
Basal medium (BBM), in which UTEX 1230 cultures grew in the exponential phase 
for two weeks and were terminated after four weeks at roughly 100 ! 106 cells ml-1 
and 1 g L-1 by dry weight (Figure 22a). From biomass samples collected at these two 
time-points, the total lipid content was found to be 24 ± 2% at the end of stationary 
phase compared to 8.4 ± 0.4% from exponential phase (Table 7). In terms of 
autotrophic lipid yields, the one-month batch culture produced 0.24 g L-1 oil at an 
overall rate of 8 mg L-1 d-1, which reflects differential oil accumulation rates in 
stationary and exponential phases (5.5 and 10 mg L-1 d-1, respectively). 
Heterotrophic cultivation of UTEX 1230 was undertaken in 15-L bioreactors with 
BBM and 10 g L-1 glucose. The population exhibited an extended lag phase before 
exponential growth (Figure 22b) and the onset of stationary phase, which engendered 
lipid content increase from 21% to 30%. Combined with the higher final cell 
concentration, this represents a nearly 2-fold increase in oil productivity from 39 mg 
L-1 d-1 during exponential phase to 75 mg L-1 d-1 during stationary phase, 
corresponding to an overall heterotrophic lipid production rate of 43 mg L-l d-1 and 
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yield of 0.6 g L-1 oil production over the course of two weeks. This more than 5-fold 
improvement in volumetric lipid productivity relative to photoautotrophy can be 
attributed not only to the higher lipid content throughout heterotrophy, but also to 
the 2-fold higher biomass concentration (2 g L-1) supported by glucose feeding. 
Collectively, these direct comparisons of growth and lipid data during exponential 
and stationary phases of auto– and heterotrophic growth in Table 7 provide a 
















Phase of Growth Exponential Stationary Exponential Stationary 
Total Lipid Content 
(% of dry cell weight) 8.4 ± 0.4% 24 ± 2% 21% 30 ± 2% 
Biomass Density 
(g L-1) 1.0 1.0 1.5 2.0 
5.5 mg L-1 d-1 10 mg L-1 d-1 39 mg L-1 d-1 75 mg L-1 d-1 Lipid Productivity 
(volumetric) 8 mg L-1 d-1 43 mg L-1 d-1 
# Inferred from previous study (ROSENBERG et al. 2014) 
Table 7. Biomass and lipid data from autotrophic (75-L) or heterotrophic 
(15-L) batch cultures. Data describing biomass and lipid performance parameters 
are reported for both exponential and stationary phases of culture. Additionally, the 
overall volumetric lipid productivity corresponds to the average lipid accumulation 
rate over the entire course of cultivation. All values were derived from experiments 
conducted in this study, unless otherwise designated. Lipid contents are the average 
of three technical replicates ± one standard deviation. 
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4.2.2 Scalable two-stage growth of UTEX 1230: high-density heterotrophy 
In order to pilot sequential stages of auto– and heterotrophic cultivation, 
photoautotrophic cultures were first grown in rectangular glass tanks with BBM at 
the 150-L scale. Despite having half the surface-to-volume ratio of the hanging bags, 
150-L aquarium tank cultures followed comparable photoautotrophic growth trends 
as the hanging bags (Figure 22) and exhibited similar biomass yields (0.75 g L-1), 
perhaps as a consequence of more effective mixing (data not shown). For the two-
stage process, autotrophic UTEX 1230 biomass was harvested from exponential 
phase, concentrated to wet paste, and resuspended in a 36-L heterotrophic bioreactor 
at a starting biomass density of 3 g L-1 with fresh BBM and 10 g L-1 glucose. Over 
the subsequent two-week period, the heterotrophic culture reached a final biomass 
concentration of 7.8 g L-1 by dry weight as shown in the growth curve depicted in 
Figure 22 (right axis). The bar graph in this figure quantifies the corresponding 
linear rate of total lipid accumulation as a percent of total cell mass (left axis) as 
well as the portion of total lipids stored as neutral TAG. The accelerating rate of 
neutral lipid biosynthesis during heterotrophy is particularly evident and exhibits the 
most significant increase of TAG from 31% to 63% of the total lipids after 8-10 days 
of cultivation. After two weeks, the heterotrophic lipid composition was enriched 
with 77% of the total lipids as TAG from an initial 12 ± 5% and with an average 













Figure 22. Independent photoautotrophic and heterotrophic growth 
curves of C. sorokiniana UTEX 1230. These representative plots of cell density 
in (A) 75-L hanging bags and (B) 15-L fermentors demonstrate the full course of 
Chlorella sorokiniana UTEX 1230 in photoautotrophic and heterotrophic culture, 
respectively, interpolated from biological replicates. The final cell densities of over 
100 ! 106 cells ml-1 in both stationary phases correspond to biomass densities 
between 1-2 g L-1 by dry weight. The standard deviation for each measured data 







Figure 23. Algal biomass and cumulative lipid accumulation during high-
density heterotrophic cultivation at 36-L. The increase in biomass density () 
during second-stage heterotrophy illustrates the high rate of growth during the first 
week. As growth slows to reach a final yield of nearly 8 g L-1 by dry weight, 
noticeable neutral lipid accumulation is depicted in the corresponding bar graph. The 
entire bars (light gray) correspond to the total lipid content while the inset regions 
(dark gray) represent TAG content, expressed as percent of biomass dry weight 
(DW) on the left axis. The percentages super-imposed on each bar indicate the 
fraction of total lipids stored as TAG (percent of total lipids DW). Error bars 
represent standard deviation associated with three technical replicates. 
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With the sequential auto-to-heterotrophic transition, the final 36-L fermenter yielded 
1.3 g L-1 of total lipids, compared to 0.24 and 0.6 g L-1 in single-stage auto– and 
heterotrophic processes, respectively. The TAG biosynthesis during second-stage 
heterotrophy resulted in a final density of 1 g L-1 of TAG in culture, which is 
substantially higher than TAG production rates for this strain under heterotrophy 
alone and autotrophy alone (ROSENBERG et al. 2014). The second heterotrophic stage 
elicited total lipid accumulation on the order of 49 mg L-1 d-1 compared to 43 mg L-1 
d-1 in heterotrophic culture and 8 mg L-1 d-1 in a single phototrophic batch. Thus, 
while the two-stage process does not achieve markedly higher total lipid 
accumulation rates, the yield of neutral lipids (TAG) exceeds those of individual 
auto– or heterotrophic cultures. Figure 3 shows the trajectory of overall lipid 
accumulation rates to reach the ultimate oil and TAG yields (g L-1) for each of the 
cultivation modes examined. Since this strain is known to under-perform when grown 
with light and sugar compared sugar alone (ROSENBERG et al. 2014), the mixotrophic 
case was not examined in the present study. Nonetheless, UTEX 1230 is intuitively 
appealing for its differential oil production rates with CO2 or sugar and unique 







Figure 24. Extrapolated projections of overall volumetric lipid production 
rates. The average of exponential- and stationary-phase lipid productivities are 
reflected in the slope of each line. For auto– and heterotrophic modes of culture, 
these correspond to 8 and 43 mg L-1 d-1, respectively. The dotted arrow on day 
fourteen represents harvesting and concentrating biomass from autotrophy to an 
initial heterotrophic biomass density of 3 g L-1 for the second stage of cultivation 
(dashed line), which produced lipids at a rate of 49 mg L-1 d-1. 
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4.2.3 Transcriptome analysis of Chlorella species during trophic shifts 
In order to glean insight into the broad changes in metabolic regulation that occur in 
Chlorella species during the transition from auto- to heterotrophy, corresponding 
transcriptomic data sets from a related Chlorella strain were generated and analyzed 
by RNAseq. Gene expression profiles from Chlorella vulgaris UTEX 395 during 
autotrophy with CO2 and heterotrophy with glucose were first narrowed down to 
transcripts with high statistical relevance (p < 5 x 10-5). From this select list, Table 
8 shows genes that were identified to have the highest transcriptional levels during 
auto- and heterotrophy along with genes that experience the most significant change 
in expression between auto– and heterotrophic cultivation.  
Many anticipated observations in transcript levels correspond well with the 
respective growth conditions. For example, genes associated with chloroplast biology 
and the photosynthetic apparatus, such as ATP synthase domains (PFam IDs: 
PF02874, PF00306, PF00006) and the photosystem II protein (PFam ID: PF00421), 
were both highly expressed during photoautotrophy and absent from heterotrophic 
samples. Genes involved in heterotrophic metabolism, such as ABC transporters and 
translocation domains for citrate and sugar (PFam IDs: PF00664, PF00005, 
PF01061, PF00083, PF03600) were detected in high abundance, as expected. 
Concomitant with the observed chlorosis and redistribution of chloroplast 
biomolecules, phosophlipid menthyltransferase and lipase genes (PFam IDs: PF04191 
& PF01764) also showed high transcriptional abundance during heterotrophy, which 
may support the hypothesis that significant turnover of chloroplast and thylakoid 
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membrane lipids lead to heterotrophic TAG storage, in addition to de novo 
biosynthesis (WANG et al. 2009). Furthermore, down-regulation of dehydrogenases 
(e.g., PF00389) involved in light-driven biosynthesis implicates a collapse of 
chloroplasts during heterotrophy, from which biomolecules can be regenerated as 
TAG (BENSTEIN et al. 2013). 
Interestingly, the most significantly upregulated genes during autotrophy encode for 
multi-copper oxidase and heavy metal associated proteins, such as reprolysin, which 
is completely absent during heterotrophy but present during photoautotrophy 
(HERBIK et al. 2002). This finding suggests a major shift in the regulation of iron, 
copper, and other metal co-factors required for photosynthesis when the cells assume 
a heterotrophic state. Furthermore, there is a strong relationship between metal 
starvation and lipid remodeling in algal cells with implications in TAG accumulation, 
which may occur during heterotrophy (URZICA et al. 2013). Additionally, a fascilin 
domain associated with cellular adhesion is unexpectedly the most highly expressed 
gene during heterotrophy and remains at very low expression levels in autotrophy 
(PFam ID: PF02469). Although the turbidity maintained in the fermentor prevented 
any noticeable biofilm growth, this transcriptional evidence may suggest that 
Chlorella cells prefer sessile modes of growth in the presence of organic carbon and 
initiate auto-flocculation pathways. Lastly, unique expression levels of two genes 
with unknown function were identified. While transcript is only present during 
autotrophy, the other is only present during heterotrophy. BLAST results indicate 




Table 8. Significant changes in gene regulation in auto- and heterotrophy. 
This select list of transcripts from Chlorella vulgaris UTEX 395 implicates shifts in 
carbon and lipid metabolism while also suggesting a major change in metal co-factor 
balance associated with the loss of chloroplasts during heterotrophy. All protein 
sequences are listed in Appendix B. 
PFam ID Gene Name Metabolic Role 
Mostly highly expressed during autotrophy 
PF07731 Multicopper oxidase Photosynthetic co-factors 
PF00125 Core histone H2A/H2B/H3/H4 Nuclear gene regulation 
PF00403 Heavy-metal-associated domain Metal co-factor binding 
PF00389 D-isomer 2-hydroxyacid dehydrogenase Photosynthetic biosynthesis 
Mostly highly expressed during heterotrophy 
PF02469 Fasciclin domain Adhesion molecule 
PF00125 Core histone H2A/H2B/H3/H4 Nuclear gene regulation 
PF00122 E1-E2 ATPase Energy metabolism 
PF00231 ATP synthase Energy metabolism 
Significantly down-regulated during heterotrophy (compared to autotrophy) 
PF07731 Multicopper oxidase Photosynthetic co-factors 
PF02874 ATP synthase, beta-barrel domain Light-driven energy production 
PF00306 ATP synthase, C terminal domain Light-driven energy production 
PF00006 ATP synthase, nucleotide-binding Light-driven energy production 
PF00421 Photosystem II protein Photosynthetic light harvesting 
Significantly upregulated during heterotrophy (compared to autotrophy) 
PF01562 Reprolysin family propeptide Metal co-factor binding 
PF02469 Fasciclin domain Adhesion molecule 
PF03600 Citrate transporter Carbon metabolism 
PF00664 ABC transporter transmembrane region Homeostatic carbon balance 
PF00005 ABC transporter Homeostatic carbon balance 
PF01061 ABC-2 type transporter Homeostatic carbon balance 
PF00083 Sugar (and other) transporter Carbon metabolism 
PF04191 Phospholipid methyltransferase Lipid metabolism 
PF01764 Lipase (class 3) Lipid metabolism 
189 
 
4.3. Discussion and Conclusions 
Lipid productivity remains one of the most critical bioprocessing parameters for 
microalgal biofuel production. Technoeconomic analyses performed by Stephens et al. 
set 5 g m-2 d-1 as a feasibility threshold for areal lipid productivity and more recent 
appraisals have identified lipid content as the major factor to improve both the 
economics and sustainability of algal biofuels (ROGERS et al. 2013; STEPHENS et al. 
2010). Most conventional fuels, including diesel and jet fuel, contain aliphatic 
hydrocarbons that are chemically similar to the fatty acids of TAG (HSIEH et al. 
2014). As such, novel approaches to maximize oily biomass yields, targeted at either 
the molecular or bioprocessing scales, are a major bioenergy goal (FAN et al. 2013). 
Furthermore, the cost, sourcing, and distribution of CO2 are non-trivial components 
of algal cultivation for biofuels (CHISTI 2013; ROGERS et al. 2014). Therefore, a strain 
such as UTEX 1230 that can grow in relatively “thin” air (minimal CO2) during an 
initial autotrophic stage may alleviate some of the capital and operating costs 
associated with a final stage of heterotrophy. 
In the interest of utilizing algae to produce renewable oils, the major challenge 
involves partitioning the flow of chemical energy to lipid storage rather than cell 
proliferation and, furthermore, toward TAG rather than other types of lipids. 
Compared to the autotrophic lipid production rate of UTEX 1230 determined in the 
present study (Table 7), the two-stage growth process improves final volumetric oil 
yields by 12-fold. While this augmented total lipid yield of 1.3 g L-1 was only about 
2-fold higher than a single heterotrophic batch culture, the TAG productivity of 69 
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mg L-1 d-1 compared to 29 mg L-1 d-1 previously reported for this strain under strict 
heterotrophy is biochemically significant and can favorably impact downstream 
extraction and separation of neutral oils compared to polar lipids (ROSENBERG et al. 
2014). 
In addition to intensifying biocatalysis by supplying more cells for bioconversion of 
sugar to oil, the two-stage cultivation strategies benefit from tunable time periods. 
Interestingly, the reverse order of these growth stages— providing a dense 
heterotrophic inoculum for final photoautotrophic culture expansion —has been 
investigated recently with other Chlorella species (FAN et al. 2012b; ZHENG et al. 
2012). A further permutation of this bioprocess employing sequential auto– and 
mixotrophic stages has also been examined (YEN & CHANG 2013). In all of these 
cases, extended periods of heterotrophy can be avoided while still benefiting from 
rapid sugar-based bioproductivity. 
4.3.1 Economics of algal lipid productivity in auto– and heterotrophy 
From a technoeconomic perspective, the two-stage cultivation strategy allows 
engineering control to be exerted over the time spent in the heterotrophic stage 
where the amount of organic substrate can be regulated, which may reduce the cost 
of algal oil production. While equivalent two-week residence times in auto– and 
heterotrophic batches were evaluated in the present study based on the differential 
times required to reach stationary phase, further work is needed to estimate the 
technoeconomic projections to optimize the time spent in each segment of the two-
stage process. This study aimed to maintain nitrogen replete growth during 
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autotrophy to maximize cell proliferation and then grow the biomass to nitrogen 
deprivation (late stationary phase) in heterotrophy to maximize TAG storage. 
Alternative operating scenarios may enable continuous autotrophic growth with 
periodic harvests to inoculate short heterotrophic batches, but were not examined in 
the present study. Furthermore, the heterotrophic media can be formulated without 
nitrogen at all in order to more severely inhibit growth and induce TAG storage in 
the second stage. Alternative low-cost nutrient sources may also provide TEA 
benefits by integrating autotrophic cultivation with wastewater effluents, as 
examined in Chapter 8, or sourcing reduced carbon feedstocks from biomass 
hydrolysates, glycerol byproducts, or sugars secreted from other microbes in co-
culture (NIEDERHOLTMEYER et al. 2010). Despite the advantages of using waste 
nutrient sources, a recent lifecycle analysis suggests that greenhouse gas emissions 
associated with purely heterotrophic production of algal biofuel remains comparable 
to petroleum-based diesel (CHANG et al 2014). However, a two-stage process 
employing photoautotrophic growth may beneficially offset the carbon balance of 
biofuel production. This LCA study modeled a scenario employing waste glycerol as 
a feedstock and suggests that other sugar byproducts, such as waste molasses from 
the food industry, serve as both attractive alternatives and technically feasible goals 
(YAN et al. 2011).  
In regards to carbon utilization during heterotrophy in this study, the time required 
for glucose acclimation in UTEX 1230 is apparent in Figure 22B and may be due to 
substrate inhibition at low cell densities. This latency is overcome by the elevated 
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biomass loading rate of 3 g L-1 in second-stage heterotrophy (Figure 23). The 
production of nearly 5 g L-1 of biomass from 10 g L-1 of glucose in this second stage is 
indicative of more efficient carbon assimilation compared to only 20% conversion of 
the glucose to biomass in single heterotrophy. This figure is in close accord with a 
related Chlorella sorokiniana strain (CCTCC M209220, formerly CS-01), which also 
has excellent potential as a feedstock for biofuel production in heterotrophic culture. 
The highest conversion ratio of glucose achieved with CS-01 was found to be 25% 
(WAN et al. 2012). In using a minimal medium, the two-stage process enables more 
efficient glucose consumption resulting in high ultimate biomass and oil yields of 7.8 
and 1.3 g L-1, respectively. Compared to the 1.2 g L-1 lipids achievable from 
consecutive two-week batches of heterotrophy, an additional 0.1 g L-1 of lipids from 
the two-stage process may also implicate the turnover of polar membrane lipids and 
hydrocarbon pigments associated with photosynthesis to neutral lipids, as evidenced 
by the onset of chlorosis (ROSENBERG et al. 2014). Collectively, these results indicate 
that sequential auto– and heterotrophic cultivation can significantly improve the 
conversion efficiency of glucose to biomass due to high-density cultures. It is 
conjectured that after a sudden transition from auto– to heterotrophy, the complete 
switch of metabolism from photoautotrophic to heterotrophic growth is not 
instantaneous and, therefore, restructuring of the cell’s lipid constituents occur before 
any cell proliferation. 
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4.3.2 Shifts in transcriptomic regulation and lipid composition 
Prior to pilot-scale validation of the two-stage process, gene regulation patterns of a 
related Chlorella species was analyzed to determine biochemical and metabolic 
factors that should be considered in process design. With a focus on fatty acids, there 
is increasing evidence of lipid biosynthetic pathways participating in different aspects 
of cellular function by reorganizing the distribution of lipid classes (e.g. polar, 
neutral, glycolipids, phospholipids, TAG, PUFAs, carotenoids, tocopherols) (DOI et 
al. 2014; SINHA et al. 2009). In terms of redox potential, membrane fluidity, and 
energy stores, this flexible carbon network remains important for survival, yet the 
complex molecular processes regulating these changes are only beginning to be 
clearly defined in algae (FAN et al. 2012a). Preliminary investigation of C. 
sorokiniana in BBM at the bench-scale indicated that nitrogen deprivation, which is 
known to induce lipid accumulation (STEPHENSON et al. 2010), is coincident with the 
onset of stationary phase in both auto– and heterotrophic batch cultures. A detailed 
assessment of UTEX 1230 population dynamics and lipid profiles under these modes 
of cultivation previously demonstrated that UTEX 1230 can achieve lipid contents as 
high as 39% and substantially shift its oil profile toward neutral lipids during 
heterotrophy (22% TAG) compared to autotrophy (11% TAG) (ROSENBERG et al. 
2014). Interestingly, this prior study also found that mixotrophic biomass production 
and lipid accumulation of UTEX 1230 is hampered relative to heterotrophy and, 
therefore, mixotrophy was not examined as a component of two-stage growth.  
In the present study, the compilation of total lipid contents in both nitrogen-replete 
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and limited cases (Table 7) supported further characterization of the two-stage 
process with UTEX 1230 in which the pattern of heterotrophic lipid accumulation 
was exemplified by a turnover of the majority of total lipids to TAG. Second-stage 
heterotrophic growth exhibited a nearly 6.5-fold increase in TAG content compared 
to the exponential phase of autotrophy (Figure 23). However, as a result of the 
escalated respiratory demand in high-density culture, oxygen limitation may have 
negatively influenced the accumulation of total lipids (17 ± 1%), which was less than 
the single heterotrophic stage (30 ± 2%). Nonetheless, an additional benefit to the 
trophic transition is the likely conversion of residual photosynthetic lipids (e.g., 
chloroplast membranes and pigments) to TAG rather than additional membrane 
lipids present at the time of harvest. While there is also an assumed conversion of 
sugar directly to storage TAG, considerable resculpting of the existing autotrophic 
lipid landscape may implicate autophagy rather than entirely de novo synthesis from 
sugar (JIANG et al. 2012; SINGH et al. 2009; WADA et al. 2009; WANG et al. 2009). In 
order to quantify this hypothesis, 13C-labeling studies are a subject of continued 
investigation (XIONG et al. 2010). Along with the preliminary transcriptomic analysis 
for C. vulgaris summarized in Table 8, further efforts to harmonize genomic, 
transcriptomic, and proteomic data for Chlorella species is underway. For example, 
the metabolic mechanisms of oil accumulation during auto- and heterotrophy have 
been recently characterized in C. protothecoides strain 0710, which implicate a 
specific family of hexose uptake proteins (HUP) as the biochemical portals that 
enable glucose consumption (GAO et al. 2014). Although HUP-like genes were not 
identified in our heterotrophic assessment of the C. vulgaris transcriptome, the exact 
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function of all significant protein sequences was unable to be determined; therefore, 
the possibility remains that HUP genes could be conserved in other Chlorella species. 
Further comparative genomic analyses also support the use of Chlorella species as 
model organisms to study autophagy, which is consistent with our results regarding 
membrane degradation and lipid turnover (JIANG et al. 2012). 
While TAG is a highly energy-dense biomolecule and much research supports its use 
as a biologically refined lipid for renewable diesel and other drop-in fuels, 
hydrothermal liquefaction (HTL) of whole biomass also has potential to produce 
crude bio-oil for fuel applications. A recent investigation of biocrude production from 
UTEX 1230 grown with geothermal water reported successful HTL of relatively lean 
autotrophic UTEX 1230 biomass at less than 5% lipids by dry weight (REDDY et al. 
2013), which further demonstrates the versatility of this strain for other routes of 
bioconversion for biofuels. Nonetheless, inducing higher TAG content without 
augmenting the total lipid content in this organism remains somewhat irrelevant for 
the HTL because all lipids (and residual biomass) will ultimately be converted to a 
crude oil (ILLMAN et al. 2000). Alternatively, for biofuel production processes 
employing separation technologies to refine lipids from algal biomass, major gains 
can be achieved by shifting the composition of total lipids to a more easily 
extractable form (i.e., TAG) and, moreover, converting photosynthetic pigments 
that are unusable for biodiesel to TAG. By separating oils from protein and 
carbohydrates, value can be added to the algal biomass by producing co-products 
other than fuel. For this reason, microalgae represent a point of convergence for the 
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global focus on the sustainable production of food and fuels. Furthermore, from 
biochemical and cell physiology perspectives, the impact of environmental conditions 
on the lipid composition of C. sorokiniana UTEX 1230 observed in this study is 
intriguing. This strain may serve as an industrially relevant model alga with the 
ability to catabolize a wide range of carbon substrates. For commercialization of 
microalgae for biofuels and food applications, carbon can be uniquely paired based on 
the particular end product and locally abundant natural resources sources (i.e., 
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5           
INTEGRATED ALGAL CULTIVATION 
WITH SYNTHETIC “LEAF” 
BIOREACTORS TO FACILITATE 
NUTRIENT TRANSITIONS 
 
While the prior chapters have examined biochemical shifts in algal biomass during 
nutrient transitions, the research pursued in the remaining chapters of this 
dissertation is motivated by the physical challenges facing algae growth systems. 
Based on the technoeconomic analyses of algal biofuel pursued in Chapter 2, 
economically feasible large-scale microalgal cultivation is currently encumbered by 
water handling issues associated with growing and harvesting biomass from relatively 
dilute solutions. Alternative methods of cultivating and harvesting algal biomass 
have significant potential to improve some of the fundamental engineering issues 
related to recirculating ponds and can impact the overall sustainability of algal 
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biomass production. To this end, the conceptual basis for algal cell immobilization 
and harvesting using thin film reactors was formed. Just as the leaf is nature’s best 
design for solar collection, retention of microalgae cells onto a membrane may serve 
as a more evolved format for algae growth. While adhesion-based PBRs are not a 
new concept, novel membrane-based support systems may have particular 
advantages for growth and harvesting by maximizing the surface area available for 
solar collection while reducing water requirements. Additionally, for two-stage 
bioprocessing, surface-bound algae could be readily switched between nutrient 
sources without resuspension and harvested without centrifugation. 
In addition to leaves, natural photosynthetic biofilms are a source of inspiration for 
improved algal growth systems for biofuels and bioproducts. Aquatic microbial mats 
are some of the oldest known evidence of life on Earth— many 3,500 million year old 
fossils from shallow streambeds are textured with striated cyanobacteria. These 
pervasive and complex arrangements of microbial consortia are typified by 
functionally relevant spatial organization (photo- and heterotrophic; aerobic and 
anaerobic zones) as well as unique niche relationship and metabolite exchange 
between cyanobacteria, green algae, and bacteria and other heterotrophs. However, 
natural photosynthetic biofilms once thought to be robust have actually shown 
surprising fragility; thus, a robust mechanism of attachment may indeed be required 
to maintain the production longevity of bio-film-reactors used for industrial algae 
production. As an alternative to conventional microalgal cultivation in liquid 
suspension, desired production species of microalgae may be purposefully “tethered” 
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to a solid surface by protein-protein interaction. Toward this research objective, the 
development of a number of molecular and computational tools is described in 
Chapters 6. As an example, single-chain antibodies with high affinity for the surface 
of microalgal cells were generated and tested as species-specific binding agents. 
Furthermore, fluorescent biomarkers can be employed within natural biofilms to 
monitor synthetic combinations of adherent microbial communities and production 
strains of unicellular algae on a variety of membrane substrates. With these 
platforms technologies, detailed imaging and integrative analysis permits more 
refined studies spatial and temporal relationships within photosynthetic communities 
of algae and cyanobacteria (Chapters 7 and 8). The current chapter provides an 
introduction and conceptual basis for engineering such synthetic algal biofilms as 
well as a summary of the shortcomings of existing algal biofilm designs that 
motivated the continued study of protein-based adhesion of algal cells to membrane 
substrates. 
5.1 Developing bio-inspired growth systems to reduce water & energy use 
Over the past decade, considerable investment in research for advanced biofuels, 
biomass, and other bioproducts has moved the emerging algal biotechnology industry 
forward (SPOLAORE et al. 2006; SHENK et al. 2008; SPECHT et al. 2010). However, as 
both pilot- and commercial-scale algal production facilities continue to expand, the 
predominant cultivation vessel at these sites remains the raceway pond— first used 
to cultivate Chlorella in 1953 (BURLEW) and refined by Oswald for wastewater 
treatment (1995). Since outdoor ponds can only support dilute suspensions of algae 
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(0.05% solids) and traditional closed photobioreactor designs are capable of only 1% 
solids (BOROWITZKA 1999), a departure from these archetypes can benefit from 
membrane-based growth systems of immobilized microalgae achieving 5-15% solids 
(SCHNURR et al. 2013). A biomimetic assembly of photosynthetic cells on or within a 
flat surface, with likeness to the leaves of terrestrial plants, offers some advantages 
for solar collection compared to liquid cultures, which are limited by light 
penetration and necessitate considerable energy input for continuous operation 
(ROGERS et al. 2014). Thin film architectures have the potential to reduce harvesting 
costs at large scales and provide well-controlled microenvironments suitable for basic 
phycological studies. 
5.1.1 Prior approaches to immobilized microalgal cultivation 
Advantages of membrane based growth strategies include high cell densities, efficient 
nutrient and light transfer, as well as the ease and economy of harvesting algae on 
the large membranes verses single cells.  Immobilized microalgae cultivation systems 
have been previously evaluated for bioenergy applications using perfusion reactors; 
however, the capital cost of the polymer substrates was deemed to be uneconomical 
for biofuel production at the time (RIPIN 1985). Nonetheless, examples of adherent 
bioreactor systems are available for the maintenance of extensive algal strain 
libraries (NOWACK et al. 2005) and have been used to model mass transfer between 
the trophic zones of photosynthetic biofilms (BERNSTEIN et al. 2014; MURPHY & 
BERBERO!LU 2014b). Furthermore, microalgae are routinely propagated on solid 
media (e.g., 1.5% agar) and while most species thrive in this environment, the cells 
207 
 
would be easily disengaged from this surface by the shear force of flowing growth 
media (OZKAN & BERBERO!LU 2013). Other approaches to algae immobilization 
range from elegantly engineered mesoporous glass scaffolds and chitosan mats 
(JACOBI et al. 2012; EROGLU et al. 2012) to more straightforward preparations of 
microalgae on cloth or paper surfaces typically seeded with a high cell density liquid 
inoculum (JOHNSON & WEN 2010). Alternatively, the natural attachment of benthic 
macroalgae has been used to assimilate agricultural runoff in open waters (MULBRY 
et al. 2010). Immobilized algal systems are also well suited for hydrogen evolution 
(LAURINAVICHENE et al. 2008) and the secretion of volatile metabolites from 
microalgae has recently been realized through metabolic engineering (LINDBERG et al. 
2010; BENTLEY & MELIS 2011). This feature of design-for-purpose organisms has been 
projected to have a positive impact on lifecycle analyses of algal biofuel production 
paths (VASUDEVAN et al. 2012) and, moreover, encourages the use of immobilized 
growth systems to prolong the retention of viable cells in order to exploit continuous 
secretion of molecular products. In addition to favorable exposure to light and routes 
for secretion, surface immobilization may offer more direct paths for gas exchange 
and mass transfer of nutrients. 
Techniques of cellular immobilization for biofilm reactors have been pioneered with 
microalgae in biosensors, as bioatalysts in microbial fuels cells, and for the biological 
remediation of wastewater (FERRO et al. 2012). For heterotrophic bioremediation, 
biofilters comprised of natural bacterial biofilms on the surface of plastic pellets 
floating in airlift bioreactors are commonly used to effectively treat polluted liquid 
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permeates. The major difference between immobilized microalgal growth systems and 
adherent heterotrophic bioreactors stems from the inherent design requirement 
imposed on photobioreactors to allow sufficient light penetration to support 
photosynthetic activity. To this end, simple systems involving cloth sheets or filter 
paper have proved to be effective substrates for algal colonization without the need 
for any adhesives or other fixatives (JOHNSON & WEN 2010). The interdependence 
between light penetration, gas exchange, and water loss in these biofilm systems has 
also been studied in depth by Murphy et al. (2011a, 2011b, 2014a, 2014b). 
Furthermore, novel tools to directly quantify biomass productivity in both biofilm 
and suspension cultures has recently been developed, but not yet extensively used 
(MURPHY et al. 2014c). At the upper limit of cell packing in photosynthetic biofilms, 
latex polymer coatings and other non-toxic adhesives have been used as “living 
paints” and reviewed extensively by Flickinger et al. (2007). While higher biological 
productivities can be achieved with this intensification of photosynthetic activity in 
surface density coatings containing more than 50% cells by volume (BERNAL et al. 
2014), the binding agents are a permanent method of entrapping cells and are not 
intended for biomass harvesting. Large-scale algal production for biofuels will require 
adhesion without substantial chemical additives that would not only contaminate 
harvested biomass, but also contribute additional cost to algal biofuel facility. 




5.2 Symbiosis and the potential fragility of naturally adherent microalgae 
While prior examples of immobilized biofilm reactors have focused on monocultures 
of algae, co-cultures of photosynthetic microorganisms may pose a number of 
synergistic advantages. Microbial diversity in a photosynthetic biofilm can serve to 
more efficiently utilize resources such as carbon and nitrogen nutrients, but also the 
visible light spectrum. For example, complementary chromatic acclimation allows 
some cyanobacteria to shift their photosynthetically active pigments in response to 
light availability (HIROSE et al. 2013). Co-cultures of green algae and cyanobacteria 
may, therefore, be able to utilize a broader spectrum of incident light for more 
effective biomass productivity. Many examples of symbiotic multi-organism consortia 
exist in nature, which perhaps indicates the evolutionary advantage of such systems. 
Collectively, the multifunctional nature of microbial consortia is apparent in the 
formation of natural biofilms, in which some organisms provide structural support 
while other stabilize the metabolic profile through nutrient exchange. 
5.2.1 Microbial community organization and mutualism in nature 
There are countless examples of organisms from different species, classes, or 
kingdoms living together to complete tasks that benefit both parties. As a relevant 
example, microalgae are known to provide energy and nutrients to coral reefs 
(MUSCATINE 1990). Similar scenarios are ubiquitous and indispensable for the 
survival of all organisms involved, which can provide mutual stability and resilience. 
Any multicellular organism is a system of differentiated cells working together as 
microscopic cogs in a vastly complex machine. Beyond the different polymorphs of 
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cells of the same genome, there are many other species working in concert with 
higher organism often performing essential tasks. As an example, there are more 
bacterial cells than mammalian cells in the human body. Even within a single cell, 
such multi-species symbiosis is apparent and essential. The eukaryotic algal cell 
embodies a microcosm of symbiosis as the product of endosymbiosis between 
prokaryotic phototrohps and heterotrophs (TIRICHINE & BOWLER 2011). The 
repeated theme in all of these examples is that the sum of the system is far more 
powerful than any of its parts.  
From a bioprocessing perspective, there are extensive opportunities to exploit these 
mutualistic relationships between algae, cyanobacteria, and other heterotrophic 
organisms and it is important to study the cultivation ecology of these systems. The 
synergistic nature of microbial consortia contributes to their stability by species 
interdependence (e.g., certain algae rely on bacteria for vitamin B12) (CROFT et al. 
2005). By understanding the growth characteristics and nutrient requirements of 
microalgae in concert with other organisms, the binary goal of nutrient remediation 
and biofuel production may be achieved. Conversely, the fragility of monoculture 
crops has been demonstrated by agriculture (e.g., potato blight) (GAO & BRADEEN 
2010). Since the next battle of the agricultural revolution may be fought in the water 
rather than the field, microalgal production calls for a new generation of robust 




5.2.2 Exploiting natural biofilms for biomass production 
By reaching beyond a simple monoculture model for algal production, the 
bioprocessing potential of biological systems can be dramatically enhanced when it is 
networked. Biofilms, as they exist in nature, involve incredibly diverse and dynamic 
species populations. Since cells continually slough off from the surface as they lose 
viability, the critical thickness of biofilms can range from microns to millimeters. 
While monocultures can still be introduced to naturally adherent biofilm substrata, 
this complexity does not always enhance biological resilience or help to achieve an 
engineering goal (e.g., algal lipid production). In one exemplary study, initial biofilms 
formed by the natural deposition of microbes and extracellular polymeric substances 
from wastewater can provide a suitable attachment mechanism for monoculture of 
green algae or diatoms  (SCHNURR et al. 2013). However, the resulting algal biofilms 
were not found to behave in accordance with corresponding suspension monocultures 
during periods of nutrient shifts. In response to intentional nitrogen deprivation to 
induce TAG production, the biofilms completely disengaged from the substrate (glass 
slide). Nutrient starvation may indeed offer a useful mechanism to harvest naturally 
adherent biofilms, the intended goal of lipid accumulation in these attached cultures 
was not achieved. Larger scale studies of algal biofilms cultivated from wastewater 
on rotating algae biofilm reactors (RABRs) employing cloth rope as a substrate for 
natural adhesion of polymicrobial communities of algae have reported similar results. 
While some reductions in biofilm thickness were observed at the onset of nitrogen 
deprivation as a result of cells sloughing off, the remaining biomass did not 
experience any lipid enhancement, perhaps due to the type of natural organisms that 
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dominated this biofilm population (BERNSTEIN et al. 2014). In addition to confirming 
the unstable nature of natural biofilm adhesion and unsuitable characteristics for 
lipid production, this RABR study found that oxygen accumulation within 
photosynthetic biofilms can reduce photosynthetic performance. This result suggests 
that an optimal biofilm thickness on the order of 100 !m may prevent losses in 
productivity by allowing sufficient O2 off-gassing. 
While these attempts to exploit biofilms for biofuel production employ natural 
communities of photosynthetic algae, the lack of control over both stability of 
adherent cultures as well as their lipid profiles stem from insufficient characterization 
of their actual microbial composition. Since algal communities grown in open-air 
systems cannot be kept axenic, it is well understood that biomass composition is 
strongly affected by intruding organisms. These approaches toward incorporating 
natural biodiversity of adherent microbes aim to work within the context of the 
natural environment rather than against it, but may still require intentional 
mechanisms of binding. As depicted in Figure 25, there are both temporal and 
physical differences between natural biofilm formation and user-defined communities 
that must be examined. By studying monoculture biofilms in crop rotation and 
compared to year-round polycultures, a better understanding of “synthetic ecology” 
within industrial algal production systems may be achieved (KAZAMIA et al. 2012; 
HAMILTON 2014; CARNEY et al., 2014). Some conventional approaches to crop 
protection and biological control have proven effective at large scales (MCBRIDE et 
al. 2013), but lipid accumulation phenotypes certainly vary depending on trophic 
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conditions with interdependence between competing phototrophs and predators 
(LETCHER et al. 2013). Future developments in this field may build upon synthetic 
biology tools for individual organisms by engineering mutualism or symbiosis 
between two or more organisms with a unique opportunity to engineer an expanded 
complexity of metabolism within microbial consortia (ZENGLER & PALSSON 2012). 
Nonetheless, the advantages of unmodified two-dimensional “artificial leaf” growth 
strategies, including high cell densities, efficient nutrient and light transfer, and ease 
of harvesting, warrant continued exploration of these concepts with a particular 







Figure 25. Natural mechanisms of polyculture biofilm formation compared to a scaffold-supported design. While 
the natural colonization of a flat surface with a polymicrobial biofilms can require extended periods of time to develop a mature 
community structure (top), filamentous cyanobacteria may be immobilized first, in order to act a suitable matrix structure and 
promote the retention of unicellular microalgae with desired production qualities (bottom). 
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5.3 Toward assisted mechanisms of biofilm attachment 
Based on the unpredictable nature of natural biofilms, approaches to mediate or 
stabilize surface interaction between polycultures and solid substrates may be 
necessary for adherent algal cultures to achieve their full production potential. For 
example, the natural process of polymicrobial biofilm formation depicted in Figure 25 
not only occurs over long time scales, but the longevity of the established community 
has also been demonstrated to be transient (SCHNURR et al. 2013). At the sub-micron 
level, thermodynamic relationships between different algal species and biofilm 
substrates also reveal significant variation in the inherent attractive (or repulsive) 
interactions with respect to surface potentials (OZKAN & BERBERO!LU 2013). 
Collectively, prior literature has led to the conceptual development of a hybrid 
approach to initiating microbial biofilm formation. This approach takes advantage of 
the structural properties of cyanobacterial biofilms while also dictating stable 
attachment to a membrane substrate. Furthermore, cyanobacteria and other 
microbes can effectively form a matrix, in which a monoculture of a production 
strain can be implanted. The ultimate morphology of this living scaffold has similar 
properties as an actual leaf, comprised of a hemicellulose matrix to hold an assembly 
of individual photosynthetic cells (GRIFFITHS & HELLIKER 2013). 
Developing mechanisms of synthetic biofilm formation on a flat surface as opposed to 
a rough or porous medium may also be more similar to the natural environments 
that photosynthetic biofilms encounter in nature— commonly coating flat surfaces 
such as stones in stream beds and the hulls of boats. In this configuration, a flat 
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morphology can serve as the foundation for monolayers of tightly packed cells to 
maximize solar utilization for applications in secretion (a non-growing system), but 
can also allow certain algal species to extend from the surface by producing 
successive multilayers that remain tethered to the fixed monolayer (a growing 
system). In either case, the attachment of microalgal cells on a well-defined surface 
will enable researchers to probe the fate of single cells in biofilm environments and 
better understand population dynamics in algal co-cultures. While a long-term goal 
would be to create a scalable architecture for algal cultivation with more effective 
provisioning of water and energy resources, bench-scale models can allow critical 
time- and length-scales to be characterized further in these microbial ecosystems. 
As described in the next chapters, antibodies with species-specific binding 
capabilities may offer a unique opportunity for selective retention of microalgal cells, 
but conventional monoclonal antibodies are most certainly cost prohibitive for 
industrial algae applications. While single-chain antibodies may offer some 
advantages with their smaller molecular weight and ease of production in microbial 
platforms (JIANG et al. 2013), other proteins with non-specific cell binding capacities 
may also serve as suitable binding agents. Regardless of the protein mediator, a 
dedicated mechanism of adhesion without the permanent entrapment may allow 
natural biofilms to be more successfully transitioned between nutrient regimes and 
more effectively harvested. These systems can serve as models to engage 
monocultures of algal biofilms and to explore the symbioses present in polycultures 
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6           
ADVANCES IN MOLECULAR AND 




Since microalgae are versatile production platforms for biomanufacturing, many 
different species have been characterized for specific product applcations (SHEEHAN et 
al., 1998; RODOLFI et al., 2009; GRIFFITHS and HARRISON, 2009; LI et al., 2011; LIU 
et al., 2011; VAZHAPPILLY and CHEN, 1998). Natural organisms have the potential to 
contribute substantially to the nutrition, health, and biofuel sectors owing to their 
photosynthetic capacity and biodiversity. However, some hypothesize that we have 
reached the limit of naturally occurring traits and further bioprospecting efforts will 
                                                       
§ This chapter contains figures from papers published by RASALA et al. (2013) and JIANG, ROSENBERG et al. 
(2013) that both appeared in THE PLANT JOURNAL as well as a publication by BARRERA, ROSENBERG et al. 
(2014) in the PLANT BIOTECHNOLOGY JOURNAL. Portions of these works are reprinted here with permission 
from the publishers (Appendix A). 
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not yield meaningful results in a timely manner (GRESSEL 2008), particularly for 
biofuel production. Others even claim that natural variation and recombination of 
traits accessible in agriculture by means of cross-breeding will be exhausted by 2050 
(SAYRE 2014). In direct response to this bottleneck, the ability to manipulate 
genomes with molecular genetic tools may open the door to previously unattainable 
traits. However, the accelerating field of algal biotechnology is still faced with a lack 
of mature technologies to manipulate the microalgal cell with ease. Genetic 
transformation is currently limited to a small set of algal species and, thus, routine 
biomolecular engineering has yet to be fully realized with production organisms 
(HALLMAN 2007). 
Beyond the lab bench, molecular and computational tools can also play a role in 
manipulating and improving algal cultivation throughout scale-up and production. 
Applying genetic intervention to strain development can provide opportunities to 
regulate growth characteristics, maintain culture integrity, increase harvesting 
efficiency, and probe shifts in cellular metabolism. A major focus of genetic 
improvement efforts has been to engineer strain dominance. Alternatively, 
preventative measures against inevitable intrusion of wild contaminant organisms in 
open algal ponds may employ extracellular control using small molecules or 
regimented culture conditions to change the trajectory of algal cultures. 
Furthermore, flow cytometric methods can help to diagnose contamination in real-
time (DAY et al. 2012) and may benefit from improved accuracy by coupling sorting 
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methods with protein recognition tools, such as antibodies, that are specific to 
production organisms or contaminant microbes. 
In order to complement these biological approaches to understanding microalgal 
population dynamics, computational methods to deconvolute large data sets and 
interpret meaning from various metrics of culture health will serve as important 
tools. While common microbiological procedures for approximating cell 
concentrations in liquid culture are applicable to microalgae, the variety of growth 
systems pose certain constraints on sample evaluation. For example, biofilm-based 
reactors require different methods of evaluating biological productivity, as described 
in the previous chapter. This chapter reviews recent advances in molecular genetic 
tools for algae and the development of computational approaches to characterize the 
ecology of microalgal populations in both liquid and biofilm cultures. 
6.1 Obstacles to genetic engineering of microalgae 
The cell biology of eukaryotic microalgae present a number of challenges that have 
hampered routine genetic engineering. In addition to the complexity of nuclear 
transgene regulation, the biodiversity exhibited between potential production 
organisms makes it difficult to develop genetic tools that are applicable to many 
species. As an example, Chlamydomonas reinhardtii has been long utilized for the 
study of flagellar motion and photosynthetic function. The development of a variety 
of selectable genetic markers and basic reporter gene systems has made stable 
chloroplast and nuclear transformation possible with this alga (FRANKLIN & 
MAYFIELD 2004; LUMBRERAS et al. 1998; SIZOVA et al. 2001). Although the 
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chloroplast genome is generally amenable to homologous genetic recombination and 
protein overexpression, its ability to affect cellular functions within other organelles 
is restricted. Alternatively, nuclear genetic engineering can produce useful 
transformants, but high-level expression and soluble accumulation of recombinant 
proteins is not always achieved due to random chromosomal integration of vectors 
and propensity for transgene silencing (NEUPERT et al. 2009). 
While C. reinhardtii is experimentally tractable thanks to a growing repertoire of 
molecular and computational tool set (FUHRMANN et al. 2002; GROSSMAN et al. 
2003), a set of robust and reliable molecular genetic tools to engineer and visualize 
its full biomolecular inventory would greatly enhance the resolution at which 
intracellular events can be perceived. To the extent that a fully mapped genome can 
help predict metabolism, the ability to track and redesign biosynthetic pathways is 
necessary to fully realize the research and commercial potential of this and other 
algal organisms. 
6.2 Toward the robust expression of a suite of fluorescent proteins  
In order to improve expression levels of nuclear transgenes in microalgae, a number 
of approaches have focused on limiting the cells’ natural mechanisms of inhibiting 
foreign DNA expression, thus preventing transgene silencing (NEUPERT et al. 2009; 
OYLER  & ROSENBERG 2010). In addition to influencing epigenetic factors that may 
contribute to poor expression in C. reinhardtii, recent approaches to high-level 
nuclear expression have taken advantage of the well-characterized foot-and-mouth-
disease-virus (FMDV) 2A self-cleavage sequence. The 2A peptide is commonly used 
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in other eukaryotic cell types to generate two separate proteins from a single mRNA 
transcript. During translation, the 2A sequence causes an error in ribosomal function, 
resulting in premature cleavage of the protein product. Unlike an internal stop 
codon, by which the remaining open reading frame may not be fully translated, 2A 
allows for continued elongation of a separate peptide from the same mRNA. The 
short 20 amino acid sequence encoded by the FMDV 2A sequence has been 
investigated extensively and successfully adapted to C. reinhardtii (PLUCINAK 2013). 
Furthermore, by linking trangene expression to an antibiotic resistance gene, the use 
of 2A ensures that high-level expression of the selectable marker (required for 
survival in the presence of antibiotic) is coupled with expression of the gene of 
interest (GOI). In particular, antibiotic or herbicide resistance genes that act in 
stoichiometric equivalent to their substrates rather than enzymatically, such as 
bleomycin (ble gene), require high levels of expression to survive against selective 
pressure. Consequently, this approach also increases the number of positive 
transformants that can be reliably recovered by selection since GOI expression and 
antibiotic resistant are functionally linked. Collectively, these advantageous qualities 
of 2A were employed to drive the overexpression of an industrially relevant enzyme 
in nucleus of C. reinhardtii. In this example, Rasala et al. demonstrated roughly 100-
fold increases in functional xylanase (xyl1) production with a ble-2A-xyl1 expression 
construct (RASALA et al. 2012). This same strategy was applied to a compendium of 
fluorescent proteins (XFPs) to enable the first example of robust accumulation and 
visualization of nuclear expressed fluorescent probes in C. reinhardtii (RASALA et al. 
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2013). By codon optimizing the full spectrum of fluorescent colors (blue mTagBFP, 
cyan mCerulean, green CrGFP, yellow Venus, orange tdTomato, and red mCherry), 
each product of the ble-2A-XFP vector was detectable in living cells (Figure 26). 
When expressed in the cytoplasm, these fluorescent markers illuminate whole cells, 
which may have useful applications in cell tracking and population dynamics of 
microalgal communities (Figure 27). Rasala et al. further demonstrated that these 
fluorescent proteins can be fused with endogenous genes, such as tubulin, or organelle 
targeting sequences to achieve subcellular localization (RASALA et al. 2014). While 
these constructs are codon optimized for expression in C. reinhardtii, the same 
strategy of coupling the expression of a selectable trait (i.e., antibiotic resistance) 





Figure 26. Complete set of fluorescent proteins expressed by C. 
reinhardtii. This panel of live cell images shows the well-expressed, soluble 
fluorescent proteins localized in the cytoplasm (top row) compared to the chlorophyll 
autofluorescence, merged channels, and phase contrast micrographs. Confocal images 
courtesy of Mayfield Lab (UC-San Diego) and reprinted here with permission from 





Figure 27. Fertile ground between the cellular and microbial consortium levels. The fate of singe cells within the 
microbial ecology of photosynthetic biofilm communities may be elucidated by tracking fluorescent cells as biomarkers. Confocal 
images courtesy of Mayfield Lab (UC-San Diego) and reprinted here with permission from The Plant Journal (Appendix A).
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6.3 Utility of high-affinity protein binding tools in algal biotechnology 
While continual advancements in the understanding of algal genetics has enabled 
more effective approaches to cellular engineering, the proteome of microalgae remains 
a largely unexploited resource. The potential for antibody fragments to strongly bind 
algal proteins presents expansive opportunities for basic and applied research tools as 
well as for commercial applications. As an example, antibodies that recognize specific 
cell surface antigens associated with particular cancers have been valuable to the 
medical community as both immunological assays and clinical detection in the body. 
The same principle could be applied to microalgal cells, not only to determine the 
presence of invasive species in open culture as a “synthetic immune system,” but also 
to potentially immobilize microalgal cells. These applications will be particularly 
useful when the desired production algal organism must be grown in the presence of 
high surrounding contaminant microbes, such as wastewater (Figure 28A). 
Furthermore, surface-binding antibodies may facilitate rapid algae culture 
diagnostics and bioprospecting (Figure 28C). 
In addition to macroscopic manipulation of algal biomass (i.e., growth, harvesting, 
species recognition), these antibodies also lend themselves to the interrogation of 
algal cell biology (ROTHBAUER et al. 2006). Beyond the fluorescent detection reagents 
for subcellular tracking demonstrated by Rasala et al. (2012-2014), antibody-based 
technologies can serve to knock out specific enzymes as part of an overall synthetic 
biology approach to microalgae (Figure 28B). In response to environmental cues, 
proteins and other biomolecules are continually recycled and regenerated within the 
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cell by degradation and biosynthesis. In this process, cellular proteins are ‘flagged’ 
for degradation by the attachment of polyubiquitin chains through the action of 
ubiquitin ligase enzymes. Recently, it has become possible to hijack this natural 
process and use it as a means to specifically target cellular proteins for accelerated 
destruction (KUO et al. 2011; CAUSSINUS et al. 2012) by employing a chimeric protein 
in which one domain binds tightly to the target protein and the second domain 
promotes polyubiquitination of the bound target protein. Therefore, algae-specific 
antibodies fused to ubiquitin ligase proteins may effectively degrade target proteins 





Figure 28. Applications of protein binding domains for algal research and development. Conceivable embodiments 
of this technology may benefit algal biotechnology by (A) mediating the growth of microalgae on membrane surfaces (B) 
intervening in metabolic pathways for cellular engineering and (C) enabling species-specific recognition of external algal cell 
surface proteins for culture diagnostics and bioprospecting. 
A B C 
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6.3.1 Advantages of single-chain camelid antibodies 
In order to meet the low-cost requirements for mass-produced algae applications, 
conventional antibodies are inappropriate for this approach. As an alternative to 
typical animal hosts, camelid animals (e.g., camels, llamas, alpacas) as well as 
cartilaginous fish (e.g., sharks) produce a class of functional antibodies that, unlike 
conventional antibodies, lack light chains. Therefore, the variable region of these 
antibodies (antigen binding domain) is comprised of the heavy chain only. These 
variable heavy chain domains (VHHs) are able to bind to antigen targets and the 
encoding genes can readily be cloned and expressed in microbes to yield soluble 
protein. VHHs are small (~12 kDa), easy to produce, and generally more stable than 
conventional antibody fragments. Furthermore, due to their small size, they are often 
found to have unusual antigen specificities with an improved propensity for binding 
conformational epitopes on the interstitial surfaces of multimeric proteins and active 
sites of enzymes. Because of their remarkable properties of subnanomolar affinity and 
rapid refolding after denaturation, they have become widely used in research and 
show clear commercial potential (SAERENS et al. 2008). 
Camelid antibodies can be generated with a high degree of specificity for 
microorganisms and the ability to screen for desired VHHs by phage display in a high 
throughput manner is also extremely advantageous. As depicted in Figure 29, animal 
host-assisted generation of these antibodies by affinity maturation leads to sizable 
libraries with large complexity, high integrity, and generally good antigenic 
representation. Specifically, immunization of alpacas with algae protein lysates and 
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natural affinity maturation of novel VHHs is followed by DNA amplification from 
peripheral blood lymphocytes. The VHH encoding regions are cloned into a phage 
display platform and can then be panned against target epitopes of interest using the 
phage library (MAASS et al. 2007). For a library generated using whole cell lysates, 
each of the intracellular and extracellular proteins that constitute the cell, there will 
have a corresponding VHH; thus, the variety of applications for biotechnology can be 
fairly expansive and the type of binding agents recovered will be dictated by the 
panning procedure. As an example, Figure 29 shows panning against whole algal cells 
to recover surface-binding VHHs that may act as a tether to promote adhesion of 
algae to a substrate of interest and/or a bridge between algal cells for collection. Due 
to the unique surface morphology of each algal species, antibodies specific to algal 
cell wall proteins may be able to adhere algae on membrane growth systems and 







Figure 29. Schematic overview of camelid antibody generation and library panning. After immunizing alpacas with 
cell lysates, a phage display library can be constructed and panned against target antigens within roughly 4-6 months. Figure 








Figure 30. Potential membrane binding applications of VHHs for algal 
biotechnology. Possible orientations are shown above employing dimeric protein 
fusions of an algae-specific VHH with a cellulose-binding domain (CBD) for 
membrane substrate binding (OYLER et al. 2012). 
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6.3.2 Recent examples of single-chain antibody applications with algae 
Since tools to manipulate microalgae at the protein level remain underdeveloped, a 
single-chain antibody library was generated against a set of algal organisms. This 
compendium of VHHs specific to microalgae will hopefully serve as a useful protein 
toolkit both to facilitate academic pursuits and impact the feasibility of algae 
production for food, fuel, and potential high-value coproducts. As a proof of concept 
of the library’s utility, as well as a step toward algal cull immobilization, surface-
binding VHHs were recovered using the previously described panning procedures 
against intact algal cells. Five commercially relevant and academically important 
microalgal species were used for this procedure: Chlamydomonas reinhardtii UTEX 
2244, Chlorella variabilis NC64A, Coccomyxa subellipsoidea C-169, Nannochloropsis 
oceanica OZ-1, and Thalassiosira pseudonana CMMP 1335. The resulting VHH 
library created for these algae likely contains numerous unique VHHs for each of the 
proteins that constitute the algal cell. This section specifically describes some of the 
C. reinhardtii surface-binding VHHs that were characterized in depth both by 
binding affinity and visual distribution on the cell surface. 
Species-specific cell wall binding: just scratching the surface 
Due to the unique surface morphology of each algal species, the first objective was to 
characterize VHHs that are specific to algal cell walls. For example, Chlamydomonas 
species exhibit a hydroxyproteogylcan-rich exterior, while Chlorella, Coccomyxa and 
Nannochloropsis spp. are predominantly polysaccharide-based (HARRIS 2009; 
JEANNIARD et al. 2013), and the diatom T. pseudonana has a cell wall enriched with 
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silica. After immunizing alpacas with whole cell lysates from these organisms, the 
sera immune response exhibited a corresponding specificity to each species with 
diverse representation of antigenic proteins, as evidenced by ELISA and Western 
blot analysis. The construction of a high titer phage display library, exceeding 1013 
phage per ml, further confirmed the complexity of this VHH library with at least 106 
individual transformants. Subsequent panning of the phage library using live algal 
cells resulted in a compendium of VHH clones with selective recognition of algal cell 
surface epitopes. Lead candidate clones B11 and H10 bind to C. reinhardtii with an 
EC50 ! 0.5 nM and exhibited distinct anisotropic cell surface distributions as 
demonstrated by confocal microscopy. While these subnanomolar affinity 
extracellular-binders represent one example of the library’s utility, the versatility of 
this resource holds exciting opportunities for both basic and applied research in algal 
biotechnology. 
Generation of a camelid VHH library and confirmation of its integrity 
The creation of camelid library with high complexity and good representation of 
VHHs for algal proteins is described in detail by Jiang, Rosenberg et al. 2013. In 
brief, the peripheral blood lymphocytes from alpacas immunized with algae lysates 
were used as template DNA to amplify the VHH coding repertoire by PCR, resulting 
in over 106 independent clones from the purified products of approximately 400 bp. 
These DNA fragments were used to construct a phage display library using previous 




Before examining the binding abilities of VHHs, positive immune responses were 
observed in the two alpaca research animals by ELISA. Western blots using the 
alpaca sera as a primary antibody also showed good representation of a wide variety 
of epitopes with molecular weights ranging from 20-200 kDa. Together, these results 
indicated the high probability of recovering functional VHHs with specificity for the 
respective algal organisms. The Western blots developed “post” immunization in 
Figure 31 demonstrate that the alpaca injected with C. reinhardtii only showed a 
strong immune response to C. reinhardtii, but not N. oceanica, C. variabilis, C. 
subellipsoidea, and T. pseudonana, as expected. Conversely, the other alpaca that 
was injected with N. oceanica, C. variabilis, C. subellipsoidea, and T. pseudonana 
demonstrated a corresponding response to these algae, but not C. reinhardtii. 
Interestingly, both pre-immunization blots using sera extracted from the research 
animals prior to any exposure to these five microalgae show that there were some 
existing VHHs in the alpacas’ immune system that recognize proteins from C. 
subellipsoidea. This may indicate that the alpacas have been exposed to C. 
subellipsoidea in their natural habitat or that this alga shares similar proteins with 
another plant or alga that the animals had come into contact with previously. 
Despite this unexpected finding, all other algae show a strong immune response with 
low background levels of detection in the pre-immunization sera. Therefore, the 





Figure 31. Immunochemistry of alpaca sera pre- and post-immunization 
with algal lysates. These Western blots demonstrate full representation of species-
specific microalgal protein recognition present in the alpaca sera as a result of 
immunization. While the animal corresponding to the top blots received only C. 
reinhardtii lysates and shows a unique response to that alga, the other animal 
(bottom blots), received the four other algae of interest and responded accordingly. 
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Library panning for high affinity VHH binding to the algal cell surface 
After constructing a phage-display library, VHH clones decorating the surface of 
phage particles could be panned against live algal cells. Between each round of 
panning, phage were recovered and evaluated by high-throughput 96-well ELISA, 
which was employed to quickly determine the relative affinity of surface binding 
clones in compared to a negative control VHH that is unspecific to algae. From an 
initially amplified library with 1013 phage per ml, only 107 to 108 total phage were 
recovered from the first round of panning, which indicates the selection of potential 
surface-binding VHHs and a corresponding loss of the non-binding phage from the 
original population. Following increasing levels of stringency to narrow this selection 
procedure and enrich the phage population with only the highest affinity VHHs, the 
titer of phage recovered after the second round was expectedly 10-100! higher than 
in the primary panning. Ultimately, following the third round of panning, the 
majority of phage clones produced ELISA signals exceeding 2-fold that of the 
negative control, with a subset producing 10-fold higher signals than the background. 
For C. reinhardtii, lead candidate VHH clones with the highest ELISA signals were 
sequenced (Supplementary Table S3: Appendix B) and further characterized by 
ELISA spanning a full dilution series of each VHH against algal protein lysates, as 
show in Figure 32A. From this analysis, clones B11 and H10 demonstrated the 
highest effective binding concentrations (EC50) of less than 0.5 nM. Furthermore, 
these clones exhibited high species specificity to C. reinhardtii and not any of the 





Figure 32. ELISA curves describing the binding affinity of C. reinhardtii 
VHHs. (A) Lead candidate VHHs for C. reinhardtii cell surface binding demonstrate 
varying degrees of affinity to C. reinhardtii lystate. Clone B5 served as a negative 
VHH control that is not specific to algae, while clones B11 and H10 demonstrate the 
highest affinity to C. reinhardtii. (B) These two VHHs also exhibit clear specificity 
to C. reinhardtii lysates without any non-specific binding to the other algae lysates. 
ELISA curves for clone B11 are shown in this cross-species analysis. This figure is 






Employing VHHs for bioprospecting and fluorescent detection of algae 
Routine quantification and identification of species within microalgal populations 
(e.g., production organisms, contaminant algae, protozoa) is necessary for 
environmental studies as well as algae production. Current methods to evaluate 
microalgal ecology for environmental studies, bioprospecting, and culture diagnostics 
involve manual observation by microscopy and phylogenetic sequencing from single 
colonies, as employed in Chapter 3. However, these approaches may not adequately 
describe mixed populations since clonal isolates cannot represent the true abundance 
of subpopulations in cultures. Furthermore, the process of generating single algal 
colonies by streaking dilute amounts of liquid culture onto solid media can also take 
weeks to months.  
As an alternative methodology, VHHs may recognize algal organisms in mixed 
populations based on related surface epitopes. To test this hypothesis, the two lead 
candidate VHHs, H10 and B11, were fused to the red fluorescent protein, mCherry, 
and demonstrated remarkably unique cell surface localization (Figure 33). By 
coupling these C. reinhardtii specific VHH binding agents with fluorescent probes, 
the detection of algae and related species has been demonstrated as an effective 
technique for polyculture identification by Jiang et al. (2014). With the ability to 
rapidly bind species-specific epitopes, this antibody-based approach may provide 
particular advantages over current techniques for monitoring algae populations in 




Figure 33. Unique cellular distribution of C. reinhardtii surface VHHs 
demonstrated by confocal fluorescent microscopy. The VHH clones H10 and 
B11 were fused to the red fluorescent protein, mCherry, and imaged using confocal 
microscopy (Courtesy of Wen Zhi Jiang, University of Nebraska-Lincoln). These 
micrographs show that H10 exhibits localized binding at the flagellar base and B11 
has a more anisotropic distribution, binding to an epitope that may exist in higher 
abundance opposite to the flagellae.  
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Algal chloroplast produced VHHs as protein therapeutics 
Microalgae can also be used as a platform to produce single-chain antibodies for 
high-value pharmaceutical applications. As an example, VHHs capable of treating of 
botulism have been successfully expressed in recombinant C. reinhardtii. Botulinum 
poisoning causes an estimated 250 cases of infantile botulism in the U.S. each year 
(COX & HINKLE 2002). Currently, the widely accepted treatment for infantile 
botulism poisoning comes from human-derived antibodies (botulism immune 
globulin, marketed as BabyBIG®). This antitoxin is not only expensive but must be 
delivered intravenously (ARNON et al. 2006). The development of an inexpensive 
platform for oral administration of antitoxins would be a tremendous advance for 
global health. Using similar methods of alpaca immunization as described previously, 
a library of VHHs that bind and neutralize botulinum neurotoxin (BoNT) was 
created and lead candidate clones were selected and extensively characterized 
(MUKHERJEE et al. 2012). The fusion of two different VHH clones (H7 and B5) was 
found to be more effective as a divalent molecule with two distinct binding sites on 
BoNT than either high affinity antitoxin alone. In a small animal model, H7, B5, and 
H7-B5 were administered by intraperitoneal injection and shown to afford 100% 
survival after BoNT exposure at as much as 10,000! the LD50 (MUKHERJEE et al. 
2012). To reduce the cost of production and potentially expand the availability of 
such antitoxins, the chloroplast of Chlamydomonas reinhardtii has been 
demonstrated as a suitable platform for robust expression of these VHHs. Driven by 
the psbA promoter, each of the BoNT antitoxin VHHs was successfully transformed 
into the chloroplast genome of C. reinhardtii and shown to have light-inducible 
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expression. Finally, to demonstrate functional activity of these chloroplast products, 
Figure 34 shows the similar binding characteristics of algae-produced anti-BoNT 
VHHs to the conventional E. coli protein expression platform (BARRERA, 





Figure 34. C. reinhardtii chloroplast produced VHH domains bind BoNT. 
(A) Recombinant VHH domains purified from E. coli were subjected to ELISA using 
anti-E-tag antibodies. All three domains that were also made in algae demonstrated 
binding to BoNT. The VHH clone B11, characterized previously as a C. reinhardtii 
surface binder, served as a negative control (–) for BoNT binding. (B) All three 
binding domains produced from algae were capable of binding BoNT with similar 
affinity to those produced from bacteria. This figure is reprinted adapted from 
Barrera, Rosenberg, et al. 2014 with permission from the publisher. 
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Using phage display as an enabling technology to isolate highly specific VHH domains 
raises the possibility of applying this technology in many fashions and at large scales 
to provide rapidly adaptive, robust, and uniquely effective crop protection systems. 
The ability to rapidly generate VHH libraries and, ultimately, produce these 
recombinant proteins in algal organisms could have interesting applications ranging 
from pond culture diagnostics and bioprospecting to high value coproducts. In light 
of the advances in molecular genetic tools for microalgae that have occurred over the 
past five years, it is clear that these biological approaches to genome engineering, 
subcellular visualization, and robust antibody production have improved upon the 
framework of the traditional microalgal cell. However, computational approaches to 
accurately quantify algal populations will also be necessary to correlate changes at 
the microbial level to productivity at larger scales.  
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6.4 Metrics for determining cell and biomass concentration  
6.4.1 Correlation between cell counting and biomass measurements 
While growth curves remain a pillar of microbiology, current measurement practices 
lack uniformity. Microbial populations are typically reported as either optical density 
at any number of wavelengths or cell density by a variety of counting methods. 
Counting cells manually with a hemocytometer can allow for the most detailed visual 
assessment of a culture’s health, but also represents the most time consuming 
method of quantifying cell density. While advances in automated culture monitoring 
machines can capture digital images for analysis (e.g., Invitrogen CountessTM 
Automated Cell Counter) or use flow cytometry to count particles (e.g., Coulter 
Counter), these tools still require timely calibration and can be prohibitively 
expensive for small research groups (INVITROGEN 2009). Moreover, depending on the 
method of quantification, cell density data can become convoluted by fully 
automated mechanisms that lack sufficient user input. 
Microalgae, in particular, benefit from visual investigation and counting of cells due 
to diversity of species, potentially long growth periods, and changes in cellular 
morphologies throughout growth cycles. As an example, many unicellular species are 
typified by coenobia (grouped single cells) and can have a high prevalence of 
predatory microbes due to free organic material. For algae grown in open conditions, 
axenic cultures are nearly impossible to maintain; therefore, biomass and counting 
methods must also account for potentially diverse populations. Furthermore, even 
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axenic cultures can exhibit a complex distribution of cells due to varied cell types 
with differential rates of division (TAMIYA 1966). 
In order to gain accurate population information, counting of individual cells using a 
hemocytometer remains the most basic and direct method of determining cell 
concentration in liquid culture. The hemocytometer microscope slide is delimited by 
1 mm2 grid and can be viewed under phase contrast at 10! magnification. This 
visual inspection of algal cells may also serve as the more reliable indicator of 
microbial demographics because the user is able to differentiate cells, debris, and 
contaminants; however, this count can also be biased by subjective error (LUND et al. 
1958). As shown in Figure 35, quantification of algal cultures using automated flow 
cytometry and spectrophotometry can maintain good correlations with manual 
counts by hemocytometer. However, all of these methods present inherent limitations 
because they are only accurate within a limited range of concentrations and, 
therefore, require sample dilution. In order to combine the user input afforded by 
hemocytometer counting (i.e., visual distinction of cell types) with the automated 
nature of particle counting, the following section describes the development of an 




    
Figure 35. Correlations between metrics of cell and biomass density in culture. The relationships between optical 
density at 540 nm (OD540), automated Coulter Counter (left axis), manual hemocytometer counts, and dry biomass weight 
(right axis) are shown with linear trend lines and approximate conversion factors. (A) Date from multiple cultures of Chlorella 
sorokiniana are overlaid and demonstrate reasonable correlation with OD540 within the linear range (OD < 1). Only visual 
inspection by hemocytometer counting can fully account for nuances of cell shape and potential contamination, but the single 
growth curve depicted in panel (B) shows close accordance between manual and automated counts. Finally, the plot in panel 
(C) conveys a useful conversion of OD540 to biomass concentration in culture based on pellet weight. 
A B C 
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6.4.2 Automated hemocytometer image processing with CyteSeeker 
The development of a simple image analysis program to automatically count cells 
loaded onto a hemocytometer requires only a basic light microscope with a camera 
and computer connectivity. This program, called CyteSeeker, aims to eliminate 
subjective error associated with the hemocytometer by standardizing image capture 
and counting while also allowing for user-defined, and visually determined, size 
thresholds. CyteSeeker uses graphical user interface (GUI) to allow accurate 
determination of cell count and automatic calculation of cell density in liquid culture 
(million cells per ml). The program is also ideal for calculating surface density values 
(million cells per cm2) of immobilized cells on a two-dimensional environment. 
The programming of this stand-alone executable file for the 64-bit Windows 
platform, is relatively straightforward and available as an open source code in the 
MATLAB environment. There are three simple components of the algorithm. First, 
the user-defined threshold settings are used to differentiate mean cross-sectional 
areas of each cell based on particle delineations in the phase contrast image (ideally 
dark circles on light background). Next, “water shedding” is employed to separate 
adjacent cells by identifying centers of mass and interpreting any topographic relief. 
Finally, each particle is registered as a counted event over the regional distribution 
of the entire image. This method of image processing offers certain advantages over 
flow cytometry or optical density (e.g., OD540-720) approaches by providing sufficient 
information on the individual cells that contribute to the final count. While 
FlowCam® (Fluid Imaging Technologies) has recently developed a small laboratory 
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unit to both count and photograph single cells in a flow cytometry platform, 
CyteSeeker provides a simple and inexpensive alternative that is compatible with 
existing and common microscopy techniques. Moreover, the program handles 
overpopulated samples well, avoiding the need to dilute before counting. This serves 
to reduce volumetric errors associated with dilution that would otherwise be 
propagated and enables more statistically relevant sample sizes to be measured. 
The basic method of use requires a standard hemocytometer stage to be loaded with 
duplicate 10 !l samples of the culture media to be visually appraised by microscopy 
before proceeding with the count. Employing any simple camera setup paired with 
the preferred microscope, the user then captures representative micrographs of the 
different areas of the hemocytometer grid at a reasonable magnification. These 
images are saved for subsequent analysis with CyteSeeker, which also provides a 
mechanism of tracking data integrity that is not possible with many other cell 
counting methods. Therefore, there is a digital (or printed) record of the exact 
condition of the cells for each sample measurement. Once the program is installed 
and opened on a PC, the images can be imported one at a time using the GUI. The 
cell size threshold can be set easily using the sliding bar based on visual assessment 
of cell coverage and judgment of cell size, shape, and degree of contamination that 
may be present. Rather than setting global size thresholds that require calibration 
based on particle size cutoffs, CyteSeeker allows for the threshold to be set for each 
image and can account for individual cell shape and potential aggregates. A single 
threshold may also be saved and applied to all images from the same culture, if 
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desired. Lastly, a dilution factor can be manually input to adjust cell concentration, 
accordingly, and the cells counted on-screen are directly converted to a volumetric 
cell density output. A screenshot from CyteSeeker analysis shown in Figure 36 
illustrates the differential coloration of counted particles to allow users to 
meaningfully interact with the program and see which objects are being identified as 
cells. Depending on the threshold that is set, there is the potential for groups of 
particles to be counted as a single cell or cells to be omitted from the count, if 
desired. This type of detailed adjustment is not possible with automated cell sorting 




Figure 36. Screenshot of CyteSeeker for automated cell counting. The 
graphical user interface allows the researcher to import any .jpg or .bmp image file, 
set the size threshold, and count the particles on the screen. Each counted event is 
colored randomly to convey the exact cells that were identified and included in the 
count. The “Switch” button toggles between the color overlay and original image. 
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In order to examine the ability of this program to recognize cells of varying size, 
morphology, and relative abundance in the field of view, monocultures of microalgae 
with diverse cell diameters were chosen for CyteSeeker evaluation. These species 
included commercially relevant and academically important microalgae: 
Haematococcus pluvialis (~50 !m), Chlamydomonas reinhardtii (~10 !m), Chlorella 
sorokiniana (2-5 !m), Scenedesmus dimorphus (~8 !m), and Nannochloropsis 
oceanica (1-2 !m). By adjusting the CyteSeeker size threshold accordingly, Figure 37 
demonstrates the program’s robustness in identifying these diverse algal organisms 
(C. reinhardtii not shown). The overlay of counted output screenshots on top of the 
raw hemocytometer images show that each cell in the frame is recognized and color-
coded for confirmation. Cell debris and possible bacterial contamination that remain 
out of focus in the C. sorokiniana sample were excluded from the count based on the 
threshold setting. 
By displaying a visual confirmation of the counted cells, the user may also decide to 
manually adjust the total number of cells in order to account for potential false 
positives or cells that may have been omitted from the count. CyteSeeker will 
automatically recalculate the volumetric concentration of cells based on any post-






Figure 37. CyteSeeker screenshots validating recognition of different microalgal cell types. Four diverse algal 
species were counted with different thresholds. The smallest square delineated by white lines represents 50 ! 50 "m. All 
Chlorella, Scenedesmus, and Nannochloropsis species were viewed at 40! magnification, while H. pluvialis is shown at 10!.  
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Results of round-robin cell counting experiment 
Three different users familiar with microalgae, but possessing varying degrees of 
experience (graduate and high school students) were asked to count the same exact 
images manually and using CyteSeeker. While the time associated with each count 
actually varied significantly depending on both the user and the cell type, automated 
counting using CyteSeeker is generally faster relative to manual counting of small 
cells with higher population density (e.g., Chlorella in Table 9), while larger cells can 
be just as easily observed and enumerated visually. In all cases automated counts 
compared well with the manual counts (within margin of errors for each) and also 
approximated the “real count” of each micrograph. 
As a result of gathering this information from the users, it is apparent that 
CyteSeeker remains in close accord with manual counting for most high-density 
populations of small cells, which is by far the most time consuming to count 
manually. However, the program does not perform as well as manual counting for 
medium and large cells due to more complex morphology. The program can be 
susceptible to over segmentation of the cell, which results in counting organelles and 
individual ultrastructural components. Based on the diverse algal cell examined, 
Chlorella and Nannochloropsis were found to be ideal species to count with 
CyteSeeker because they appear as single black dots on most micrographs. With 
further fine-tuning of the threshold and some post-processing adjustment, all three 





Table 9. Focus group testing CyteSeeker with different algal species. This 
table summarizes the results of users’ cell counts by manual visualization compared 
Micrograph & Real Count User Visual Counts CyteSeeker 
1 30 ± 0 31 ± 2 
2 31 ± 1 41 ± 2 
3 32 ± 1 34 ± 2 
C. reinhardtii: 29 
 AVG: 31 ± 1 35 ± 5 
1 14 ± 0 13 ± 1 
2 14 ± 1 20 ± 0 
3 20 ± 0 39 ± 2 
C. reinhardtii: 19 
 AVG: 16 ± 4 24 ± 13 
1 4 ± 0 4 ± 0 
2 4 ± 0 4 ± 0 
3 4 ± 0 4 ± 0 
H. pluvialis: 4 
 AVG: 4 ± 0 4 ± 0 
1 7 ± 0 5 ± 1 
2 7 ± 0 7 ± 0 
3 7 ± 0 10 ± 0 
H. pluvialis: 7 
 AVG: 7 ± 0 7 ± 3 
1 392 ± 55 384 ± 29 
2 339 ± 13 360 ± 4 
3 385 ± 34 376 ± 3 
Chlorella: 348 
 AVG: 372 ± 28 373 ± 12 
1 342 ± 19 384 ± 7 
2 318 ± 1 338 ± 13 
3 362 ± 23 336 ± 1 
Chlorella: 328 
 AVG: 341 ± 22 353 ± 27 
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to CyteSeeker. Micrographs were counted in triplicate at full size, not the thumbnail 
images depicted above. 
Unlike optical density or cell sorting, digital image analysis enables both visual 
hemocytometer inspection and automated counting. As such, the open source 
CyteSeeker algorithm reduces sample processing time and aims to eliminate 
subjective error. A tunable threshold extends particle detection limits for 
overpopulated cultures. From a statistical standpoint, the more cells that are 
counted, the less significant the associated error should be. For example, the 
accuracy of counting 100 cells has confidence limit of roughly ± 20 while counting 
40,000 cells can theoretically be ± 400 (1% of total) (LUND et al. 1958). Since most 
accurate cell density measurements come from high counts, CyteSeeker may be a 
useful program to automate this procedure for both liquid and immobilized cell 
cultures. Furthermore, this method can eliminate subjective error, while still allowing 
certain necessary human judgment of discernable cells to be made. 
6.5 Characterizing biofilms with a molecular & computational toolkit 
Collectively, these tools have applicability for the study of microalgal cell biology as 
well as applied biofilm research. The following chapters will further demonstrate 
their utility with immobilized microalgal cell cultures in describing the behavior of  
algae cells within natural biofilm communities. While VHHs proved to be 
unsuccessful as binding intermediates on solid substrates (data not shown), other 
proteins were successfully used to promote algal cell attachment in monocultures of 





Arnon SS, Schechter R, Maslanka SE, Jewell NP, Hatheway CL (2006) 
Human botulism immune globulin for the treatment of infant botulism. N Engl J 
Med 354: 462-471. 
Barrera DJ, Rosenberg JN, Chiu JG, Chang Y-N, Debatis M, Ngoi S-M, 
Chang JT, Shoemaker CB, Oyler GA, Mayfield SP (2014) Algal 
chloroplast produced camelid VHH anti-toxins are capable of neutralizing 
botulinum neurotoxin. Plant Biotech J. In Press 
Caussinus E, Kanca O, Affolter M (2012) Fluorescent fusion protein 
knowckdown mediated by anti- GFP nanobody. Nature Structural & Molecular 
Biology 19: 117-122. 
Chen Y-W, Chiang P-J (2001) Automatic cell counting for hemocytometers 
through image processing. Proceedings of the World Academy of Science, 
Engineering and Technology. 58, 719-722. 
Cox and Hinkle (2002) Infant botulism. Am Fam Physician 65: 1388-1393. 
Day JG, Thomas NJ, Achilles-Day UEM, Leakey RJG (2012) Early 
detection of protozoan grazers in algal biofuel cultures. Bioresource Technology 
114: 715-719. 
Franklin S E, Mayfield SP (2004) Prospects for molecular farming in the green 
alga Chlamydomonas reinhardtii. Current Opinion in Plant Biology 7: 150-165. 
Fuhrmann, M (2002) Expanding the molecular toolkit for Chlamydomonas 
reinhardtii from history to new frontiers. Protist 153: 357-364. 
Gressel J. (2008) Genetic glass ceilings: transgenics for crop biodiversity. JHU 
Press: Baltimore, MD. 
Griffiths M, Harrison SL (2009) Lipid productivity as a key characteristic for 
choosing algal species for biodiesel production. Journal of Applied Phycology 21: 
493-507. 
Grossman AR, Harris EE, Hauser C, Lefebvre PA, Martinez D, Rokhsar 
D, Shrager J, Silflow CD, Stern D, Vallon O, Zhang Z (2003) 
Chlamydomonas reinhardtii at the crossroad of genomics. Eukaryotic Cell 2: 
1137-1150. 
Hallman A (2007) Algal transgenics and biotechnology. Transgenic Plant J 1:81-98. 
Harris, EH (2009) Chlamydomonas Sourcebook: Introduction to Chlamydomonas 
and its laboratory use. pp 242-248, E. H. Harris (ed.), Elsevier, Oxford 
262 
 
Invitrogen (2009) Comparison of image-based cell counting methods: CountessTM 
automated cell counter vs. the hemocytometer. Accessed: 12 September 2014 
Available: lifetechnologies.com/us/en/home/brands/product-brand/countess-
automated-cell-counter.html 
Jeanniard UK, Dunigan A, Gurnon DD, Agarkova JR, Kang IV, Vitek 
M, Duncan J, McClung G, Larsen OW, et al. (2013) Towards defining 
the chloroviruses: a genomic journey through a genus of large DNA viruses. 
BMC Genomics 14: 158. 
Jiang WZ, Rosenberg JN, Wauchope AD, Tremblay JM, Shoemaker CB, 
Weeks DP, Oyler GA (2013) Generation of a phage display library of single-
domain camelid VHH antibodies directed against Chlamydomonas reinhardtii 
antigens and characterization of VHHs binding cell surface antigens. Plant J 76: 
709-717. 
Jiang WZ, Cossey S, Rosenberg JN, Oyler GA, Olson BJSC, Weeks DP. 
(2014) A rapid live-cell ELISA for characterizing antibodies against cell surface 
antigens of C. reinhardtii and its use in isolating algae from natural 
environments with related cell wall components. BMC Plant Biology. In Press 
Kou C-L, Oyler GA, Shoemaker CB (2011) Accelerated neuronal cell recovery 
from botulinum neurotoxin intoxication by targeted ubiquitination. PLoS ONE 
6: e20352. 
Li J, Zhu D, Niu J, Shen S, Wang G (2011) An economic assessment of 
astaxanthin production by large scale cultivation of Haematococcus pluvialis. 
Biotechnol Adv 29: 568-574. 
Liu J, Huang J, Sun Z, Zhong Y, Jiang Y, Chen F (2011) Differential lipid 
and fatty acid profiles of photoautotrophic and heterotrophic Chlorella 
zofingiensis: Assessment of algal oils for biodiesel production. Bioresource 
Technology 102: 106-110. 
Lumbreras V, Stevens DR, Purton S (1998) Efficient foreign gene expression in 
Chlamydomonas reinhardtii mediated by an endogenous intron. Plant J 14: 441-
447. 
Lund JWG, Kipling C, Le Cren ED (1958) The inverted microscope method of 
estimating algal numbers and the statistical basis of estimations by counting. 
Hydrobiologia 11: 143-170. 
Maass DR, Sepulveda J, Pernthaner A, Shoemaker CB (2007) Alpaca (Lama 
pacos) as a convenient source of recombinant camelid heavy chain antibodies 
(VHHs). J Immunol Methods 324:13-25. 
263 
 
Manuell AL, Beligni MV, Elder JH, Siefker DT, Tran M, Weber A, 
McDonald TL, Mayfield SP (2007) Robust expression of a bioactive 
mammalian protein in Chlamydomonas chloroplast. Plant Biotechnol J 5: 402-
412. 
Mukherjee J, Tremblay JM, Leysath CE, Ofori K, Baldwin K, Feng X, et 
al. (2012) A novel strategy for development of recombinant antitoxin 
therapeutics tested in a mouse botulism model. PLoS One, 7(1), e29941. 
Neupert J, Karcher D, Bock R (2009) Generation of Chlamydomonas strains 
that efficiently express nuclear transgenes. The Plant Journal 57: 1140-1150. 
Nichols, H.W., Bold, H.C. (1965) Trichosarcina polymorpha gen. et sp. nov. 
Journal of Phycology, 1, 34-38. 
Oyler GA, Rosenberg JN (2010) Enhanced gene expression in algae, U.S. 
Application No. 13/925,921; U.S. Patent No. 8,815,568. 
Oyler GA, Rosenberg JN, Weeks DP (2012) Single chain antibodies for 
photosynthetic microorganisms and method of use. U.S. Application No. 
13/441,951. 
Plucinak TM (2013) Making Chlamydomonas reinhardtii a better model organism: 
tackling the inefficiency of nuclear transgene expression and improving methods 
for the generation and characterization of insertional mutant libraries. 
University of Nebraska-Lincoln. Theses and Dissertations in Biochemistry. Paper 
15. Available: http://digitalcommons.unl.edu/biochemdiss/15 
Rasala BA, Barrera DJ, Ng J, Plucinak TM, Rosenberg JN, Weeks DP, 
Oyler GA, Peterson TC, Haerizade F, Mayfield SP (2013) Expanding 
the spectral palette of fluorescent proteins for the green microalgae 
Chlamydomonas reinhardtii. The Plant Journal 74: 545-556. 
Rasala BA, Chao SS, Pier M, Barrera DJ, Mayfield SP (2014) Enhanced 
genetic tools for engineering multigene traits into green algae. PLoS ONE 9(4), 
e94028. 
Rasala BA, Lee PA, Shen Z, Briggs SP, Mendez M, Mayfield SP (2012) 
Robust expression and secretion of xylanase1 in Chlamydomonas reinhardtii by 
fusion to a selection gene and processing with the FMDV 2A peptide. PLoS 
ONE. 7(8), e43349. 
Rodolfi L, Chini Zittelli G, Bassi N, Padovani G, Biondi N, Bonini G, 
Tredici MR (2009) Microalgae for oil: strain selection, induction of lipid 
synthesis and outdoor mass cultivation in a low-cost photobioreactor. Biotechnol 
Bioeng 102: 100-112. 
264 
 
Rothbauer U, Zolghadr K, Tillib S, Nowak D, Schermelleh L, Gahl A, 
Backmann N, Conrath K, Muyldermans S, Cardoso MC, Leonhardt 
H (2006) Targeting and tracing antigens in live cells with fluorescent 
nanobodies. Nat Methods 3: 887-889. 
Saerens D, Ghassabeh GH, Muyldermans S (2008) Single-domain antibodies 
as building blocks for novel therapeutics. Current Opinion in Pharmacology 8: 
600-608. 
Sayre R (2014) Genetically Modified Algae: A Risk Benefit Analysis, U.S. 
Department of Energy Webinar, Accessed: May 22, 2014. 
Sepulveda J, Shoemaker CB (2008) Design and testing of PCR primers for the 
construction of scFv libraries representing the immunoglobulin repertoire of rats. 
J. Immunol. Methods. 332: 92-102. 
Sheehan J, Dunahay T, Benemann J, Roessler P (1998) A Look Back at the 
U.S. Department of Energy’s Aquatic Species Program: Biodiesel from Algae 
Golden, Colorado: TP-580-24190, National Renewable Energy Laboratory. 
Sizova I, Fuhrmann M, Hegemann P (2001) A Streptomyces rimosus aphVIII 
gene coding for a new type phosphotransferase provides stable antibiotic 
resistance to Chlamydomonas reinhardtii. Gene 277: 221-229. 
Tamiya H (1966) Synchronous cultures of algae. Annu Rev Plant Physiol 17: 1-27. 
Tremblay JM, Kuo C-L, Abeijon C, Sepulveda J, Oyler G, Hu X, Jin 
MM, Shoemaker CB (2010) Camelid single domain antibodies (VHHs) as 
neuronal cell intrabody binding agents and inhibitors of Clostridium botulinum 
neurotoxin (BoNT) proteases. Toxicon, 56: 990–998. 
Vazhappilly R, Chen F (1998) Eicosapentaenoic acid and docosahexaenoic acid 
production potential of microalgae and their heterotrophic growth. Journal of 







7           
PROTEIN-MEDIATED RETENTION 
AND VISUALIZATION OF ALGAL 
CELLS IN MONOLAYER BIOFILMS  
 
 
As described in Chapter 5, many different configurations of algal biofilm reactors 
have been successfully used for wastewater treatment (WWT) applications. Despite 
the longstanding efficacy of these phototrophic methods of water remediation, 
existing technologies may not be directly transferable to biofuel production due to 
the lack of control over the type and amount of adherent biomass on biofilm 
substrates, which is largely dependent on climatic and seasonal variation. While high 
oil content is an important criterion for algal biofuel production, WWT with 
microalgae relies principally on the bioconversion of N and P where the quality of 
the biomass grown is irrelevant. Furthermore, naturally occurring biofilms are not 
necessarily acclimated to abrupt shifts in nutrient availability or other environmental 
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perturbations. In fact, it has been demonstrated that microalgal biofilms disengage 
from substrates when transferred to conditions of nutrient starvation, perhaps in an 
effort to seek “greener pastures” where the biofilm can re-establish itself (SCHNURR et 
al. 2013). Since two-stage growth processes are ubiquitous in microalgal bioprocessing 
in order to elicit metabolite accumulation (e.g., nitrogen deprivation for lipid 
induction), algal lipid production using natural biofilms may be a contradictory 
proposition. In order to make photosynthetic biofilms compatible with staged algal 
production, cellular binding intermediates may encourage microalgal biofilm 
formation and provide assisted retention of cells onto a substrate of interest. 
In this chapter, transparent biopolymer substrates were evaluated for their capacity 
to immobilize microalgae while retaining mechanical stability in an aqueous 
environment. Toward these goals, initial tests determined that the inherent surface 
properties of polyvinyl alcohol (PVA) hydrogels and thin cellulose films are 
inadequate for spontaneous algal cell adhesion. Therefore, protein-protein 
interactions that may enhance the attachment of the green microalgae, 
Chlamydomonas reinhardtii and Chlorella sorokiniana, to the membrane surface were 
investigated. After chemical functionalization with 11-bromoundecanoic acid 
(BUDA) and carbonyl diimidazole (CDI), covalent amide linkages were formed with 
a protein topcoat of either purified fibronectin (FN) or bovine serum albumin (BSA). 
Both FN and BSA were found to promote the immobilization of suspended algal cells 
from surrounding liquid monoculture with retention rates on the order of 4 ! 105 per 
cm-2 d-1, resulting in saturating surface densities of roughly 2 ! 106 cells cm-2. Based 
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on these results, 15% PVA (w:v) and cellulose biomaterials with surface 
enhancements create a suitable substrate for algae biofilm formation, which can serve 
as a controlled environment for microbiological research and potentially increase the 
volumetric efficiency of large-scale microalgal cultures. 
7.1 Introduction 
While cellular entrapment within simple fibrous and gelatinous materials can be 
sufficient for solid-state algal cultivation (JOHNSON & WEN 2010; AYDıNO!LU et al. 
2013), harvesting algal cells from small interstitial spaces can be challenging and 
light transmission can be limited. To address this, transparent materials with high 
surface area have been reported to enhance light penetration in adherent algal 
cultures, but the fabrication of these materials can be cost intensive (JACOBI et al. 
2012). Based on prior work in this area, this chapter describes the development of 
protein-mediated attachment of unicellular algae on transparent polymer membranes 
that can be easily synthesized in the lab or readily sourced from abundant 
biomaterials.  
7.1.1 Polymeric substrates of interest: hydrogels and cellulose 
While the mechanisms of natural biofilm formation have been studied extensively 
(BERK et al. 2012), substrates must be optimized to promote maximal biological 
productivity and robustness of adherent microalgal cells. Suitable materials must 
have the essential features of structural integrity in an aqueous environment and 
maintain the viability of microorganisms when placed in direct cellular contact. 
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Based on these criteria, hydrogels have been widely developed as a polymeric system 
with high biocompatibility for cell culture applications and reviewed extensively 
(WEBB & DERVAKOS 1996; KAREL & ROBERTSON 1989; DE BONT et al. 1990; 
WILLERT et al. 1996; GUISAN 2006; WIJFFELS 2001). While historically used for 
biomedical applications (e.g. tissue culture, stem cell differentiation, and primary 
neuronal culture), these self-contained bioreactors exploiting flexible, thin film 
structures may be well suited for bioenergy applications by overcoming obstacles of 
non-uniform illumination that can negatively affect photosynthetic microbes at high 
cell densities (GRECO SONG et al. 2014). Rather than composite materials formed by 
entrapment of microalgae within polymeric matrices (AYDıNO!LU et al. 2013), the 
hydrogels in this present study provide an aqueous continuum at the surface to 
facilitate hydration and mass transfer to the adherent algae biofilms. The lifespan of 
membrane-based systems depends on both the type of polymer material and possible 
surface functionalization, which were both investigated in this present study. 
In the context of bioethanol production, cellulose is generally thought of as a 
feedstock for enzymatic or microbial degradation. While this polymer of glucose 
contains significant chemical energy, its natural biological purpose as a structural 
biomolecule is often overlooked. As a result of its molecular evolution, crystalline 
cellulose may also serve as a practical platform for surface retention of microbial 
biofilms due to its high tensile strength (SERRA et al. 2013; KARIMI et al. 2014). 
While the exposed moieties of cellulose allow for considerable hydrophilic behavior, 
pure cellulose remains resistant to degradation by water alone. As a common 
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component in bioplastics, cellulose is a rugged, renewable, and recyclable material. 
With the concurrent development of depolymerization technologies, the use of 
cellulose as a structural material in algae bio-film-reactors may hold additional 
potential to be regenerated or potentially converted to bioenergy or other chemical 
feedstocks along with algae biomass at the end of the bioreactor’s life. Furthermore, 
as a potential additive to livestock feeds, some applications may accept cellulose as a 
necessary component (e.g., cattle and other herbivores may require cellulose). 
7.1.2 Mechanisms of cellular attachment 
While many species of microalgae are amenable to spontaneous biofilm formation 
(e.g., polymicrobial wastewater populations) under certain conditions, not all 
photosynthetic microbes have this ability. In fact, considerable evidence is building 
to support the role of quorum sensing molecules as growth inhibitors to modulate 
sessile algal and bacterial growth (SCHATZ et al. 2013; TEPLITSKI et al. 2004). With 
such diverse sets of microalgae being developed for biofuel applications, immobilized 
algae growth systems may therefore require a deliberate mechanism of surface 
binding. While considerable research regarding the flocculation of microalgae from 
liquid suspensions has identified electrostatic, hydrodynamic, and protein interactions 
(SALIM et al. 2010; DANQUAH et al. 2009), an understanding of the cellular and 
molecular interactions that contribute to algal biofilms is just beginning to be 
applied to large-scale production (BERNSTEIN et al. 2014). 
In an effort to establish mechanisms of adherent algal culture for laboratory practices 
and to reduce water and harvesting investments for potential scalability, this chapter 
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describes methods devised to adsorb cells to the surface of a hydrophilic substrate 
rather than physical entrapment within a polymer matrix or natural biofilm scaffold. 
The attachment capabilities of fibronectin (FN) and bovine serum albumin (BSA) 
proteins were compared using Chlamydomonas and Chlorella species. While 
fibronectin is comprised of distinct cell-binding domains and has been employed for 
cellular immobilization in the past (NUTTELMAN et al. 2001), BSA is not known to 
have specific mechanisms of binding and merely acts as a proteinaceous surface to 
study the mechanisms of biofilm formation without direct protein-protein 
interactions (HAWSER & ISLAM 1998). Using both a clear polymer thin film (cellulose) 
and three-dimensional hydrogels coated with each candidate protein, algal cells were 
found to effectively colonize the solid substrates. Both platforms are mechanically 
stable in an aqueous environment and can be functionalized with any bio-adhesive 
protein topcoat for enhanced algal attachment rates. This study demonstrates that 
microalgal cells can be preferentially captured from suspension onto these surfaces. 
7.2 Materials and Methods 
7.2.1 Hydrogel synthesis 
Synthesis of polyvinyl alcohol (PVA) hydrogels was carried out in an aqueous 
solution of 15% w:v PVA in deionized water. After completely dissolving the PVA at 
80° C, the solution was cooled to room temperature and 25% w:v glutaraldehyde 
(GA) stock was added as a cross-linking reagent to achieve a final concentration of 
1% w:v. The polymerization reaction was initiated with the addition of 300 !l of 2 M 
hydrochloric acid added drop-wise per 15 ml of PVA/GA mixture (NUTTELMAN et al. 
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2001). Upon covalent bridging of the soluble PVA polymer via acetalization (PHILLIP 
& HSU 1979), 1.5 ml aliquots were transferred into each well of a 6-well cell culture 
plate (VWR International) while the emulsion remained viscous enough to pour 
without unintended entrapment of air bubbles. The 6-well plate was then incubated 
at 37° C for 10 minutes or until the hydrogels solidified with approximately 0.5 cm 
thickness. Finally, the set gels were soaked in phosphate buffered saline (PBS) for 
one hour to allow for full rehydration. 
7.2.2 Chemical functionalization of polymer surface 
After removing the circular PVA hydrogels from the 6-well plate mold, chemical 
surface modifications were performed at 37° C in a glass beaker using a two-step 
functionalization procedure. Gels were first incubated in a solution of 10 mg ml-1 11-
bromoundecanoic acid (BUDA) in 3 M sodium hydroxide under gentle agitation (115 
RPM) for 2 hours. The gels were then rinsed several times with deionized water to 
remove unreacted BUDA and dried overnight in a vacuum desiccator. The BUDA 
spacer molecule was reacted with an excess of carbonyl diimidazole (CDI) in acetone 
for 2 hours. Hydrogels were then rinsed with acetone, dried and sterilized under an 
ultraviolet light in the laminar flow biosafety cabinet overnight. Cellulose films were 
cut into 1 cm squares (Glass Transparent Leaves, Luxe) and treated in the same 
manner with BUDA and CDI before exposure to protein binding intermediates. 
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7.2.3 Protein coating and detection 
In order to bind protein intermediates to the chemically functionalized surface of the 
membrane substrates, a sterile solution of either fibronectin (FN) or bovine serum 
albumin (BSA) dissolved in 50 !g ml-1 in 0.1 M sodium carbonate buffer was poured 
over either hydrogels or cellulose squares. The submerged substrates were incubated 
on an orbital shaker at room temperature for 2 hours and then rinsed with PBS 
several times to remove unbound protein. To analyze the coverage area for amount 
and distribution of bound protein, fibronectin was detected by immunochemical 
methods and colorimetric developing agents. For these immunoassays, a blocking 
solution of 5% nonfat dry milk and 0.1% tween in PBS (PBST) was applied to the 
membranes for 2 hours while agitated on the orbital shaker at room temperature. 
Next, the membranes were rinsed 3 times for ten minutes each in PBST to remove 
excess milk and coated with primary rabbit antibody (1:500 dilution in 0.1% milk in 
PBST) for 1 hour at room temperature. After rinsing 3 times for ten minutes each in 
PBST, membrane substrates were incubated with a secondary antibody solution for 
1 hour at room temperature and rinsed 3 times for five minutes each with PBST 
followed by 2 two-minute rinses with deionized water. Finally, a mixture of 5-bromo-
4-chloro-3-indoxyl and nitroblue tetrazolium (BCIP/NBT) substrate for alkaline 
phosphatase was used to visualize fibronectin attachment by colorimetric verification 
of a dark purple/gray hue forming on the surface of the substrate. 
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7.2.4 Microalgal cultivation 
Chlamydomonas reinhardtii UTEX 2244 and Chlorella sorokiniana UTEX 1230 were 
grown in batch cultures as previously described in this thesis. Cell concentration in 
the liquid media was counted using a hemocytometer in concert with an automated 
cell counting program developed in our laboratory (CyteSeeker, Chapter 6, Section 
6.4.2). The surface density of cellular attachment was also quantified by microscopy 
at 10! magnification (Nikon Eclipse TE2000-U). 
7.2.5 Biofilm formation and cell monitoring 
After preparing hydrogels and cellulose films using previously describe methods, the 
protein-coated membranes were allowed to equilibrate in algal culture media for 2 
hours. Loading and retention of microalgal cells onto cellulose and hydrogels was 
carried out in sterile 6-well dishes submerged in 3ml of a dense culture of either C. 
reinhardtii UTEX 2244 or C. sorokiniana UTEX 1230. Each day, the membranes 
were removed from culture and rinsed in the respective culture media 3! before 
capturing surface images with an inverted light microscope. Cells in solution were 
also counted daily to create a depletion curve from the liquid seed culture. 
7.3 Results 
The stabilized substrates developed in this study provide a direct method for 
microalgal attachment for examination of biofilm growth kinetics and may serve as a 
potential platform for scale-up. The three-component system relies on a polymer-
based membrane (PVA hydrogel or cellulose), a structurally stable chemical bridge 
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(BUDA/CDI), and a protein topcoat (FN or BSA). These three steps involved in 
synthesizing the biocompatible membranes are described in the following sections. 
Using monocultures of either C. reinhardtii or Chlorella sorokiniana, the cultivation 
of these organisms when immobilized as photosynthetic biofilms was quantified based 
on cell retention rates and cell density on the adherent surface.  
7.3.1 Hydrogel synthesis and chemical surface modifications 
By adapting common emulsion recipes and procedures for hydrogel synthesis 
(NUTTELMAN et al. 2001), polyvinyl alcohol (PVA) gels provided a simple and 
effective method to create reproducible substrates for laboratory investigation of 
biofilm formation. After cross-linking with glutyraldehyde, the emulsions of 15% 
PVA provided the proper balance of elasticity and rigidity, sufficient hydration 
properties, and optical clarity (Figure 38A). Using the surface area afforded by 
standard 6-well plates typically used for tissue culture (9.6 cm2), gels were formed 
with a high degree of standardization for the proceeding microbiological studies.  
In order to both provide attachment sites for the protein of interest and make the 
gels more suitable for prolonged exposure to algal culture media, surface modification 
with 11-bromoundecanoic acid (BUDA) and carbonyl diimidazole (CDI) were found 
to be necessary surface additives. While BUDA serves as a high molecular weight 
spacer to provide physical distance from the gel surface, CDI permits sites of 
attachment by amide bonding with proteins of interest. After chemical 
functionalization with both BUDA and CDI, the color of the hydrogels is visibly 




Figure 38. Hydrogel synthesis and chemical functionalization. Photographs 
of 15% PVA hydrogels demonstrate the physical changes that occur during 
preparation. (A) The PVA hydrogel immediately after solidification with 
gluteraldehyde cross-linking remains translucent until (B) treated with BUDA and 
CDI and vacuum dried to evaporate residual solvent. (C) Finally, the gels are 
readily rehydrated in PBS. 
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7.3.2 Verification of covalent protein attachment to hydrogels 
After optimizing procedures for hydrogel synthesis and application of protein 
topcoats, protein binding efficiency and uniformity of surface coverage were assessed. 
The methods developed for this purpose function, in essence, as a spatial Western 
blot: a fibronectin-specific antibody is used to probe the hydrogel surface, bind to the 
immobilized FN, and reveal the distribution of surface-bound FN by a colorimetric 
reaction. By using different experimental combinations of BUDA/CDI, protein, and 
antibody treatment with the replicate hydrogels, effective protein coating was 
confirmed visually. As seen in Figure 39, gels that remained “untreated” by 
BUDA/CDI have no barrier to prevent the chromogenic reagent from permeating the 
porous hydrogel, thus turning entirely blue. The BUDA/CDI chemical treatment 
also improved the ruggedness of these PVA hydrogels, as evidenced by the 
compromised structural integrity of the untreated hydrogels (blue) in aqueous 
environments over time with slight agitation. In contrast, the chemically treated gels 
possess a veneer of BUDA/CDI that prevents internal discoloration and 
disintegration (translucent gels). Most importantly, the gels that indicate positive 
attachment of FN show a dark grey coloration over nearly the entire hydrogel 
surface, as detected by a the fibronectin-specific primary antibody and alkaline 
phosphatase colorimetric reaction. 
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Figure 39. (next page) Protein topcoat for enhanced bioadhesion. These 
photographs convey a comprehensive assessment of hydrogel coverage with (A) 
fibronectin compared to (B) BSA using primary (1o) anti-fibronectin antibody at 
1:500 dilution paired with an alkaline phosphatase-conjugated secondary antibody. 
Each horizontal row of gels in panels correspond to treatments with BUDA/CDI or 
untreated conditions as labeled on the left. Clear differences between these sets are 
noticeable in both their structural stability as well as their permeability to the 
chromogenic reagent. While untreated gels turn completely blue, the chemically 
treated gels are resistant to this discoloration and only exhibit a surface color change 
to grey in the presence of both (A) surface-bound fibronectin and the FN-specific 
antibody (+ Protein; + Antibody). Therefore, (B) BSA-coated gels served as a 
negative control in this experiment, in which no colorometric reaction was evident in 
any of the conditions employing the anti-FN probe (+ Antibody) to discount non-
specific interaction of the 1o antibody. Panel (C) shows a more detailed photograph 
of hydrogels developed in duplicate, demonstrating the reproducibility of this coating 








7.3.3 Examination of hydrogels as a substrate for microalgal adhesion 
Protein-mediated algae biofilm formation was evaluated using hydrogels as a 
substrate to compare a protein with cell binding domains (fibronectin, FN) to a 
protein without known biomolecular affinities (bovine serum albumin, BSA) 
(PANKOV & YAMADA 2002). The studies were initiated by incubating FN and BSA 
coated gels in liquid cultures of C. reinhardtii to determine the retention periods and 
immobilized cell densities relative to hydrogels without a protein coating. Within 24 
hours, deposition of microalgal cells was observed on the surface of both the FN and 
BSA coated gels. Although initial cellular adhesion did not proceed in a uniform 
manner, patches of biofilm grew to cover the entire surface area of each hydrogel 
over the course of four days. This uneven adhesion of cells was likely due to 
imperfections in the hydrogel surface, allowing for points of nucleation to instigate 
small colonies, which ultimately formed islands of monolayer biofilms.  
After four days of growth, the rate of cellular adsorption to FN and BSA hydrogel 
surfaces reached their relative points of saturation. Approximations of cell density on 
these surfaces were calculated based on candidate regions of the surface (Figure 40, 
Table 10). Although these micrographs were captured four days after inoculation, the 
hydrogels remained stable with attachment for up to two weeks in this aqueous 






Figure 40. Comparison of protein-mediated cellular adhesion of 
Chlamydomonas reinhardtii to hydrogel surfaces. Binding of C. reinhardtii to 
the hydrogel substrates is enhanced by (A) fibronectin and (B) bovine serum 
albumin with approximately 8-fold higher cell coverage compared to (C) gels with 
no protein topcoat. Each micrograph taken at 10! magnification is positioned to the 






Due to the uneven rate of cellular deposition from the liquid culture, a lack of 
uniformity in spatial distribution was observed in Figure 40. The retention rate of 
algal cells was estimated based on (1) measuring a reduction in cell density from the 
homogeneous liquid suspensions and (2) counting cells on the hydrogel surface. The 
trends in cellular attachment seen on the hydrogel surface were corroborated by a 
depletion of cells from liquid media (Figure 41A), in which both FN and BSA coated 
gels experienced comparable decreases in cell density from an initial concentration of 
roughly 16 ! 106 cells ml-1 to a final concentration of 2 ! 106 cells ml-1. This removal 
of algal cells from liquid media implicates both the deposition and retention of cells 
onto the hydrogel surface, which correlate well with the final saturating surface 
counts of 2 ! 106 cm-2 (Table 10). Although some adhesion of cells to the hydrogel 
without FN or BSA coating is apparent in both the cell deposition curves and the 
micrograph, this baseline adhesion is 8-fold lower than the cell surface densities 
achieved with FN- and BSA-mediated binding.  
While the formation of a biofilm seed layer is an important objective of this study, 
the attached cells must also remain viable when immobilized for further proliferation 
or metabolite secretion in continuous culture. While both protein-coated hydrogels 
exhibited comparable abilities to adsorb freely suspended cells, C. reinhardtii cells 
were able to undergo cell division more readily on the BSA-coated hydrogel, as 
evidenced by clusters of numerous cells while the FN-bound organisms appear as 
mostly single cells or pairs of cells (Supplementary Figure S3: Appendix B). This 
capacity to adhere and colonize the hydrogel suggests that BSA may be a more 
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suitable candidate for biomass production with immobilized bio-film-reactors. While 
the higher affinity cellular binding of FN may constrict cellular division, it can 
sustain viability and may be suitable for applications that require metabolite 










Coating Cells per cm
2 
15% PVA BUDA/CDI FN 1.9 ! 106 
15% PVA BUDA/CDI BSA 2.0 ! 106 
15% PVA BUDA/CDI None ! 
15% PVA None None 2.3 ! 105 
 
Table 10. Quantitative assessment of biofilm formation from a 
monoculture. Candidate regions of the hydrogel surface exhibiting full cell coverage 
were imaged and counted in order to determine the maximal cell density that could 
be adsorbed per unit area. Interestingly, hydrogels treated with BUDA/CDI actually 
exhibited a cytotoxic effect (!). Therefore, the complete coverage of the chemically 
functionalized surface with a protein topcoat is a more important criterion to ensure 
viability of the immobilized biofilm. The cell density values correspond to the 
representative micrographs in Figure 40 with error associated with automated 




Figure 41. Comparison of microalgal deposition rates onto protein-coated 
and uncoated hydrogels. Depletion of algal cells from liquid media surrounding 
the hydrogels demonstrates cellular attachment. While (A) shows a relatively rapid 
reduction in cell density from binding to the FN-coated gel, the cell densities of (B) 
remain greater than 10 ! 106 cells ml-1 due to marginal amounts of binding to the 
uncoated hydrogel. BSA-coated gels experienced similar rates of depletion as 
observed for FN (data not shown). These plots of cell density are representative of 







7.3.4 Initiation of microalgal biofilms on transparent cellulose thin films 
In order to transition from laboratory-grade materials and model organisms (i.e., 
hydrogels and C. reinhardtii) to biopolymer feedstocks and microalgal species that 
may be more suitable for production at larger scales (i.e., cellulose and Chlorella 
spp.), similar coating experiments were performed using pure translucent cellulose as 
a substrate. Using the same procedures employed for hydrogel biofilm assessment, 
square cellulose substrates coated with FN were incubated in the presence of a 
mature C. sorokiniana UTEX 1230 and compared to cellulose without any surface 
modification as well as filter paper, which can easily adsorb microalgae within its 
interstitial spaces. As shown in Figure 42, qualitative results demonstrate a similar 
trend as observed with hydrogels with the ability of protein-coated surfaces to 
promote biofilm formation while cells do not readily adhere to the uncoated cellulose. 
Unlike the hydrogels examined previously, cellulose remains more tolerant of 
extended time periods in liquid culture (1-2 months). The micrograph panels in 
Figure 42 illustrate the detail of cellular aggregation at the edge of the cellulose 
square. The biofilm on these thin films has more aggregated portions than observed 
on the hydrogels, but still lack significant multilayers. Due to these irregularities in 
biofilm thickness, it became difficult to quantify the surface cell density. This issue 
was addressed in the next chapter by employing more advanced methods of three-




Figure 42. Chlorella sorokiniana UTEX 1230 colonizes cellulose with protein coating. While cellular adhesion was 
noticeable by microscopy within the first days of incubation, this figure shows the development of a mature Chlorella biofilm 
after 10 days in culture. By this qualitative assessment shown as photographs in the left panel and 10! micrographs to the 




7.4 Discussion and Conclusions 
The methods of cellular surface immobilization developed in this study were 
effectively applied to two different species of unicellular microalgae to accomplish 
monolayer biofilm formation and generate preliminary results with the adhesion of 
thicker natural photosynthetic biofilms. Chemical (BUDA/CDI) and protein (FN 
and BSA) surface functionalization were shown to effectively mediate adhesion to 
hydrogel and cellulosic substrates (Figures 40 and 42). By changing the micro-
topography of these surfaces to nucleate algal attachment, this synthetic biofilm 
platform offers potential opportunities for metabolite secretion from algal monolayers 
and biomass production from thicker biofilms. 
While the colorimetric methods used to confirm protein coverage on hydrogels 
showed near-complete surface coverage and maintained cell viability in subsequent 
cultivation experiments (Figure 39), the gels treated with BUDA and CDI alone were 
actually found to be toxic to C. reinhardtii. Direct contact of this reactive chemistry 
with the microalgae appears to lyse the cells, as evidenced by only debris remaining 
on the hydrogel surface. This may be a result of direct covalent binding with the 
proteinaceous cell wall of C. reinhardtii. Alternatively, hydrogel substrates coated 
with either FN or BSA exhibited an 8-fold reduction in suspended cells relative to 
uncoated gels (no BUDA, CDI, or protein) within four days of exposure to 
microalgal suspension. While a marginal level of deposition and retention was 
observed on the uncoated gels, the protein intermediates clearly have a positive effect 
on biofilm formation on both hydrogels and cellulose substrates. However, the 
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deposition curves shown in Figure 41 may show an accentuated rate of cell removal 
from liquid culture compared to actual amount bound to gel. This is likely attributed 
to unavoidable cell loss each time the gels were washed to remove non-specific 
binding of algae to the biofilm surface. In this study, the minimal amount of biomass 
accumulated as monolayers limited reliable biomass quantification by dry weight 
and, therefore, growth was quantified by cell density only (Table 10 and Figure 41). 
The next chapter focuses on methods for generating measurable amounts of algal 
biomass on cellulose thin films. 
In addition to laboratory-scale investigation of microalgal biolfilm growth dynamics, 
this format may have advantages for large-scale open cultivation. All samples 
cultivated in the present study were grown in semi-open conditions in which biofilms 
were removed from the culture media for periodic microscope evaluation. Over the 
course of these experiments, no samples were compromised due to bacterial, fungal, 
or other signs of serious contamination. By washing the biofilm substrates before 
each measurement of cell density, the tangential fluid motion may have served as a 
sufficient countermeasure against microbial contamination, which could be 
accomplished in the field by using tricking fed-batch bioreactor systems. The seed 
layer of microalgae in all cases appears to out-compete any invasive microbes that 
may have been present. 
In terms of cellular attachment rates and the ability for C. reinhardtii to proliferate 
on the biofilm surface, the “molecular ties” between cellular adhesion and surface 
proteins size appeared to be directly proportional to molecular weight. For example, 
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the small 12 kDa VHH proteins described in Chapter 6 were tested in the current 
configuration for biofilm investigation, but failed to promote any cellular attachment 
to hydrogel or cellulose surfaces (data not shown), perhaps due to the small nature of 
the proteins. As such, species-specific interactions were certainly not observed. The 
potential for the BUDA/CDI chemical linkers to disrupt cell-surface antigen binding 
and orientation of surface binding is also a complicating factor. Furthermore, VHHs 
tend to bind within the pockets of protein antigens, which may also be spatially 
limited when they are insoluble. Alternatively, the 250 kDa FN resulted in rapid and 
stable biofilm formation, but also sufficiently limited the ability of algae to divide on 
the surface, which suggests that the large biomolecule may contribute to tight 
cellular binding. The total FN monomer is comprised of three distinct domains. 
These cell-binding modules have specificities to biomolecules ranging from fibulin to 
heparin and other cell surface markers that could inhibit cell cycle progression 
(PANKOV & YAMADA 2002). Lastly, BSA at 66 kDa demonstrated comparable rates 
of algal adhesion despite the fact that it possesses no dedicated cell binding domains. 
Moreover, it enabled C. reinhardtii cell division to proceed on the biofilm surface. 
Collectively, these results suggest that specific cell adhesion factors are not necessary 
to promote biofilm formation in this environment and, instead, the proteinaceous 
surface may simply mimic a biological surface where natural biofilms readily grow. 
However, it should be noted that the capacity for FN and other protein domains 
with specific attachment capabilities may still be necessary to overcome the 
instability of algal natural biofilm adhesion (SCHNURR et al. 2013). 
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While it is unrealistic to use FN for large-scale algal cultivation due to its high cost, 
residual protein streams from industrial bioprocessing may serve as a useful protein 
intermediate for attachment. In fact, based on the results achieved with 
intermediates of different molecular weights, a mixed group of proteins with 
distributed sizes may serve as an effective approach to create both tight binding and 
niches for cellular proliferation on the surface (Supplementary Figure S3: Appendix 
B). In the context of industrial algal production, protein lysates present in 
downstream processing water after oil extraction maybe serve as a low-cost and 
locally abundant feedstock for immobilized bioreactors. 
While the structural stability of the hydrogels and cellulose films was examined for 
two weeks and two months, respectively, the integrity of the proteins bound to these 
surfaces was not investigated in the present study. Degradation over the lifespan of 
the bioreactor may result in reduced binding over time or cytotoxicity if the cells 
become directly exposed to BUDA/CDI or unreacted glutyraldehyde. This will likely 
vary with different protein intermediates used for binding and should be considered 
as an important performance indicator for potential scale-up. At the bench scale, this 
study has demonstrated that protein intermediates, such as FN and BSA, can enable 
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8           
L .E.A.V.E.S. – LAYERED EXPANSION 
OF ALGAE BY VIRTUE OF 
EFFLUENT SALVATION 
 
Based on the lessons learned from the protein-mediated adhesion of algal monolayers 
on hydrogel and cellulose surfaces, this chapter employs the same transparent 
cellulose biopolymer to assess microbial combinations that may be well suited for 
lipid-rich algal biomass growth. The production of such biomass on an immobilized 
substrate requires biofilm thickness that was not readily achieved in monocultures. In 
order to engineer a mechanism to promote growth beyond monolayers, the present 
study employs similar biochemical coatings of fibronectin on cellulose to assist the 
adhesion of a cyanobacterial scaffold, in which a unicellular algal production 
organism can be implanted. 
Initial bioprospecting of naturally isolated biofilms illustrated the complexities in 
natural biofilm ecology and morphology. Based on qualitative growth assessments in 
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chemically formulated media and wastewater effluents, a lead candidate biofilm with 
filamentous cyanobacteria was selected as a suitable scaffold to be paired with 
unicellular production organisms. To better understand the spatial and temporal 
dynamics applicable to algal biomass production in this biofilm configuration, 
advanced microscopy was used to evaluate the behavior of mixed populations of 
microalgae and cyanobacteria. Since co-culture populations involving natural 
microbial communities may not be easily or predictably balanced, the inclusion of C. 
reinhardtii expressing green fluorescent protein (GFP) in naturally isolated biofilms 
served to determine if a unicellular species of interest could inhabit this environment, 
thus enriching a biological scaffold of filamentous cyanobacteria with a desired 
species. These cells over-expressing GFP were also hypothesized to help visualize and 
track unicellular migration in the polyculture environment. To further dictate the 
microstructure and biomass composition of the complex algae biofilms relevant to 
biofuels, the natural cyanobacterial matrix was paired with the previously identified 
production strain C. sorokiniana UTEX 1230, capable of high rates of lipid 
biosynthesis. Ultimately, multi-layer biofilms with UTEX 1230 achieved a maximal 
thickness 100-150 !m with an estimated areal productivity of roughly 10 g m-2 d-1. 
8.1 Introduction 
The potential to explore symbiotic relationships between photosynthetic cells and 
hetero– or mixotrophic microbes within polymicrobial biofilm communities is a 
design goal in order to both stabilize growth and expand the metabolic profile algal 
cultures. As seen in nature, polymicrobial biofilms can form readily; however, 
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monoculture biofilms can be difficult to establish. Having devised methods to adhere 
monocultures of microalgae in the previous chapter, this platform provides a 
substrate and architectural opportunity for outgrowth of algal organisms in multiple 
layers, such as filamentous cyanobacteria. Although similar approaches to algal 
biomass production with natural biofilms have been pursued, and reviewed in 
Chapter 5, researchers focusing on cyanobacterial mats have also sought to isolate 
naturally adherent filamentous cyanobacteria that possess favorable properties for 
biofuel production (BRUNO et al. 2012). Cyanobacterial species from the Trichormus, 
Anabaena, and Phormidium genera may indeed offer additional biochemical 
advantages of lipid accumulation, but were not a focus of the present study. 
The long-term objective of these biofilm co-cultures is to couple well-controlled 
adhesion of a biofilm scaffold with the heterotrophic strategy pioneered in Chapter 4 
to enhance TAG composition in UTEX 1230. The organic substrates for 
heterotrophy may eventually be sourced from industrial or municipal effluent. 
Collectively, these aspects of layered expansion of algae by virtue of effluent salvation 
or “L.E.A.V.E.S.” aim to address the bioprocessing challenges associated with 
current algal biofuel production practices by increasing microalgal lipid content and 
reducing water requirements. From both sustainability and economic standpoints, 
the incorporation of wastewater in photoautotrophic cultivation is a promising 
alternative to nitrogen and phosphorus fertilizers. To address nutrient sourcing, 
primary wastewater and anaerobic digester effluent (ADE) were evaluated by 
comparative growth curves and shown to support similar growth trends as UTEX 
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1230 in chemically formulated BBM. Notably, wastewater and ADE-based media 
was not sterilized before cultivation in order to examine the robustness of UTEX 
1230 in an environment that may be encountered during industrial production. 
With the component parts described in this chapter, the study lays some of the 
fundamental groundwork necessary to further develop this bio-film-reactor concept, 
which will be further strengthened by demonstrating its applicability with different 
nutrient sources and potential for two-stage bioprocessing. With these improvements 
and the eventual scale-up of L.E.A.V.E.S., this growth system may reduce energy 
investments in algal biofuel production by enabling transitions between different 
media and, ultimately, facilitating biomass harvesting. The most significant findings 
of this study demonstrate that the complex nature of photosynthetic biofilms co-
cultured with unicellular algae can be revealed by fluorescent microscopy— rendering 
a unique glimpse into interactions between algae and cyanobacteria within these 
biofilm scaffolds. Lastly, this chapter will draw conclusions collectively from this 
dissertation in order to predict the potential benefits that increased lipid content, 
reduced water requirements, and alternative nutrient sources may have in improving 
the cultivation efficiency and ultimate cost of algal biofuel production. 
8.2 Materials and Methods 
8.2.1 Collection of biofilms from recirculating aquaculture & open waters 
Naturally occurring photosynthetic biolfims were isolated from aquaculture tanks 
located at Clean Green Chesapeake, LLC as well as the Cylburn Aquaponics Farm 
297 
 
(Johns Hopkins School of Public Health). Marine organisms were collected from field 
excursions in the open waters of the Chesapeake Bay at the Choptank Oyster Farm 
(Cambridge, MD). When brought back to the laboratory, these samples were 
adapted to grow on both chemically formulated media (BBM and f/2) as well as 
wastewater and ADE from the Back River Wastewater Treatment Plant 
(BRWWTP). The biofilm communities isolated from field excursions were 
maintained on agar plates and in liquid media in 12-well tissue culture dishes 
containing cellulose film substrates at the bottom of each well. 
8.2.2 Visual determination of biofilm thickness & multicellular structure 
In order to study the morphology and fluorescent profile of multicellular algae 
biofilms using single planar illumination microscopy, biofilm samples were cultured 
on cellulose membranes or 1% agar for a minimum of one week before visualization 
with the Zeiss Lightsheet Z.1 microscope. Co-culture samples consisted of unicellular 
green algae Chlamydomonas reinhardtii expressing green fluorescent protein (GFP) 
or Chlorella sorokiniana UTEX 1230 grown as previously described media (TAP and 
BBM) before being introduced to natural algae biofilms. Z-stacks of these 
polymicrobial communities were collected using the available GFP (!ex = 488; !em = 
507) and RFP (!ex = 587; !em = 610) filters. The Zeiss Lightsheet Z.1 was setup for 
automated image capture every 10 minutes for a 12-hr period in addition to short 
time courses, which were sufficient for visualizing the fast-moving flagellated C. 
reinhardtii cells. Natural biofilm samples co-cultured with Chlorella sorokiniana 
UTEX 1230 were visualized using the same methods with slight modifications to 
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sample preparation. For 1-2 mm2 samples of biofilm, heat shrink fluorinated ethylene 
propylene (FEP) tubes (Zeus, Inc.) were used to take cylindrical sections containing 
algae biofilm growing on the top surface, similar to a punch biopsy (KAUFMANN et 
al. 2012). Micrographs captured with the Zeiss Lightsheet Z.1 and rendered with the 
accompanying Zen software package. 
8.2.3 Monitoring nutrient depletion in liquid algal cultures 
Wastewater effluents were collected from the BRWWTP that houses two anaerobic 
digesters used to treat municipal solid waste in Baltimore, MD. Since secondary 
effluent from BRWWTP lacks a sufficient balance of nutrients to support microalgal 
growth, wastewater studies were carried out using a mixture of 10% ADE and 90% 
secondary effluent. This industrial media was filtered using a 1 mm2 mesh screen to 
remove solid particulates, but was not sterilized. Nitrogen levels were measured as 
ammonia (NH3/NH4+) and nitrate (NO3–) using the Freshwater Master Test Kit 
(API, New Jersey, USA). Phosphate (PO4) was measured using phosphate test strips 
(Precision Laboratories, Arizona, USA). 
8.3 Results 
8.3.1 Isolation and characterization of natural photosynthetic biofilms  
As a result of bioprospecting photosynthetic biofilms from various aquatic 
environments, over 70+ separate biofilm communities were isolated and maintained 
in chemically formulated media. Marine and brackish biofilms present at an oyster 
farm in a tributary to the Chesapeake Bay (Cambridge, MD) were maintained in f/2 
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media while all other freshwater organisms collected from tilapia tanks and 
hydroponics vegetable beds in Baltimore were grown in BBM. 
Using cellulose thin films treated with fibronectin, each biofilm sample was first 
adapted to the respective media in 12-well culture plates for one month before 
qualitatively examining their growth on alternative nutrient sources. Each biofilm 
was covered with 3 cm of liquid media— one-tenth of the water requirement for 
modeled pond production in Chapter 2. Media exchange was performed periodically, 
although nutrient levels were not quantified at this scale. After one month of 
cultivation in this environment, the media in duplicate biofilm samples was 
transitioned to a mixture of primary wastewater and anaerobic digester effluent from 
the Back River Wastewater Treatment Plant (Baltimore, MD) to examine its 
potential to sustain these biofilms. Although all photosynthetic communities were 
found to adhere to cellulose and survive in chemically formulated media, long-term 
cultivation of these samples (6 months) was not as robust as the same microbial 
communities’ proliferation in a mixture of 90% primary wastewater and 10% ADE 
(Figure 43). This result may indicate that there are additional unaccounted growth 
factors in municipal wastewaters. For example, the beneficial effects of bacteria 
found in the microalgal “microbiome” can provide vitamin B12 for green algae that 
require this micronutrient (GRANT et al. 2014). While fungal contamination was also 
observed in some of the isolated biofilms, there were not major differences in the 
prevalence of fungus, mold, and bacterial contaminants between chemically defined 
media and the unsterile wastewater. 
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For selection of a cyanobacterial biofilm with suitable morphologies as a 
cyanobacterial matrix (e.g., Chapter 5, Figure 25), general assessments were 
performed using both light and fluorescent microscopy. While many biofilms were 
encumbered by gelatinous exopolymer (Supplementary Figure S4: Appendix B), 
some freshwater biofilm isolates from the freshwater tilapia tanks showed impressive 
growth on solid substrates with minimal exopolymer material. These cyanobacterial 
mats were thought to be favorable scaffolds for unicellular algae due to their empty 
interstitial spaces and capability to form striated bands of filamentous cells that 
protrude from adhesion points. In addition to these unique surface morphologies, the 
lead candidate biofilms, demonstrated noticeable outgrowth starting from only a 
bound monolayer. Ultimately, one biofilm with the most rapid and dense growth 






Figure 43. Collection, maintenance, and qualitative selection of natural biofilms on cellulose substrates. (A) An 
excursion to the Chesapeake Bay recovered biofilms from saline environments. Additionally, cultivation of freshwater isolates 
was compared between (B) BBM and (C) wastewater. After six months in culture, more dense growth was observed in the 





8.3.2 Preliminary evaluation with conventional fluorescent microscopy 
The mixed populations of filamentous cyanobacteria, green algae, diatoms, 
flagellates, and bacteria found in these natural biofilms are inherently interesting to 
visualize by microscopy and photosynthetic cells are readily apparent by chlorophyll 
autofluorescence. For example, epifluorescence of a natural biofilm isolated from 
freshwater habitats is shown in Figure 44, using an inverted microscope to visualize 
the biofilm within a 12-well plate. Due to the three-dimensional shape and contours 
of the biofilm, self-shading becomes an issue when the focal plane is adjusted to 
visualize the multiple layers. Furthermore, due to the wide range of cell sizes and 
various intensities of chlorophyll autofluorescence, not all cell types can be 
adequately represented in the captured images. Due to the extremely bright 
autofluorescence of some of the larger filamentous cyanobacteria in these samples, 
the fluorescence of smaller unicellular organisms often becomes obscured. For the 
monolayer samples previously described in Chapter 7, conventional fluorescent and 
light microscopy using CyteSeeker to quantify cell abundance worked well. However, 
as the complexity of biofilm samples increases with polymicrobial multilayers, the 
spatial features of attachment and biofilm colonization cannot easily be observed in 
two-dimensional form. Additionally, these samples are susceptible to photobleaching 
during long exposures to laser illumination. As such, advanced microscopy equipment 
and sample preparation techniques may provide particular advantages when imaging 




   
  
Figure 44. Conventional fluorescent microscopy of biofilm samples. Two 
separate sections of the same biofilm sample are observed under brightfield 
microscopy (left panels) compared to chlorophyll autofluorescence (left panels) at 
20! magnification. Due to the morphology of the biofilm sample, a single focal plane 
cannot be easily chosen, which can degrade the integrity of the micrographs. Scale 




Based on the unique traits and moderate sizes (> 1 mm2) of these multicellular 
samples of photosynthetic tissue, Lightsheet microscopy proved to be an ideal 
technique to visualize the microstructure of algae biofilms. Using this technique of 
“single planar illumination” a thin cross-section of the sample is illuminated by laser 
light at the desrired excitation wavelength while a lens orthogonal to the excitation 
beam is used to capture fluorescent emissions. By exposing only a thin slice of the 
sample to laser light rather than the entire sample, Lightsheet microscopy can avoid 
photobleaching. Furthermore, the sample arm of the Zeiss Lightsheet Z.1 allows for 
rapid and facile control over the sample’s position in the chamber and does not 
require fixatives or slide mounting to resolve the fine detail inherent to these 
intricate biofilm structures. As a result, sample preparation, loading, and image 
acquisition time are greatly reduced with the Lightsheet compared to confocal 
microscopy. 
8.3.3 Spatial & temporal dynamics of biofilm co-cultures with microalgae 
In order to overcome monolayer limitations observed in Chapter 7, a hybrid 
approach to growing biofilms was examined using the cellulose substrate and 
naturally occurring biofilm communities isolated from freshwater aquaculture tanks 
as a scaffold to generate biofilm thickness. Rather than relying on natural 
mechanisms of primary adhesion as common in prior literature (BERNSTEIN et al. 
2014; SCHNURR et al. 2013), the surface of the cellulose film was treated, as before, 
with BUDA/CDI and FN to promote assisted cellular adhesion. After seeding the 
biofilm polyculture, consisting of predominantly filamentous cyanobacteria, and 
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allowing one week of outgrowth (Figure 45A, inset), Chlamydomonas reinhardtii cells 
expressing green fluorescent protein (GFP) were introduced to the liquid culture at 
t0 to determine if they would colonize the biofilm scaffold. Using single planar 
illumination microscopy (i.e., Lightsheet microscopy), these biofilm samples were 
quickly and easily visualized both in real-time and using automated image 
acquisition overnight. 
The inherent landscape and microenvironment of the biofilm was found to be 
surprisingly barren, with substantial voids in microbial continuity, which appear as 
black areas in the micrographs (Figure 45A). Over the course of 12-hours, images 
captured once every 10 minutes show a merge of fluorescent signals from both GFP 
(green/yellow) and chlorophyll autofluorescence (red) (Figure 45B). Contrary to the 
results achieved with hydrogel attachment, Chlamydomonas cells failed to colonize 
the interstitial spaces of the natural filamentous scaffold and, therefore, performed 
poorly as a biomarker. 
However, by capturing the behavior of these cells in real-time with a 20 second 
video, continuous laser excitation induced rapid phototaxis toward the plane of focus 
(Figure 45C). Although some C. reinhardtii cells remained attached to the 
filamentous cyanobacteria throughout the period of constant illumination, a flock of 
other cells quickly converged at the biofilm surface. While this surprising result 
confounded the intention to view the stationary position of these C. reinhardtii cells, 
it demonstrates that the undisturbed state of the biofilm is not nearly close to 
reaching is maximal packing density. Thus, the natural algal/cyanobacterial biofilms 
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exhibit some inefficiencies in volumetric utilization of possible photosynthetic space. 
Furthermore, it shows that this particular biofilm community does not rely on a 
thick exopolymer matrix or other secreted biopolymers, thus leaving significant 
potential for unicellular algae to inhabit the open portions of biofilm and possibly 
reach the higher packing densities achieved with previously examined formulations of 






Figure 45. (next page) Time-course evaluation of cell migration in natural 
biofilms. Using fluorescent microscopy, (A) a representative region of the biofilm 
surface with relatively sparse network of filamentous cyanobacteria and GFP-
expressing C. reinhardtii cells. In order to visualize the behavior on single cells 
within the natural biofilm over longer periods of time,  (B) the panel of overnight 
(12-hr) image captures demonstrate that C. reinhardtii does naturally colonize the 
cyanobacterial mat. Conversely, snapshots from a real-time video of (C) show that 
C. reinhardtii cells respond quickly to illumination by swimming into the frame of 
view and occupying open spaces in the biofilm. Scale bars in these micrographs 





Figure 45. Time-course evaluation of algal cell migration in natural biofilms. (A) Surface topography of a 
filamentous biofilm co-cultured with C. reinhardtii (yellow). Panels (B & C) show 12-hr and 20-sec behavior, respectively.
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8.3.4 Visualizing the proliferation of unicellular UTEX 1230 in biofilms 
In order to observe the behavior and morphology of single C. sorokiniana cells 
implanted within a natural biofilm, co-cultures were prepared by growing biofilms on 
cellulose substrates for up to one week before introducing UTEX 1230 to liquid 
media. A “punch biopsy” approach was an effective method to maintain a liquid 
interface at the top of the biofilm while constraining a circular section of the 
immobilized culture within a transparent plastic tube. Furthermore, the long aspect 
ratio of the tube permitted stacking of multiple biofilm samples, which greatly 
reduced the time required to screen these different specimens (Supplementary Figure 
S5: Appendix B). 
The resulting micrographs allowed for further characterization of the biofilm 
microenvironment and its potential as a scaffold in which to seed the known oil 
producer C. sorokiniana UTEX 1230. It was difficult to visualize all species at the 
same time due to differential photosynthetic pigmentation. Therefore, images of 
cyanobacterial mats and unicellular algae were captured using different exposures. As 
seen in Figure 46, a much richer image can be captured with the Lightsheet by using 
a rapid z-stack or a maximum intensity projection compared to previous fluorescent 
micrographs. While these renderings can also be accomplished with confocal 
fluorescence microscopy, the Lightsheet allows the specimen to be rotated to render 
exquisitely detailed 3D images of biofilm development. Furthermore, this technique is 
ideal for biofilm samples, since the specimen should be larger than single cells in 





Figure 46. Three-dimensional microscopy of a photosynthetic biofilm co-
culture. (A) Cross-section of the biofilm acquired using a rapid z-stack and (B) a 
maximum intensity projection of the underside of this biofilm both show 
autofluorescence from the cultured biofilm of C. sorokiniana UTEX 1230 and natural 





As seen in Figure 46, the underside of this cyanobacterial mat is a densely populated 
monolayer (Figure 46B) that give rise to the 100-150 !m thick biofilms. Figure 46A 
shows the side-view of this scaffold focusing on the single Chlorella cells, which 
appear dispersed throughout the volume of the biofilm. Moreover, there is a notable 
prevalence of these unicellular algae proliferating at the top illuminated surface. The 
biofilms appeared to reach a maximal thickness of roughly 150 !m within two days 
of cultivation and did not exceed this vertical length with prolonged culture times. 
Therefore, this critical length of multi-layer biofilm formation may have been 
dictated by the maximum length of cyanobacterial filaments in this particular 
polymicrobial community. When cultivated under these laboratory conditions, the 
average dry weight of various samples was roughly 1 mg cm-2 d-1, which corresponds 
to an estimated areal productivity of 10 g m-2 d-1. 
8.3.5 Examining alternative nutrient sources for microalgal cultivation 
To demonstrate that nitrogen and phosphorus in chemically formulated BBM can be 
replaced with low-cost alternatives, the growth of C. sorokiniana UTEX 1230 was 
examined using locally sourced municipal wastewater and nutrient-rich effluent from 
the Back River Wastewater Treatment Plant (BRWWTP). Since these biofilms were 
already known to grown well in this wastewater media, experiments aimed to 
quantify growth and nitrogen removal efficiency in liquid cultures of UTEX 1230 for 
ease of measurement. Since it is not economically feasible to sterilize large volumes of 
autotrophic media for biofuel production, wastewater samples used to support algal 
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growth in the current study were not sterilized of biological contaminants.9 The 
progression of these non-sterile cultures was monitored from two important 
perspectives. First, growth curves were measured with respect to a nitrogen budget 
to assess the types of bioavailable nitrogen and their depletion rates. Secondly, 
frequent culture diagnostics by microscopy were able to decipher the presence of 
contaminant algal species. The growth curves and nutrient status of wastewater 
cultures is shown in Figure 47, which exhibit comparable rates of growth achieved in 
BBM, exceeding 100 ! 106 cells ml-1 after two weeks. While BBM contains N in the 
form of nitrate (NO3–) alone, both ammonia (NH3/NH4+) and nitrate (NO3–) are 
present in ADE and wastewater. In both liquid media, N depletion curves reflect 
biomass generation while phosphate remained in excess of its biological demand. 
Despite the occurrence of other algal species from BRWWTP effluent (Figure 48), 
UTEX 1230 exerted dominance in these liquid cultures. While bacterial 
contamination can compromise the integrity of algal cultures for nutritional or 
bioenergy applications, bacterial populations can be kept at manageable levels with 
the inclusion of low concentrations of common antibiotics and will not compete with 
photoautotrophic algae without sufficient organic matter. Anaerobic digestion at 
elevated temperatures may also help to reduce the bioload of aerobic microbes, but 
non-negligible amounts of predatory amoeba and rotifers may persist. Recent 
                                                       
9 Sludge from the Back River Wastewater Treatment Plant is categorized as Class B, EPA Solid Waste 
under the Clean Water Act, Laws and Regulations: 40 CFR Part 503 (personal communication, Mike 
Gallagher, BRWWTP Manager). 
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developments in biological control of microbial predators and biocontaminants will 
likely be able to combat this burden in the future (MCBRIDE et al. 2014). In terms of 
the NH3/NH4+ and NO3– composition in ADE/wastewater, the interdependency 
between nitrogen metabolism and extracellular ion balance may help to stabilize pH 






Figure 47. Comparison of UTEX 1230 growth with alternatively sourced 
autotrophic nutrients. Cell concentration () and nitrogen depletion curves in 
different autotrophic media demonstrate that Chlorella sorokiniana UTEX 1230 not 
only exhibits comparable growth on different chemical sources of nitrogen, but also 
performs well in low quality water. Separate 3-L batch cultures inoculated with (A) 
fully defined BBM as an axenic experimental control containing ample nitrate (NO3–, 
) and negligible amounts of ammonia (NH3/NH4+, ) were compared to (B) a non-
sterile mixture of ADE and secondary wastewater effluent containing both NO3– and 
high levels of NH4+. Phosphate levels in both BBM (100 mg L-1) and the wastewater 
(25 mg L-1) remained relatively unchanged throughout the course of cultivation. The 
standard deviation for each measured cell density is less than 5 ! 106 cells ml-1 based 









Figure 48. Representative micrographs featuring naturally occurring microalgae in primary effluent from Back 
River Wastewater Treatment Plant. Various pennate diatoms (A and B), presumably Navicula species, and coenobia of 
Scenedesmus cells (C) were identified by morphology. The spherical green cells surrounding the natural isolates are unicellular 




8.4 Discussion and Conclusions 
Using a hybrid system combining protein-mediated substratum attachment with the 
natural extension of a cyanobacterial mat, biofilms co-cultured with unicellular algae 
were able to reach thicknesses well beyond 10 !m monolayers. The initial 
experiments in this chapter allowed the topography of these biofilms to be explored 
using C. reinhardtii and a fluorescent biomarker. Interestingly, GFP-expressing 
Chlamydomonas cells were surprisingly motile and fleeting when not directly 
attached to any substrate (Figure 45B). While previously able to colonize hydrogels 
with protein linkers, C. reinhardtii was not only unable to colonize the interstitial 
spaces of a cyanobacterial biofilm over the course of 12-hours, but the cells actually 
migrated away from the previously inhabited locations of the biofilm. Conversely, the 
laser excitation of fluorescent microscopy caused incredibly rapid phototaxis. This 
unexpected result of our measurement technique coincidentally provided an artificial 
stimulus to motivate these motile cells to invade the biofilm and enabled 
visualization of the maximal cell packing density. This result also suggests that 
similarly high densities of unicellular algae may be present at the surface of these 
biofilms when grown under continual illumination. Since, C. reinhardtii was grown in 
mixotrophic TAP media, the localization of these cells at the biofilm surface may not 
have been as strongly dependent on exposure to light. 
By coupling the lead candidate production strain Chlorella sorokiniana UTEX 1230 
with these same biofilm scaffolds, the technical objective to create a membrane 
growth system to reduce energy and water inputs with the potential for lipid 
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enhancement was achieved. Unlike C. reinhardtii, UTEX 1230 was grown in 
photoautotrophic BBM and did, in fact, exhibit preferential growth at the top 
surface of the biofilm, as shown in Figure 46A. Most importantly, this micrograph 
demonstrates that the maximal achievable biofilm thickness of 150 !m can be grown 
in two days, which may correspond to an areal productivity of 75 g m-2 d-1 (wet 
biomass) based on volume alone. This matches similar estimates of 75-100 !m thick 
biofilms correlating to 75-100 g m-2 d-1 (OYLER et al. 2012); however, actual dry 
weight measurements of the biofilms in this study correspond to approximately 10 g 
m-2 d-1 due roughly 15% solids in the hydrated biofilm. Prior estimates may have 
also assumed a much higher density cell packing. Recently, Chlorella sorokiniana 
biolfilms grown in a well-optimized “Algadisk” reactor have achieved roughly 300 !m 
thickness and as much as 20 g m-2 d-1 when supplemented with CO2 (BLANKEN et al. 
2014). Similarly thich biofilms have been grown with B. braunii, but reaching much 
lover areal productivities (~1 g m-2 d-1 (OZKAN et al. 2012). However, both of these 
transpiration-based systems suffer from high rates of water loss (1-7 L m-2 d-1), which 
were not observed in our closed biofilm cultivation system. Furthermore, as 
demonstrated by Bernstein et al., a thin biofilm may reduce the negative effects of 
O2 build-up within the biofilm substratum (2014). Higher areal productivities 
conferred by thicker biofilms may not only have detrimental effects on mass and gas 
transfer, but could require an additional burden of frequent harvesting (BERNSTEIN 
et al. 2014; MURPHY & BERBERO"LU 2014b). While cellulose substrates and other 
biopolymers were thought to be useful and harvested together at the end of the bio-
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film-reactor’s lifespan, nutrient deprivation may also be used as a tactic to harvest 
biomass (SCHNURR et al. 2013). 
8.5 Overall Impact and Future Directions 
In order to connect increased algal oil yields afforded by organic nutrients and water 
reductions during growth on biofilms to improved economic projections of algal 
biofuel, we will revisit the tornado plot (Figure 9) of Chapter 2, which defined the 
baseline cost sensitivities. First, the TEA framework used in this thesis predicts that 
the slightly lower areal productivity of 10 g m-2 d-1 would result in an additional 
$7.59 gal-1 to the baseline cost of production (COP), making the starting point for 
biofuel production using this particular biofilm growth system $23.11 gal-1. Although 
the biofilms examined in the present study did not achieve significantly higher areal 
productivities than the raceway ponds modeled in Chapter 2, the cost reductions 
associated with minimal water usage may hold greater gains to mitigate some 
burdens associated with raceway pond production. 
8.5.1 Potential benefits of water reduction enabled by biofilm growth 
Slightly lower areal productivities on biofilm reactors may indeed be balanced by the 
considerable reductions in water usage, which would otherwise dominate the capital 
and operating costs of paddlewheel-driven raceway ponds. Areas of an algal 
biorefinery cost structure that could be reduced by L.E.A.V.E.S. include essentially 
all aspects of associated raceway ponds and water handling— eliminating the need 
for a pond liner, flocculant for harvesting, and extensive paddlewheel mixing. The 3 
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cm of water used to culture biofilms in this study represents a 90% reduction in 
resident liquid volume compared to raceway ponds, which may fundamentally re-
define the sustainability profile of algal biofuels, especially for arid regions were 
water scarcity is a serious issue. 
For hypothetical deployment of biofilm growth systems to replace pond production 
in the TEA model, diminished energy inputs for paddlewheel operation can reduce 
COP by $1.59 gal-1; eliminating flocculant material costs further decreases COP by 
$1.74 gal-1; and removing of the pond liner from capital costs would result in a $1.63 
gal-1 reduction. However, assuming that the double-lined transparent polyethylene 
covering and associated support structure could serve as a close approximation of a 
system used for biofilm growth, this capital still contributes $2.05 gal-1 to the COP. 
This existing greenhouse-like pond cover has a lower membrane for biofilm 
attachment and an upper transparent membrane for containment with 3+ cm 
available in between for a liquid interface and gas exchange. Presumably, the self-
contained system would effectively minimized evaporative losses and biofilm growth 
conditions would remain well controlled. Based on the TEA model for New Mexico, 
algal biofilm growth at 10 g m-2 d-1 with aforementioned reductions in water use and 
pond materials would still only result in a COP of $18.15 gal-1. Therefore, additional 
improvements in lipid content and nutrient sourcing must still be coupled with 
L.E.A.V.E.S. in order to achieve a COP that is more competitive with conventional 
raceway pond production. 
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8.5.2 Strategic enhancement of lipid content & quality with heterotrophy 
Since increasing lipid content in algal biomass is paramount to the commercial 
feasibility of algal biofuels, the cultivation of UTEX 1230 cells within natural 
biofilms also enables potentially high total lipid contents with favorable TAG 
compositions to be achieved in heterotrophic co-culture. In Chapters 3 and 4, 
augmented total lipid contents exceeding 35% were shown to be possible with UTEX 
1230 under heterotrophic conditions, and could result in COP reduction of at least 
$4.33 gal-1. While Chapters 3 and 4 addressed this biological aspect of algal biofuel 
production by investigating the influence of glucose on the growth kinetics and lipid 
biosynthetic patterns in UTEX 1230, refined sugar would certainly not serve as a 
viable feedstock for biofuel production. Other exogenous carbon sources that could be 
sustainability and inexpensively derived from food processing waste or wastewater 
effluents have demonstrated similar trends in Chlorella lipid induction (YAN et al. 
2011). Furthermore, if heterotrophic lipid triggers are paired with leaf-like 
bioreactors in a two-stage process by transitioning from sunlight to organic carbon-
rich effluents, the biochemical composition of the algal biomass can be strategically 
enriched with desired TAG (i.e., lipids as extractable oil). Despite the potential for a 
6.5-fold increase in TAG during staged bioprocessing, which may facilitate 
extraction, the nuanced relationship between fatty acid composition and extraction 
efficiency were not considered in this TEA model. Interestingly, there may be 
synergies between biofilm formation and heterotrophic growth. The preliminary 
transcriptomic analysis performed in Chapter 4 found the expression of fascilin genes 
with cellular adhesion properties to be co-regulated with heterotrophy, may help to 
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promote biofilm formation. Assuming that organic carbon can be sourced from waste 
streams, these changes in structure and composition of conventional algal culture 
using two-stage growth with L.E.A.V.E.S. would result in a COP of $13.83 gal-1, 
which is competitive with the predicted COP for raceway pond production based on 
a 10-year capital return on investment ($15.52 gal-1). 
8.5.3 Co-localization with wastewater effluent & organic residues 
As investigated in the present study (Figure 47), the integration of locally abundant 
primary wastewater and AD effluent in the cultivation of UTEX 1230 is a suitable 
replacement for chemically formulated N and P fertilizers. By reducing the nutrient 
inputs to algal biofuel production, COP can be further reduced by $2.00 gal-1. 
Furthermore, UTEX 1230 can be grown minimal CO2 supplementation, thereby 
reducing operating costs resulting in a decrease in roughly $1.00 gal-1. In terms of 
nutrient recycle, the benefits of co-localization of microalgal production with a 
wastewater treatment plant are very attractive— not only for an essentially free 
source of N and P, but also close proximity to existing WWT equipment. Ideally, a 
side stream from primary effluent and ADE could be re-routed to an algal biorefinery 
and would eliminate the need for dedicated wastewater treatment processes within 
the algal farm ($250M capital investment). As seen in Chapter 2, the availability of 
sufficient flat land surrounding an industrial or municipal facility can, however, be a 
limiting factor. For a two-stage process based on waste nutrients, the collective $3.00 
gal-1 COP reduction afforded by low CO2, N, and P sourced from a waste feedstocks 
may offset any additional costs associated with a heterotrophic lipid induction stage. 
321 
 
Collectively, these assumptions could reduce the modeled cost of algal biocrude 
production to $10.83 gal-1 for a 10-year capital return on investment. While each 
aspect of this improved bioprocess has been determined in separate studies, further 
investigations coupling the proposed advancements should be pursued. For example, 
while the pairing of C. sorokiniana UTEX 1230 in biofilms with wastewater has been 
demonstrated, heterotrophic studies have not yet been pursued on biofilm substrates. 
Furthermore, nutrient removal in wastewater was empirically determined in liquid 
cultures as opposed to biofilms. Nonetheless, the initial findings presented in this 
chapter encourage growth scenarios in which the layered expansion of algae by virtue 
of effluent salvation can be implemented. 
Ultimately, two-stage cultivation of UTEX 1230 with L.E.A.V.E.S. combines the 
beneficial bioprocessing elements of (1) minimal water requirements for biofilms with 
the potential for (2) waste nutrient integration and (3) a final stage of lipid induction 
with UTEX 1230. Together, the impact of organic nutrients on lipid accumulation 
and potential role of engineered biofilms as a novel growth platform will be 
strengthened by further demonstrating their applicability at large scales. In 
particular, increasing the areal productivity of biofilm growth systems should be a 
focus of future research efforts. While algal biomass is poised to become a widely 
recognized feedstock, there remains a pressing need to quantify and forecast 
economic and sustainability improvements. In order to fully understand how algal 
biofuels may meaningfully contribute to our renewable energy portfolio, the 
biological productivity of novel cultivation strategies must be compared to the 
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technological baselines for current best practices. By connecting potential gains from 
unconventional microalgal cultivation with technoeconomic elucidation of bottlenecks 
in the algae production process, innovative biochemical and bioprocessing approaches 
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Chapter 2: Process Flow Diagrams 
 
 
Overall process flow diagram of entire algal biofuel production pathway with associated 
mass flow rates in SI base units (e.g., MLD = million liters per day). Top row shows 
upstream algae growth before primary and secondary dewatering lead to downstream 
processing of algal oil (bottom row). More detailed operating conditions for the separate 










Chapter 2: Capital and Operating Costs for Raceway Pond 
 
Table S1. Capital cost for the construction of a quarter-acre covered raceway pond 
 
Materials for ! Acre Raceway Pond Cost 
Low Grade Land $750  
Excavation  $500  
Pond Lining $5,000  
Double Layer Polyethylene Glazing $1,500  
Paddle Wheel Motor $2,600  
Greenhouse Structure $5,000  
CO2 Supply System $5,000  
Total $20,350  
 
Table S2. Annual operating costs for a quarter-acre covered raceway pond 
 
Productivity 
(g m-2 d-1) 20 30 40 60 
Electricity $370  $660  $1,130  $2,310  
Labor $750  $750  $750  $750  
Nutrients $880  $1,330  $1,770  $2,650  
Flocculant $260  $390  $520  $770  
Heating $14,850  $14,850  $14,850  $14,850  




Chapter 3: Nile Red Fluorescent Curves 
 
Figure S1. Nile Red fluorescent emission curves of C. sorokiniana UTEX 
1230. The shifts in emission peaks from UTEX 1230 cultivated under (A) 
autotrophic and (B) heterotrophic conditions implicate more significant lipid 
accumulation during heterotrophy. 
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Figure S2. Change in media pH during auto– and heterotrophic growth of 
C. sorokiniana. The pH of auto– () and heterotrophic () UTEX 1230 cultures 
was monitored during exponential growth and remained stable throughout stationary 
phase. The resulting pH curves demonstrate the interdependence of cell metabolism 
and the surrounding environment. The standard deviation for each data point is less 
than 0.5 pH unit (error bars not visible). 
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Chapter 4: Sequence Listing 
Protein sequences and transcriptomic data sets from C. vulgaris UTEX 395 are courtesy 























































































































































































































Chapter 6: Additional Materials and Methods 
Design and cloning of VHH transgenes for chloroplast expression10 
Genes encoding VHH monomers (C2, B5, H7) and the H7-B5 heterodimer generated 
by Mukherjee et al. (2012) were adapted to the chloroplast codon usage of C. 
reinhardtii (KDRI species number 3055) according to the table in Kazusa DNA 
Research Institute’s Database (http://www.kazusa.or.jp/codon). Further gene 
optimization and restriction site mapping were performed in silico using the Gene 
Designer bioinformatics software suite prior to synthesis (DNA2.0, Menola Park, 
CA). Additional protein domains fused to the VHHs included the mVenus yellow 
fluorescent protein for subcellular visualization and immunochemistry as well as N-
terminal streptavidin binding protein (SBP) and C-terminal 6!His tags to enable 
purification from either terminus. Alternate versions of these gene constructs were 
designed without the multiple fusion partners and only a single N-terminal Flag tag. 
Each cassette was flanked by NdeI and XbaI restriction sites upstream and 
downstream, respectively, for ligation in-frame with the chloroplast transformation 
vector driven by the psbA promoter (MANUELL et al. 2007). Schematic diagrams of 
the C. reinhardtii chloroplast VHH expression cassettes related to the present study 
can be found below. All bacterial proteins were expressed from pET32b plasmid 
described by Mukherjee et al. (2012) with an N-terminal thioredoxin (Trx), internal 
6!His, and C-terminal E-tag. 
 
C. reinhardtii chloroplast expression cassette: NdeI- 1!Flag - VHH -XbaI  
E. coli expression cassette: XbaI- Trx - 6!His - VHH - E-tag -XhoI   (pET32b)  
                                                       
10 Procedures from Barrera DJ, Rosenberg JN, Chiu JG, Chang Y-N, Debatis M, Ngoi S-M, Chang JT, 
Shoemaker CB, Oyler GA, Mayfield SP (2014) Algal chloroplast produced camelid VHH anti-toxins are 
capable of neutralizing botulinum neurotoxin. Plant Biotech J. In Press 
342 
 
Quantification of VHH binding affinity to BoNT and algae by ELISA10 
Binding assays comparing the affinity of E. coli and C. reinhardtii expressed VHH 
proteins were performed in 96-well plates pre-coated with BoNT and blocked of non-
specific binding sites (Metabiologics, Inc., Madison, WI). E. coli expressed VHH B11 
that binds to the cell wall of C. reinhardtii and served as a negative control since it 
does not bind to BoNT. The ELISA procedure used VHH dilution series ranging from 
1-10 pM in phosphate buffered saline (PBS) containing 0.1% tween-20 and 4% non-
fat dry milk. Each dilution was administered in 100 !l volumes to duplicate wells 
and incubated at room temperature for 1 hr in rotary shaker at 40 RPM. All wells 
were washed three times with 200 !l of phosphate buffered solution with 0.1% tween 
(PBST) followed by three washes with PBS. Binding was determined by probing 
with a rabbit anti-E-tag antibody (Bethyl Labs, 1:5,000 in PBST) for the bacterially 
produced VHHs and a mouse anti-Flag-tag antibody (Sigma, 1:5,000 in PBST) for 
the VHHs derived from algae. For colorimetric detection, both antibodies are 
conjugated with horseradish peroxidase. After incubation with the respective 
antibodies for 1 hr at room temperature, each well was washed 3" with 200 !l of 
PBST and 3" with 200 !l of PBS. The ELISA was developed with 100 !l of 3,3!,5,5!-
tetramethylbenzidine (TMB) liquid substrate per well (Sigma) and incubated at 
room temperature for 2-5 minutes until suitable colorimetric change occurred. The 
reaction was ceased by adding 100 !l of 1 N HCl and absorbance readings were 
measured at 450 nm using automated plate reader (Molecular Devices, 
MicroStation). The same protocol was used to determine the binding affinity of C. 
reinhardtii-specific VHHs by coating wells of the ELISA plate (ImmulonTM) with 
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F5 T G G G L V Q A G E S L R L S C V A S G F T F S R H P M A W Y R Q A P G K A R E L V A S 
B12 S G G G L V Q A G G S L R L S C A A S G F D F S R R P M G W Y R Q A P G K Q R E L V A T 
B11 T G G G L V Q A G G S L R L S C V V S G R N N S G I G M G W F R Q A P G K E R E F V A A 
 
      50         60         70         80        
B1 M I S - G D Y I N I V D S V K G R F T I S R D N A K N T V Y L Q M N S L K P E D T A V Y 
F1 I G T L - G N T H Y A D S V K G R F T I S R D N A K N T L Y L Q M N S L K P E D T A L Y 
C3 I G S A - G G T N Y A E S V K G R F T I S R E N A K N T V Y L Q M N S L K P E D T A K Y 
H10 L G S R - G G T N Y A D S V K G R F T I S R D N A A N T I F L Q M N S L K P E D T A V Y 
F5 I A S S S G V T D Y H A S V R G R F T I S R D N A K N T V Y L Q I N I L K P E D T A A Y 
B12 I A S A S A T T H Y T D S V K G R F T V S R D N A K N T L Y L Q M N S L K S E D T A V Y 
B11 I G W G G S S T I Y A D S V K G R F T V S R D N A K N T V Y L Q M V S L K P D D T A V Y 
 
  90         100         110        120 
B1 F C K Y N - - - - - F E G L A - - - - - Y W G Q G T Q V T V S S 
F1 Y C A R D L D G S S W Y L K P P A V L D S R G Q G T Q V T V S S 
C3 Y C N - - - - - - - - - K F P D V R G R N W G Q G T Q V T V S S 
H10 Y C N - - - - - - - - - H Y P P E K R D Y W G Q G T Q V T V S S 
F5 Y C N - - - - - - - - - A L P N L P R N Y W G Q G T Q V T V S S 
B12 Y C N - - - - - - - - - S L P - V W K N Y W G Q G T Q V T V S S 
B11 V C A A R R R A L T P I S L A A G F - E Y W G Q G T Q V I V S A 
Table S3. Protein alignments of lead candidate VHHs generated against C. reinhardtii cell surface antigens. Protein sequencing 
and alignment courtesy of the Shoemaker Lab, Tufts Cummings School of Veterinary Medicine. 
344 
 




   
Figure S3. C. reinhardtii cells immobilized on hydrogel surface. These 
enlarged views of the micrographs shown in Figure 40 demonstrate cellular 
associations more clearly. While the left micrograph shows clusters of cells bound via 




Chapter 8: Photographs of Biofilm Preparation 
 
 
Figure S4. Gas entrapment in exopolymer material produced by biofilms. 
These two examples of naturally isolated biofilms illustrate differential degrees of 
gelatinous material forming over the samples. In both cases, gas is not allowed to 
freely diffuse from the biofilm, resulting in the formation of large bubbles. 
 
Figure S5. Sample preparation of biofilms for Lightsheet microscopy. This 
photograph shows the preparation of 6 different sections of biofilm for imaging using 
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